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The replisome is a complex, multi-protein machinery that copies genomic DNA before cell 
division and allows the faithful transmission of genetic information to the next generation. Error-free 
duplication is achieved through a fine-tuned coordination among the various components of the 
replisome. Biochemical and biophysical techniques have contributed tremendously to exposing the role 
of each component and interactions within the replisome. The recent introduction of single-molecule 
approaches has revolutionized our understanding of complex protein systems by allowing access to 
molecular dynamics without the need for population averaging. Advances in improving the throughput of 
single-molecule techniques allow researchers to reliably sample subpopulations and follow rare events to 
elucidate behaviour of multi-protein systems that is much more heterogeneous and stochastic than 
thought before. This thesis reveals the molecular dynamics at the replication fork in Escherichia coli, 
exploiting the kinetic resolution of single-molecule imaging techniques combined with the diversity of 
biochemical ensemble-averaging approaches. 
 
As introduction, I will review single-molecule manipulation and imaging tools and their 
contribution to our current understanding of biomolecules. In particular, I will describe how these 
approaches have led to new insights into the dynamic behaviour of complex systems like cytoskeletal 
motors and replisomes. I will also recapitulate the latest advances in single-molecule methods geared 
towards studying DNA-interacting proteins systems, with a focus on improvements in data throughput 
and the challenge of developing automated and reliable data-analysis tools. 
 
Next, I will describe a novel approach to visualize individual DNA molecules that are arranged in 
parallel arrays. Instead of coupling them to a surface, DNA molecules are anchored to a gold nanowire 
bisecting a microfluidic flow channel. This approach avoids problems related to nonspecific interactions 
with the walls of the flow chamber. The fabrication and manipulation of nanowires is facilitated by a 
nanoskiving approach, a method that is much more accessible than traditional lithographic techniques.  
 
I will also describe advances in the design of DNA templates that support rolling-circle 
amplification and allow the visualization of replication reactions over long timescales. The conventional 
approach to producing these templates results in low-efficiency reactions that do not support the high 
data throughputs required to collect the statistics needed for robust mechanistic interpretations. I will 
illustrate a method to produce a rolling-circle template with a customizable fork topology that supports 
high reaction yields. 
 
The main part of this thesis focuses on the dynamics of the interaction between the replicative 
DnaB helicase and the DNA polymerase Pol III holoenzyme at the E. coli replication fork. We combine 
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biochemical ensemble-averaging and single-molecule fluorescence methods to study the interaction 
between the Pol III holoenzyme and the DnaB. I describe the discovery of a molecular switch mechanism 
in which the binding of primase to DnaB results in a conformational transition in DnaB which in turn 
changes the affinity between the helicase and polymerase by more than two orders of magnitude. Our 
findings provide a mechanistic explanation for the recently reported turnover of the Pol III holoenzyme in 
E. coli replication. We arrive at a model of the replisome as a much more malleable structure than 
described by textbooks, with implications for the regulation of fork stability and replisome composition. 
 
In this thesis, I provide data that argue that E. coli has evolved regulatory mechanisms that confer 
to the replisome flexibility and the ability to adapt. The robustness and the reliability of the replisome are 
a consequence of this plasticity, with the large number of weak interactions within the replisome 
supporting great stability, but also allowing exchange of protein components. The generalizability of our 
model leaves the possibility that more complex replication systems may have adopted a similar design. 
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Preface to the Thesis 
Introduction 
 
Deoxyribonucleic acid (or DNA) was first isolated by the Swiss physician Friedrich Miescher in 
1869 (Dahm, 2008; Miescher, 1871). Later work helped in identifying the chemical composition and finally 
in 1953, James Watson and Francis Crick unveiled its structure: two helical chains each coiled round the 
same axis. […] Both chains follow right-handed helices (Watson and Crick, 1953). Each chain, now 
commonly called strand, is composed of simpler unit bricks, named nucleotides. The chemical 
composition and structure of a nucleotide can be divided into three groups: a deoxyribose molecule, a 
phosphate, and a base (Nelson and Cox, 2008). The alternating phosphates and deoxyribose units define 
the backbone of each strand and provide it with a polarity, while the bonding between bases pairs two 
strands together. Nucleotides are unequivocally identified by their bases with four options: adenine (A), 
guanine (G), cytosine (C), and thymine (T). The interaction (by hydrogen bonds) between strands limits 
the pairing of bases to A binding specifically with T, and G with C.  
Essentially, the DNA is a long chain composed of combinations of four letters. However, what 
might appear as a random sequence is in reality a linear code. It contains the instructions that regulate 
any aspect of the life cycle of any living cell on Earth. Essentially, the DNA is the ultimate handbook of life. 
And, as such, it is passed on from any cell to its offspring. This process of genetic transmission occurs 
through the production of a perfect replica of the parental cell’s DNA. It is essential that this process of 
DNA replication occurs in an as error-free manner as possible. When errors occur, they result in mutations. 
A low frequency of mutations are an essential step in evolution and survival (MacLean et al., 2013). 
However, more often they have lethal effects. The need to duplicate DNA with a minimum of errors is 
why organisms have evolved sets of proteins and enzymes dedicated to the reliable duplication of 
genomic DNA. Without them, life would not be preserved. Molecular understanding of the replication 
process would enable, ideally, the possibility of intervening and solving some of the biggest health-related 
challenges. For example, bacterial replication proteins could be selectively targeted during infections, 
opening a potential route towards the development of a desperately-needed new family of antibiotics.  
It is a long process though, because the DNA-replication machinery, named the replisome, is a 
multi-protein complex that relies on a large network of physical interactions among its components that 
controls the function of the larger structure. Interestingly, despite some remarkable differences, 
replication in all three domains of life follows a set of highly conserved principles (Barry and Bell, 2006; 
Benkovic et al., 2001; Hamdan and Richardson, 2009; Kurth and O’Donnell, 2013) (Figure P.1). A protein 
called the helicase unwinds the parental DNA molecule (Patel and Donmez, 2006), thus allowing each 
strand to be copied by proteins called polymerases (Joyce and Benkovic, 2004). The polarity of DNA 
creates a directionality problem: the polymerase can add nucleotides to a primer only in the 5’-to-3’ 
direction. Therefore, only one strand can be synthesized continuously (the leading strand), while in the 
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other strand the copying process must be discontinuous (the lagging strand). The so-called “trombone 
model” explains how replication of the two strands could be coordinated (Alberts et al., 1983; Duderstadt 
et al., 2016; Hamdan et al., 2009). The directionality problem on the lagging strand is proposed to be dealt 
with by looping of the DNA, so that the lagging-strand polymerase can copy in the required 5’-to-3’ 
direction while staying physically associated with the replisome. An enzyme called primase enables the 
priming of DNA synthesis on the lagging strand. The primase is an RNA polymerase (Frick and Richardson, 
2001) that synthesizes short RNA segments (primers; four to fifteen nucleotides long) on the lagging-
strand template, which, in turn, are extended by the replicative polymerase into the so-called Okazaki 
fragments (Okazaki et al., 1968). These Okazaki fragments are 1–2 kbp in length and are the product of 
repeated cycles of priming and extension on the lagging strand. The replication loop that is formed on the 
lagging strand grows and collapses with each cycle of Okazaki-fragment synthesis. Single-stranded DNA 
binding protein (SSB) coats the exposed single-stranded DNA, protecting it and aiding coordination 




Figure P.1: The Escherichia coli replisome 
Schematic representation of the E. coli DNA-replication machinery. The helicase unwinds 
the double-stranded DNA so that the core polymerases within the holoenzyme can replicate 
separately each strand. The leading strand can be synthesized continuously whereas the 
lagging strand requires frequent priming by the primase. Coordination between the two 
strands is preserved by looping the DNA. SSB protects single-stranded DNA and aids 
coordination. 
 
The replisome could be looked at as a finely tuned machine. However, the high level of 
coordination between the different enzymatic activities should not be interpreted in a deterministic way. 
In contrast to man-made machines, complex protein machineries do not follow one single pathway. The 
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introduction of single-molecule manipulation and imaging techniques has driven a change in our thinking 
about the operating principles of multiprotein complexes. By removing the averaging effect of traditional 
ensemble-averaging methods and, instead, observing the activity of individual biomolecules, we obtain a 
unique molecular-level view of cellular processes. An increasing number of single-molecule investigations 
suggest that multiprotein complexes have access to a multitude of pathways, each made available by the 
clusters of weak and strong interactions that hold such a complex together and the microscopic 
reversibility of these interactions. These studies have led to a refined model of multi-protein complexes 
in which the plasticity and malleability produced by these networks of reversible interactions lead to an 
adaptability that allows molecular processes to deal with a great deal of different cellular conditions. 
Chapter 1 reviews single-molecule tools and how they led to new insights into the dynamic behaviour of 
complex molecular systems such as cytoskeletal motors and replisomes (Monachino et al., 2017).  
Single-molecule resolution often comes at a cost of a very limited experimental throughput, 
sometimes as limited as only a single molecule per experiment. In order to gain the statistical confidence 
to characterize multiple pathways, hundreds or thousands of observations are needed. Only in this way, 
rare events and subpopulations can be reliably sampled. For this reason, there has been a recent push in 
the field to improve single-molecules techniques and their throughput. Chapter 2 reviews the results of 
these efforts, focussing on methods that visualise DNA-protein interactions (Hill et al., 2017). In particular, 
this section describes improvements in both fluorescence and force-based methods and draws attention 
to the challenge of analysing large amounts of data. One successful approach has been the production of 
DNA curtains, in which long DNA templates are aligned in rows on the surface of a microscope cover slip. 
High throughput is achieved by improving spatial control of DNA template immobilisation and by 
increasing local surface density. DNA curtains are successfully employed in several protein-nucleic acids 
investigations. Chapter 3 describes a further improvement to the approach by binding the DNA curtain to 
a gold nanowire bisecting a microfluidic flow channel (Kalkman et al., 2016). In this way, the DNA 
molecules and the proteins interacting with them are far away from any wall of the flow cell, thus 
preventing nonspecific surface binding. In addition, the throughput can also benefit from improving 
reaction efficiency in utilizing the DNA template. Chapter 4 introduces a method to construct a DNA 
rolling-circle template with a controlled fork topology. Rolling-circle substrates are commonly used to 
study DNA replication because their amplification scheme helps the detection of the long replication 
products. An accurately tailored fork topology improves the efficiency of the replication reaction. This 
DNA template was extensively used in Chapters 5–7, where ensemble-averaging and single-molecule 
techniques were employed to study the Escherichia coli replisome.  
E. coli is a Gram-negative bacterium that is commonly found in the lower intestine of warm-
blooded organisms (Singleton, 1999). It is frequently used as replication model system (Lewis et al., 2016). 
A fully functional E. coli replisome can be reconstituted in vitro with a limited number of purified key 
proteins: the DnaB helicase, the DnaG primase, the  DNA polymerase III core (Pol III), the 2 
processivity clamp, the n3-n’ clamp loader complex (n = 1–3), and the SSB. Pol III is physically 
clamped by 2 onto the DNA, thus enhancing its stability during translocation, and it is strongly associated 
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with the clamp-loader complex through the  subunit. The Pol III, 2, and the clamp-loader complex are 
collectively referred to as the Pol III holoenzyme. Even though the enzymatic activities of each protein are 
well understood, their dynamics are not. In this thesis, the nature of the physical coupling between the 
Pol III holoenzyme and the DnaB helicase during replication plays a central role (Chapters 5–7). According 
to the textbook model, the Pol III holoenzyme is stably associated within the replisome through a contact 
between its  subunits and DnaB. In contrast, the DnaG primase needs to transiently bind to DnaB to 
prime the lagging-strand template. Chapter 5 shows that Pol III* (the holoenzyme minus 2) exchanges 
quickly at the replication fork in a concentration-dependent manner (Lewis et al., 2017). Two other 
research groups also recently reported Pol III* exchange (Beattie et al., 2017; Q. Yuan et al., 2016). The 
common conclusion was that Pol III* turnover confers flexibility to the replisome, providing a pathway for 
replacement of replisomal components according to the environment and a mechanism for dealing with 
obstacles and roadblocks. However, Pol III* exchange at the fork raises questions about the role of the 
DnaB helicase and what mechanism regulates the process, especially in light of the stable association of 
DnaB with the replisome (Beattie et al., 2017). Furthermore, a recent study suggested that leading- and 
lagging-strand polymerases are not replicating DNA in a coordinated fashion (Graham et al., 2017). 
In Chapter 6, the interaction between Pol III* and DnaB is investigated in detail using a 
combination of ensemble-averaging and single-molecule fluorescence techniques. During replication, 
DnaB binds typically weakly with Pol III*, thus favouring polymerase turnover. However, upon binding 
with the primase, DnaB undergoes a conformational switch that greatly increases its affinity for the clamp-
loader complex and results into promoting the recruitment of multiple Pol III*s at the fork. The presence 
of more than one Pol III*, during the priming process, suggests different pathways for the primer handoff 
and provides a molecular mechanism for Pol III* turnover. Chapter 7 further investigates the contact 
between CLC and DnaB. So far, only a weak interaction between DnaB and domain IVa in the  subunit of 
CLC has been identified (Gao and McHenry, 2001a). We prove, though, that the transition of DnaB to its 
dilated state reveals a cryptic -binding pocket for further contact with a region of  whose involvement 
in protein-protein interactions has never been identified before. 
 
In conclusion, this thesis focusses on the dynamics at the replication fork. The key outcome of 
this work is that replication is much more fluid and “chaotic” than anticipated. Remarkably, though, 
replication in E. coli is very efficient and reliable, and proceeds at rates that are virtually unmatched by 
replisomes from other organisms. This thesis shows that the intrinsic stochasticity that underlies 
replisome function follows a well-defined design: the replisome evolved to be flexible and, ultimately, 











Single-molecule manipulation and imaging techniques have become important elements of 
the biologist’s toolkit to gain mechanistic insights into cellular processes. By removing 
ensemble averaging, single-molecule methods provide unique access to the dynamic 
behaviour of biomolecules. Recently, the use of these approaches has expanded to the study 
of complex multiprotein systems and has enabled detailed characterization of the behaviour 
of individual molecules inside living cells. In this review, we provide an overview of the various 
force- and fluorescence-based single-molecule methods with applications both in vitro and in 
vivo, highlighting these advances by describing their applications in studies on cytoskeletal 
motors and DNA replication. We also discuss how single-molecule approaches have increased 
our understanding of the dynamic behaviour of complex multiprotein systems. These methods 
have shown that the behaviour of multicomponent protein complexes is highly stochastic and 
less linear and deterministic than previously thought. Further development of single-molecule 
tools will help to elucidate the molecular dynamics of these complex systems both inside the 
cell and in solutions with purified components. 
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Single-molecule approaches are transforming our understanding of cell biology. In the context of 
the living cell, proteins are found in various states of structural conformation and association in 
complexes, with the transitioning between states occurring in a seemingly chaotic fashion. Observing 
molecular properties at the single-molecule level allows characterization of subpopulations, the 
visualization of transient intermediates, and the acquisition of detailed kinetic information that would 
otherwise be hidden by the averaging over an ensemble of stochastically behaving constituents. Although 
the field is rapidly evolving and many technical challenges still exist, methods to visualize individual 
proteins in purified systems, henceforth referred to as in vitro, are contributing to a tremendous gain in 
mechanistic insight into many cellular processes. However, the comparatively low complexity of such in 
vitro experiments does not necessarily represent the physiology of the cell. Development of single-
molecule tools has begun to enable the visualization of complex biochemical reactions with great 
resolution in the dynamic and crowded environment of the cell. In vitro single-molecule studies on 
reconstituted systems of high complexity are informing on how these systems may behave in a cellular 
environment and live-cell single-molecule imaging is providing pictures of increasing clarity about the 
physiological relevance of pathways observed in vitro. This interplay between in vitro and in vivo assays 
will play a major role in future studies, with bottom-up and top-down approaches required to fill the gaps. 
In this review, we provide an overview of the state of the field and discuss the main classes of 
single-molecule methods that have found applications in in vitro and in vivo studies. In particular, we 
describe the principles of both force- and fluorescence-based single-molecule methods and we highlight 
how these approaches have increased our understanding of molecular machineries. Using recent work, 
we illustrate both the advances in methodology and the new insights into the dynamic behaviour of 
complex systems. To guide our review of the main technological developments and the biological 
breakthroughs they have allowed, in the context of what seems like an overwhelming amount of examples 
and applications, we focus on studies of the molecular motors that carry cellular cargo and the multi-
protein complex involved in DNA replication, the replisome. Our focus on these studies merely represents 
an attempt to illustrate the methodological possibilities — the reader is advised to consult the many other 
excellent sources and reviews that discuss the use of single-molecule tools in other fields and systems.  
 
 
1.2 Push, pull, poke and prod: Mechanical single-molecule techniques 
 
The folding of proteins into functional structures, the manner with which they undergo 
conformational transitions, and their interactions between binding partners are all complex processes 
that are strictly ruled by the shape of the free-energy landscapes describing the thermodynamics of the 
system. Theoretically, there is a huge number of possible three-dimensional conformations that a one-
dimensional sequence of amino acids can assume, each characterized by a specific free energy. However, 
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a protein assumes only those states that minimize the free energy, with preference for the absolute 
minimum. Thus, this number of possible protein conformations is limited to very few, if not only one 
(Onuchic et al., 1997). The application of forces to these systems introduces well-defined changes to the 
energetics and enables a precise interrogation of the relevant interactions and processes. Single-molecule 
mechanical techniques have been developed to use small forces to controllably manipulate individual 
biomolecules so that molecular mechanisms can be investigated at a level of detail thus far inaccessible 
with conventional ensemble-averaged assays. Here, we focus on three main classes of these methods: 
Atomic Force Spectroscopy (AFM), Optical Tweezers (OT), and Magnetic Tweezers (MT). Each of these 
techniques works in a different force regime, with these three techniques together covering a range from 
femto-Newtons (fN) to nano-Newtons (nN), providing experimental access to all forces that are relevant 
to biochemical processes and reactions. More comprehensive reviews on each technique and applications 
can be found elsewhere (Ando, 2014; Ando et al., 2014; Blehm and Selvin, 2014; Dulin et al., 2013; 
Greenleaf et al., 2007; Lyubchenko and Shlyakhtenko, 2016; Müller and Dufrêne, 2011; Neuman and Nagy, 
2008; Robinson and van Oijen, 2013; de Souza, 2012; Whited and Park, 2014). 
 
1.2.1 AFM  
AFM is a scanning probe microscopy technique that allows visualization of the surface 
topography of a sample at sub-nanometre resolution. It uses an atomically sharp tip on the free end of a 
projecting arm (called cantilever) to measure the height (z-axis) at a specific (x, y) position (Figure 1.1A). 
In biological imaging applications, AFM is typically used in the so-called tapping mode with the cantilever 
oscillating at a frequency close to its mechanical resonance. In this way, interactions with the surface can 
be detected with great sensitivity without the tip in constant contact with the sample, thus eliminating 
dragging and frictional effects during the (x,y) scan and avoiding distortion of image data. Ultimately, the 
tapping mode helps to preserve the integrity of the soft biological sample and allows the visualization of 
biomolecules for periods up to hours (Santos et al., 2013). 
AFM was initially limited to the imaging of static structures, but the last decade has seen the 
introduction of even smaller cantilevers (Walters et al., 1996) and improvements in the image acquisition 
rate, making it possible to scan surfaces at high speed (High Speed AFM, HS-AFM). HS-AFM is one of the 
few techniques so far that allows observation of biological molecules at both sub-nanometre and sub-100 
millisecond resolution. This technical breakthrough has enabled real-time observation of molecular 
processes, such as the movement of motor proteins along cytoskeletal filaments, and has allowed the 
direct study of relationships between structural and dynamic properties of biochemical reactions, at the 
single-molecule level, with one single technique (Ando et al., 2008). This powerful and quite unique ability 
of HS-AFM to relate structure to function was highlighted in a hallmark study, where the walking of myosin 
V on actin was imaged (Figure 1.2A) (Kodera et al., 2010). Not only did the high-speed imaging clearly 
visualize the hand-over-hand mechanism of myosin V translocation but the authors of this study were 
able to explain the mechanism in structural terms. They showed that the forward movement of the 
myosin is a purely mechanical process related to the accumulation of tension in the leading head. 
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Recently, a further technical improvement has allowed to image large fields of view at high speed and 
visualize biochemical reactions occurring on the outer surfaces of cells (Watanabe et al., 2013). In vivo 
biological imaging with AFM offers several advantages over other techniques with high spatial resolution 
such as scanning electron microscopy (SEM). In particular, AFM does not require dehydration steps and 
can provide topographic images with nanometre resolution under physiological conditions (Essmann et 
al., 2017). These aspects position AFM as a technique with great potential to provide unique insight in 
various areas of cell biology such as membrane structure and dynamics, cell division, growth and 
morphology. Finally, there have been attempts to bring AFM inside cells (Müller and Dufrêne, 2011), 
opening to the use of its high spatial and temporal resolution to observe fundamental cellular processes 
inside the cell itself. 
 
 
Figure 1.1: Single-molecule approaches  
(A) AFM. A tip is attached to a cantilever, with deflection of the tip or changes in its 
resonance frequency reporting on proximity to features on a cellular surface. By raster 
scanning the sample, an image of the 3D shape can be formed with subnanometre 
resolution. (B) OT. A functionalized bead is introduced into the cell. The bead is trapped and 
manipulated by a focused laser beam. (C) MT. Magnetic beads that specifically interact with 
a substrate of interest are introduced into the cell. By applying a magnetic field, the beads 
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can be rotated or translated, thereby introducing a force to the system. (D) Fluorescence 
microscopy. Substrates of interest are labelled with a fluorescent tag. Their fluorescence is 
detected on a sensitive camera, allowing real time visualization of spatiotemporal dynamics. 
(E) PAINT. This technique works by labelling a substrate that interacts transiently with a 
receptor. A low concentration of fluorescent ligands is introduced in the extracellular 
medium such that at a constant rate, receptors in the membrane are being visualized by 
short-lived fluorophore immobilization during the imaging sequence. (F and G) smFRET. (F) 
Two substrates of interest are labelled with two specific fluorescent tags (a donor–acceptor 
FRET pair). The emission of the donor tag spectrally overlaps with the absorption of the 
acceptor dye. The donor transfers its energy to the acceptor in a distance-dependent 
manner (FRET). An interaction between the two substrates will give a FRET signal, providing 
a dynamic observation of molecular interactions. (G) A molecule of interest is labelled with 
a FRET pair at known positions, one with a donor and the other with an acceptor. A change 
in the conformation of the substrate can be observed as a change in the FRET efficiency. 
 
In addition to its topographic imaging applications, AFM is a powerful tool to perform force 
spectroscopy on single molecules in the 10 pN–10 nN range. In this application, the tip of the AFM is used 
to capture one end of a biomolecule that is bound to a surface at its other end, apply a stretching force 
to it by moving the cantilever away from the surface, and thus unfolding it with a precise and controllable 
force (Alegre-Cebollada et al., 2014; Li et al., 2002). This approach makes it possible to probe the molecular 
interactions that stabilize the protein in a specific conformation. The alternative conformations of proteins 
when subjected to mechanical forces inside the cell can now be revealed (Alegre-Cebollada et al., 2014). 
Finally, by using different loading rates, researchers can model the kinetics of transitions and obtain 
details of the free-energy landscape controlling the various structural transitions (Whited and Park, 2014). 
An early example of AFM-based force spectroscopy involved the unfolding of the integral membrane 
protein bacteriorhodopsin out of archaeal purple membranes (Oesterhelt et al., 2000). Further, the role 
of ligands in stabilizing biomolecular structures can be assessed and quantified by mechanical unfolding. 
The interaction between a ligand and a protein affects the free-energy landscape of the system and 
potentially yields different unfolding profiles as a function of the ligand (Zocher et al., 2012). This approach 
is not limited to answer fundamental questions about cellular mechanisms, but also benefits applied 
research. For instance, researchers have been able to study in vivo membrane protein-ligand interactions 







Figure 1.2: Force-based measurements on motor proteins  
(A) Myosin V walking on actin was directly observed using high-speed AFM. The acquisition 
times are indicated on each frame. Bar, 30 nm. A is adapted from Kodera et al., 2010. (B–F) 
The in vivo transport of intracellular cargoes and the associated forces were measured with 
OT. (B) Cartoon describing the experiment. Multiple copies of the motor proteins dynein 
and kinesin carry along microtubules a bead that has been internalized by the cell. The bead 
was optically trapped and its movement tracked. (C) Picture of a mouse macrophage cell 
with internalized polystyrene beads (arrowhead is pointing at one of the beads). (D) 
Diagram indicating the various contributions experienced by the bead because of the 
trapping force and viscous drag experienced inside the cytoplasm. (E and F) Example 
trajectories tracking the displacement of the bead with respect to the beam focus in living 
cells. B–F are adapted from Hendricks et al., 2012. 
 
1.2.2 OT 
In OT (also called optical traps), a tightly focused laser beam is diffracted by a dielectric particle, 
resulting in a force that traps the particle nearby the focus of the laser. At the same time, by changing the 
position of the focus, it is possible to move the particle, just as if the laser beam were a pair of tweezers. 
By tethering one end of a molecule of interest to the bead and the other end either to a surface or to a 
second trapped particle, a stretching force can be applied to the molecule in the 0.1–100 pN range. This 
system can be modelled as a linear spring, where the applied force is proportional to the extension or 
compression of the spring, as stated by the Hooke’s law. As a result, the applied force can be modulated 
by either changing the stiffness of the spring or by moving the position of the particle with respect to the 
beam focus (Figure 1.1B). Tracking of the three-dimensional displacement of the trapped particle allows 
measurements with sub-nanometre spatial resolution and sub-millisecond time resolution. Thanks to 
such precision, this technology has, for instance, enabled the visualization of the motion of motor proteins 
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such as kinesins and dyneins along microtubules (Mallik et al., 2004; Svoboda et al., 1993), myosins along 
actin, and nucleic-acid enzymes along DNA (Abbondanzieri et al., 2005; Johnson et al., 2007). 
Anytime lasers are employed, photo damage to biological samples is a reason of concern. In the 
case of OT, this problem is minimized because biological samples are almost transparent to the near-
infrared wavelengths of the lasers that are typically used to trap particles (Neuman et al., 1999). This 
compatibility with cellular specimens, combined with recently developed sophisticated force-calibration 
techniques (Blehm and Selvin, 2014; Jun et al., 2014), allows the use of OT in vivo and opens the possibility 
of studying the same biological system both in vitro and in vivo. Such hybrid approaches will be key in 
filling the gap between the mechanistic understanding obtained from in vitro reconstituted systems and 
biochemical reactions that occur in a cellular environment. This strategy has been very successful already 
in the characterization of the motor proteins kinesins, dyneins and myosins (Bhabha et al., 2016; Blehm 
and Selvin, 2014; Holzbaur and Goldman, 2010). The Xie group played a pioneering role in the 
development and use of OT in vivo at the sub-millisecond time resolution needed to observe organelle 
transport (Nan et al., 2008; Sims and Xie, 2009). They reported that, in living human lung cancer cells, 
cargoes carried by kinesins make individual steps of 8 nm, while those carried by dyneins make individual 
steps of 8, 12, 16, 20, and 24 nm, providing new insight into the cooperative effects of multiple dyneins 
carrying the same cargo (Nan et al., 2008). They also observed that kinesins and dyneins both have a stall 
force of around 7–8 pN (Sims and Xie, 2009). In a study by the Goldman group (Hendricks et al., 2012), it 
was shown that the force exerted by individual motors is the same both in vivo (in mouse macrophage 
cells) and in vitro. These researchers suggest, however, that the viscoelastic cell environment and the 
presence of cytoskeletal networks favour motor binding. By comparing in vitro with in vivo experiments, 
they propose that in living macrophage cells, cargo is carried by as many as twelve dyneins and up to three 
kinesins in a tug-of-war mechanism (Figures 1.2B–F). A study by the Selvin lab characterized the transport 
of lipid vesicles and phagocytosed polystyrene beads in A549 human epithelial cells and in Dictyostelium 
discoideum, allowing them to propose that a single kinesin is sufficient to carry the cargo towards the 
periphery of the cell, while two to three dyneins are needed to transport the cargo towards the centre. 
During outward motion, dyneins act as a drag on the kinesin-cargo translocation by pulling the cargo in 
the opposite direction. During inward motion, the kinesin is still bound to the cargo but not to the 
microtubule, and therefore does not obstruct the action of the dynein (Blehm et al., 2013). 
 
1.2.3 MT 
MT are conceptually similar to optical tweezers: a magnetic field is used to trap a 
superparamagnetic bead that is bound to one end of the molecule of interest (Figure 1.1C). MT can apply 
forces between fN up to several hundreds of pN, depending on the experimental design. By making use 
of the fact that magnetic beads act as a dipole with a preferred orientation in the external magnetic field, 
MT is the most well-known technique used to apply torque (Forth et al., 2013). By applying bright-field 
illumination and using the interference patterns of the individual beads to provide information on their 
position with respect to the focal plane, the movement of the beads can be tracked with nanometre 
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resolution. The large homogeneity of magnetic fields allows tracking of hundreds of beads simultaneously, 
a throughput difficult or impossible to achieve with OT. Moreover, magnetic fields are very selective for 
the magnetic particles and, therefore, do not interfere with the biological system under study, making MT 
ideal for in vivo investigations. The downside of this approach, compared to OT, is the difficulty of 
combining high forces with three-dimensional control over the magnetic bead. In vivo MT experiments 
have been reported (de Vries et al., 2005), but more development is needed for the method to be 
employed as an alternative to OT. 
Recent developments in bright, laser-based illumination sources, improvements in CMOS camera 
speeds, and the introduction of GPU-based calculation have made it possible to acquire bead images and 
track them in real time at kHz rates. These methods have made it possible for MT experiments to achieve 
sub-nanometre and sub-millisecond resolution and have enabled the observation of in vitro processes in 
real time at high spatiotemporal resolution (Dulin et al., 2015b). The combination of force and torque 
provided by MT has proven to be ideally suited to study DNA conformations and the activity of DNA-
binding proteins. For example, it has revealed important mechanistic aspects of proteins involved in DNA 
replication. Studies investigating primer extension with the T7 polymerase and Escherichia coli DNA 
polymerase I (Pol I) resulted in a model where DNA synthesis is rate-limited by conformational changes 
involving multiple bases on the template strand (Maier et al., 2000). Using MT to study helicase activity 
of the T4 bacteriophage and its coupling to partner proteins in the replisome, such as the primase and the 
polymerase, provided new insight into how the replisome is assembled onto DNA and how DNA 
replication is initiated. These experiments visualized how the synthesis of an RNA primer on the lagging 
strand results in the formation of loops of single-stranded DNA, a phenomenon that later was shown to 
occur in other replication systems (Duderstadt et al., 2016; Manosas et al., 2009; Pandey et al., 2009). A 
study of the interplay between the T4 phage helicase and its DNA polymerase activities revealed that 
replication is faster than the unwinding by the helicase or synthesis by the polymerase as individual 
activities. Since the physical interaction between the two proved to be very weak, such synergies suggest 
an important role for ratchet-type mechanisms in speeding up reactions that consist of both reversible 
and irreversible steps (Manosas et al., 2012). Recent studies on replication termination demonstrate the 
strength of mechanical approaches in their ability to apply external forces to rationalize mechanistic 
aspects of findings originally made in vivo. By using MT to exert different levels of force to the E. coli Tus-
Ter replication fork barrier in vitro and by observing its lifetime on DNA, a pathway describing barrier 
formation was proposed that reconciled previous structural, biochemical and microbiology studies 
(Berghuis et al., 2015). 
 
Summarizing, it is clear that the various experimental platforms to apply mechanical force to 
individual molecules represent a powerful toolbox, each method with its own strengths and weaknesses. 
AFM combines high-resolution microscopy with force manipulation, with high time resolution. First a 
biological sample is imaged and then a specific part of it is directly probed. Therefore, it can provide 
structural, dynamic and force information all from a single platform. OT and MT, instead, offer only force 
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manipulation but they can follow dynamics up to one hundred times faster than AFM, thus granting access 
to short-lived states. Furthermore, both OT and MT can probe soft biological samples with virtually no 
damage at all. In the case of OT, this aspect has resulted in a mature tool for in vivo investigations, allowing 
mechanical manipulation inside the cell. 
 
 
1.3 What you see is what you get: Imaging techniques 
 
1.3.1 Fluorescence imaging 
Mechanical single-molecule techniques allow the precise measurement of force and energy 
changes and have, therefore, been invaluable to studies on protein folding, DNA stability, and protein–
DNA interactions. In this section, we describe single-molecule fluorescence imaging methods, approaches 
that take a more passive approach than force-based methods in that they are based on the visualization 
of mechanically unperturbed, fluorescently tagged molecules. Single-molecule fluorescence imaging 
methods are especially powerful in the visualization of molecular associations, copy numbers, 
conformational changes in biomolecules and enzymatic activity, often in real time. By using a fluorescence 
microscope equipped with a laser source to excite the fluorescent tag, and a sensitive camera to detect 
its fluorescence emission, a single fluorophore can be imaged with high spatiotemporal precision (10s of 
nanometres within 10s of milliseconds). Labelling with such fluorophores, therefore, allows direct, real-
time observation of a system of interest (Figure 1.1D). The first single-molecule fluorescence experiment 
was performed in 1990 under cryogenic conditions (Orrit and Bernard, 1990). These low temperatures 
were necessary to increase the stability and lifetime of the fluorophores. Only five years later, the increase 
in the quality of optics and photon detectors allowed the first room temperature single-molecule 
experiment to be performed, showing individual ATP turnovers by myosin (Funatsu et al., 1995). The 
limited stability and lifetime of fluorophores impose significant challenges on the use of fluorescent tags 
to follow the dynamics of individual biomolecules, as they affect the quality of the signal and the duration 
of the experiment. Furthermore, the fluorophores need to be able to be specifically linked to a 
biomolecule of interest. Through the development of new fluorophores and photo-stabilizing compounds 
(Dave et al., 2009; Ha and Tinnefeld, 2012), the brightness, the stability, and the lifetime of fluorescent 
probes have increased significantly. Current efforts are directed towards improving the compounds that 
confer increased photostability to reduce their toxic effects and potential interference with the system of 
interest (van der Velde et al., 2016). Another key challenge in single-molecule fluorescence imaging 
experiments is the optical diffraction limit, giving rise to a lower limit of the smallest detection volume 
achievable. At high concentrations, this limitation results in a total number of fluorophores in the 
detection volume that is too large to allow single-molecule detection. As a result, single-molecule 
fluorescence-imaging tools were originally only useful at low nanomolar concentrations. Initial 
methodological advances were mainly made in the area of molecular motors, like DNA-based 
polymerases, myosins and kinesins (Peterman et al., 2004), in part because the tight binding of these 
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systems to their templates allows their study at very low concentrations. Over the past decade, 
developments in fluorophore stability and imaging techniques have increased the useful concentration 
range for single-molecule imaging by 10,000-fold. These developments have expanded the variety and 
complexity of systems probed by single-molecule fluorescence tools tremendously.  
 
1.3.2 Total internal reflection fluorescence (TIRF) 
One of the first methods introduced to increase the useful concentration range of single-
molecule fluorescence imaging was TIRF microscopy. In TIRF microscopy (Axelrod et al., 1984), an 
evanescent wave excites only those molecules in a 100-nm thin layer above a glass-water interface (van 
Oijen, 2011). Though TIRF can be used to study molecular and cellular phenomena at any liquid/solid 
interface (such as transport on membranes), it has proven to be most useful in single-molecule 
microscopy. The reduction of the excited volume as a result of the thin evanescent wave results in an 
increase of the signal-to-background ratio that allows high-contrast imaging of single molecules up to a 
concentration of 10s of nM. A good example of the application of TIRF microscopy in single-molecule 
studies is the mechanism of DNA replication. Applying TIRF imaging to purified and fluorescently labelled 
replication proteins acting on surface-tethered and flow-stretched DNA molecules, the dynamic 
behaviour of bacteriophage T7 polymerases within replisomes was visualized during DNA synthesis. 
Though it was previously assumed that polymerases are stably bound to the replication fork, it was 
demonstrated that the polymerases in fact rapidly exchange with those in solution (Geertsema et al., 
2014). TIRF microscopy has also allowed the real-time visualization of in vitro reconstituted eukaryotic 
replication-origin firing. It was shown that the helicase motor domains Mcm2–7 bind as double hexamers 
preferentially at a native origin sequence and that single Mcm2–7 hexamers propagate bidirectionally, 
monotonically, and processively as constituents of active replisomes (Duzdevich et al., 2015). For kinesins, 
TIRF microscopy has been used to work out a longstanding mechanistic controversy on their walking 
mechanism. By labelling a single head of dimeric kinesin with a fluorophore and localizing the position of 
the dye, it was observed that a single kinesin head moves in alternating steps of 16.6 nm and 0 nm. This 
observation proves that kinesins take steps in a hand-over-hand mechanism, and not an inchworm 
mechanism (Yildiz et al., 2004). 
In vivo, a variant of TIRF microscopy, named near-TIRF, has been used to examine the replisome 
stoichiometry and architecture in living cells. The illuminated layer is increased to around 1 µm deep to 
allow visualization of the entire cell. Using fully functional fluorescent YPet derivatives of E. coli replisome 
components expressed from their endogenous promoters, it was shown that active replisomes contain 
three molecules of the replicative polymerase Pol III core, rather than the historically accepted two 
(Figures. 1.3A–F) (Reyes-Lamothe et al., 2010). The mutagenic polymerase pol V, one of the players in the 
bacterial SOS response to DNA damage, was recently visualized at the single-molecule level in live E. coli 
cells. It was shown that pol V is, beyond the known regulatory mechanisms at the transcriptional and 
posttranslational level, subject to a novel form of spatial regulation, in which it is transiently sequestered 
at the inner cell membrane (Robinson et al., 2015). Movement of kinesins and dyneins has been observed 
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inside living cells using Fluorescence Imaging with One Nanometre Accuracy (FIONA). Green fluorescence 
protein (GFP)-tagged peroxisomes in cultured Drosophila melanogaster S2 cells were located within 1.5 
nm in 1.1 ms. Surprisingly, dyneins and kinesins do not work against each other during peroxisome 
transport in vivo. Rather, multiple kinesins or multiple dyneins work together, producing up to ten times 
the speed previously reported in in vitro measurements (Kural et al., 2005). 
 
 
Figure 1.3: Fluorescence imaging of DNA replication  
(A) Schematic representation of the E. coli DNA-replication machinery. Coordinated 
unwinding of parental double-stranded DNA and synthesis of two daughter duplexes is 
catalysed by a large multiprotein complex, the replisome, built up from 12 different proteins 
and held together by a large number of weak and strong protein–protein and protein–DNA 
interactions. (B–F) Quantitative characterization of the number of polymerases per 
replisome in living E. coli using single-molecule slim-field microscopy. (B) Laser light is 
focused on the back aperture of the microscope objective, generating an intense Gaussian 
field at the sample just large enough to image a single E. coli cell. (C and D) Overlay of bright-
field images of cells (grey) and 90-ms frame-averaged fluorescence images (yellow) of 
fluorescently labelled polymerases (ε-YPet). The blue arrows point at replisomes with three 
polymerases and the red arrow indicates a replisome with six polymerases. (E) Raw (blue) 
and filtered (red) intensity for a putative single (left panel) and double (middle panel) 
replisome spot were compared with the intensity of a single surface-immobilized YPet in 
vitro (right panel). Combined with the Fourier spectral analysis to find the brightness of a 
single YPet (F), these data show that the in vivo steps were integer multiples of the intensity 
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of a single YPet molecule and replisomes contain a mean of three polymerases. B–F are 
adapted from Reyes-Lamothe et al., 2010. (G) Two-colour fluorescence imaging of the 
concentration-dependent exchange of ssDNA binding proteins on ssDNA. A microfluidic 
flow cell with ssDNA curtains was alternatingly injected with RPA-mCherry (magenta) and 
E. coli ssDNA binding protein (SSB)-EGFP (green). The exchange is evident by the change in 
colour of the fluorescence and length of the ssDNA. Arrows placed above the kymograph 
indicate the time points of the injections. G is adapted from Gibb et al., 2014. 
 
1.3.3 Local activation of dye (LADye), photoactivation, diffusion, and excitation (PhADE), and 
point accumulation for imaging in nanoscale topography (PAINT) 
To reduce the background fluorescence even further and to enable the visualization of individual 
labelled molecules at physiologically relevant concentrations, techniques have been introduced that rely 
on photoactivatable tags. In PhADE (Loveland et al., 2012), a protein of interest is fused to a 
photoactivatable protein and introduced to its surface-immobilized substrate. After photoactivation of 
the protein near the surface, rapid diffusion of the unbound proteins away from the detection volume 
reduces background fluorescence, whereupon the bound molecules are imaged. This method allowed the 
visualization of the micrometre-scale movement of replication forks, the spatiotemporal pattern of 
replication initiation along individual DNA molecules, and the dynamics of individual proteins at 
replication forks in undiluted cellular extracts (Loveland et al., 2012). The drawback of this technique is 
the need for photoactivatable proteins. In an alternative method, LADye (Geertsema et al., 2015b) relies 
on the labelling of proteins with inorganic fluorophores that are chemically darkened (Vaughan et al., 
2012). Only those proteins bound to their substrate are selectively activated, via a short-distance energy-
transfer mechanism. Although the chemicals used to darken the fluorophores could potentially alter the 
behaviour of the system, this approach has already allowed the observation of the sequence-independent 
interaction of interferon-inducible protein 16 (IFI16) with DNA and the sliding via diffusion of adenovirus 
protease (pVIc-AVP) on DNA in the presence of very high, M concentrations of protein (Geertsema et al., 
2015b). PhADE and LADye have increased the useful concentration of proteins in in vitro single-molecule 
experiments to levels closer to in vivo conditions than ever before, thereby providing new insight into the 
behaviour of DNA-interacting proteins at physiologically relevant concentrations.  
The concentrations of most proteins inside living cells are well above the concentration limit that 
allows visualization using conventional single-molecule imaging methods (Lewis et al., 2016). Therefore, 
similar techniques to reduce background fluorescence are used in vivo. In PAINT (Sharonov and 
Hochstrasser, 2006), the objects to be imaged are continuously targeted based on many cycles of transient 
association by fluorescent probes present in the solution, rather than having the fluorescent probe stably 
bound to the objects. As a result, a fluorescent signal appears as a diffraction-limited spot on the object 
when a label briefly binds to it and is momentarily immobilized (Figure 1.1E). This method was 
employed to track endogenous AMPA glutamate receptors (AMPARs) on living neurons, revealing high 




1.3.4 Single-molecule fluorescence resonance energy transfer (smFRET) 
FRET is the distance-dependent non-radiative energy transfer between two fluorescent 
molecules that occurs when the emission spectrum of one fluorophore overlaps with the absorption 
spectrum of the other. Measuring the FRET efficiency allows the visualization of changes in the distance 
between fluorophores between 1 and 10 nm (Ha, 2001). By attaching two fluorophores with the 
appropriate spectral properties to two molecules of interest, association events and relative movements 
can be observed through smFRET (Figure 1.1F). By labelling a protein with two fluorophores at known 
positions within the protein, conformational changes and dynamics within a single molecule can be 
detected (Figure 1.1G). Since the initial development of the method (Ha et al., 1996), smFRET has rapidly 
evolved as an experimental platform to answer fundamental questions in all aspects of cellular 
biochemistry. For example, by labelling the two heads of a kinesin with a FRET pair, it was shown that the 
kinesin waits for ATP in a one-head-bound state and makes brief transitions to a two-head-bound 
intermediate as it walks along the microtubule (Mori et al., 2007). 
Further, smFRET has allowed the direct observation of the conformational dynamics of single 
amino-acid transporters during substrate transport (Akyuz et al., 2015; Erkens et al., 2013). Also, smFRET 
studies revealed the real-time dynamics of the conformational change of the 2 clamp, the processivity 
factor in the DNA replication machinery, during loading onto DNA. The distance between the clamp and 
DNA was monitored by attaching a red Cy5 acceptor fluorophore to 2 and a green Cy3 donor fluorophore 
to the DNA. Three successive FRET states were seen, corresponding to closure of the clamp, followed by 
clamp release from its loader, and diffusion on the DNA (Cho et al., 2014).  
To enable in vivo fluorescence imaging, proteins are traditionally genetically fused to a 
fluorescent protein. The spectral properties and poor photostability of these fluorescent proteins, 
however, make their use in smFRET very challenging. Therefore, observing smFRET in living cells requires 
new labelling, internalization and imaging strategies. Significant progress in all these areas has been made 
in the last decade (Sustarsic and Kapanidis, 2015). Fluorescently labelled DNA was internalized in living E. 
coli cells using heat shock (Fessl et al., 2012). By electroporating a large fragment of DNA polymerase I 
(Klenow fragment), doubly labelled on the fingers and thumb domains, FRET was measured between 
internalized, immobile Klenow fragment molecules. This study shows that the distance between the two 
domains is preserved in live cells (Crawford et al., 2013). 
 
1.3.5 cryo-Electron Microscopy (cryo-EM) 
Perhaps the most rapidly developing single-molecule imaging technique is cryo-EM. In cryo-EM, 
rapid freezing techniques (vitrification) provide immobilization of biological samples embedded in 
amorphous ice, preserving the structure of the samples in their native state. Using electron microscopy, 
these biological structures can be resolved down to the atomic level. The ability to obtain near-atomic 
resolution structures using cryo-EM was initially shown almost three decades ago (Henderson et al., 
1990). By now, cryo-EM is a firmly established tool to gain structural information on both purified and 
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cellular systems. Recent developments in both sample preparation and detection techniques have given 
access to resolutions as high as 2.2 Å for proteins as small as 100 kDa (Cheng, 2015; Fernandez-Leiro and 
Scheres, 2016; Merk et al., 2016). 8–9 Å resolution structures of four different states of kinesins bound to 
microtubules allowed precise docking of a kinesin crystal structure into the map. With this information, 
structural rearrangements that occur upon binding of the kinesin motor domain to the microtubules could 
be identified (Sindelar and Downing, 2010). The structure of the Saccharomyces cerevisiae helicase, CMG, 
was determined by cryo-EM at a resolution of 3.7–4.8 Å, hinting towards a new unwinding mechanism. In 
this mechanism, two domains of the helicase move in a pumpjack-like motion to translocate on DNA (Z. 
Yuan et al., 2016). 8 Å resolution structures of DNA-bound and DNA-free states of the E. coli polymerase 
complex revealed previously unknown interactions, thereby shedding light on different operational 
modes of the polymerase (Fernandez-Leiro et al., 2015). 
Cryo-EM and fluorescence microscopy are now being combined into Correlative Light-Electron 
Microscopy (CLEM) (Sartori et al., 2007). This combination of techniques uses fluorescence microscopy to 
guide the search for specific features and to locate areas worth recording and examining by cryo-EM. 
Fluorescence imaging can furthermore provide valuable information about local variations in ice 
thickness, ice crystal contamination or other defects that could affect cryo-EM data quality. In live CLEM, 
proteins in a living cell are first observed using FM, followed by the observation of cellular structures, such 
as organelles or membranes, using cryo-EM in the same cell (Kobayashi et al., 2016). With the combination 
of these two techniques, dynamic events can be observed in specific cellular structures. This potentially 
makes live CLEM a powerful method to provide functional and structural understanding of dynamic and 
complex events, such as nuclear envelope formation (Haraguchi et al., 2008). 
 
Summarizing, single-molecule fluorescence imaging methods and fluorescence tagging strategies 
have matured to the point where they can almost routinely be used to visualize biological processes, often 
in real time. Methods that allow the detection of individual molecules in high-concentration, crowded 
environments, combined with advances in specific and selective fluorescent labelling, pave the way to a 
precise interrogation of molecular processes inside living cells. Combined with the advent of cryo-EM 
methods, in particular those that visualize cellular structures, we are now able to visualize the dynamics 
of a single proteins inside a living cell with access to the structural properties of its immediate 
environment. These methods will enable the field to study more and more complex systems in 
increasingly physiologically relevant environments. 
 
 
1.4 Two’s company, three’s a crowd: multi-protein complexes in crowded 
environments 
 
All molecular processes that support cellular activity arise from an intricate network of 
macromolecular interactions that take place in complex, crowded environments. It is therefore of 
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fundamental importance to decipher this ‘molecular sociology’ (Mahamid et al., 2016; Robinson et al., 
2007) ideally by direct visualization. The great advances that have been made in single-molecule 
techniques are emphasizing a view of dynamic multi-protein systems that is not linear and deterministic, 
but highly stochastic (van Oijen and Dixon, 2015). In this review, we compared in vitro and in vivo 
experiments on cytoskeletal motors. It is clear that increasing the complexity of the system, for example 
by having multiple kinesins and dyneins acting on the same cargo, changes their dynamics. We have also 
described the dynamic behaviour of the DNA replication machinery (replisome) during DNA synthesis. The 
composition of the replisome has previously been shown to be very stable and highly resistant to dilution 
(Debyser et al., 1994; Georgescu et al., 2011; Tanner et al., 2011). Single-molecule studies on the 
bacteriophage T7 and E. coli replisomes demonstrated that the composition of the replisome is in fact 
highly dynamic when operating in an environment with replisomal components present in solution, with 
proteins binding and unbinding extremely rapidly (Geertsema et al., 2014; Loparo et al., 2011). This 
suggests a mechanism in which, in a low-concentration condition, a protein remains stably bound to a 
complex, while being exchanged rapidly in the presence of competing protein at high concentration. Such 
a perhaps counterintuitive concentration-dependent dissociative mechanism has recently also been 
reported for replication protein A (RPA) in S. cerevisiae (Gibb et al., 2014). Using DNA curtains and 
fluorescently labelled RPA, it was shown that RPA remains bound to ssDNA for long periods of time when 
free protein is absent from solution. In contrast, RPA rapidly dissociates from ssDNA when free RPA or 
free SSB (E. coli single-stranded DNA binding protein) is present in solution allowing rapid exchange 
between the free and bound states (Figure 1.3G). Further, in a study on the binding and unbinding kinetics 
of DNA transcription regulators in living E. coli cells, the kinetics of dissociation from chromosomal 
recognition sites was shown to be concentration-dependent (Chen et al., 2015). 
The apparent paradox between stability under high dilution and plasticity at high concentrations 
can be rationalized through a network of many weak interactions (Figure 1.4). Under dilute conditions, 
stochastic, transient disruptions of any one of the interactions within a protein complex will not result in 
dissociation of the protein, as it is held to the complex via the other bonds, and the interaction would be 
rapidly reformed (Figure 1.4A). Under more physiologically relevant protein concentrations, however, a 
protein can bind at a transiently vacated binding site and consequently compete out the original protein 
(Figure 1.4B) (Geertsema and van Oijen, 2013). This phenomenon obeys fundamental chemical and 
thermodynamic principles and can be mathematically described (Åberg et al., 2016; Sing et al., 2014). This 
multi-site exchange mechanism would allow components of multi-protein complexes to be easily 
replaced. In the case of the replisome, for example, this mechanism may represent a pathway through 
which a defective polymerase can easily be replaced, thereby insuring replication with a high fidelity. 
Furthermore this concentration-dependent exchange could provide easy access to other potential binding 
partners, like repair polymerases (Sutton, 2010). The upregulation of these repair polymerases will 
increase their copy number and stimulate the dissociation of Pol III* through the multi-site exchange 





Figure 1.4: Stability versus plasticity  
(A) Under dilute conditions, transient disruption of any one of the weak interactions holding 
a complex together would be followed by its rapid reformation, preventing complete 
dissociation of the protein from the complex. This rapid microscopic reassociation would 
allow a protein to remain stably bound to the complex. (B) If, however, there are competing 
proteins in close proximity to the complex, one of these can bind at a transiently vacated 
binding site and consequently be at a sufficiently high local concentration to compete out 





Single-molecule tools have enabled experimental access to the dynamic behaviour of complex 
biomolecular systems under physiologically relevant conditions. An important next direction is to further 
develop the single-molecule methods to study larger, more complex systems. The in vitro use of force- 
and fluorescence-based tools described in this review has matured to a point where the complexity of the 
systems under study seems without limits. Single-molecule studies of complex biochemical systems have 
already significantly changed our view of the dynamic behaviour of molecular systems. The role of 
stochastic processes in how biological macromolecules move and interact with each other has significant 
impact on how biochemical processes are controlled. Instead of deterministic pathways, multi-protein 
complexes seem to perform their tasks by choosing from a multitude of pathways, each made possible by 
the constellation of weak and strong interactions that hold such a complex together. Applications of these 
tools within cells are still comparatively limited, however, in their ability to monitor structural and 
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functional properties in real time at the single-molecule level. Further development of these tools and 
new labelling approaches are needed to further elucidate the molecular gymnastics of these complexes 













The single-molecule approach seeks to understand molecular mechanisms by observing 
biomolecular processes at the level of individual molecules. These methods have led to a 
developing understanding that for many processes, a diversity of behaviours will be observed, 
representing a multitude of pathways. This realisation necessitates that an adequate number 
of observations are recorded to fully characterise this diversity. The requirement for large 
numbers of observations to adequately sample distributions, subpopulations, and rare events 
presents a significant challenge for single-molecule techniques, which by their nature do not 
typically provide very high throughput. This review will discuss many developing techniques 
which address this issue by combining nanolithographic approaches, such as zero-mode 
waveguides and DNA curtains, with single-molecule fluorescence microscopy, and by 
drastically increasing throughput of force-based approaches such as magnetic tweezers and 
laminar-flow techniques. These methods not only allow the collection of large volumes of 
single-molecule data in single experiments, but have also made improvements to ease-of-use, 
accessibility, and automation of data analysis. 
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If we consider the molecular processes that are central to life – DNA replication, transcription, 
translation, cell division etc. – intricate, precise and highly evolved mechanisms come to mind. These 
processes have been subject to tremendous selection pressure over aeons, resulting in highly efficient 
mechanisms with little room for error. Textbooks often depict these processes moving like clockwork 
without detours or off-pathway transitions. However, a picture is now emerging of dynamic molecular 
pathways which, rather than being shepherded deterministically through a linear series of events, are 
more free-form than any textbook model (Duderstadt et al., 2016). On careful consideration, such a 
picture makes sense – kinetic pathways can only be determined by the thermodynamic boundary 
conditions of the system, an intricate interplay of interaction strengths, concentrations, avidity effects 
and catalytic rates of the molecular species involved. These all contribute to a reaction free-energy 
landscape of peaks and troughs which may result in a preferential pathway, but could allow many different 
routes (Figure 2.1). Stochasticity thus has a pervading influence and complicated, multi-faceted processes 
require plasticity to achieve robustness. Experimentally resolving the mechanistic details of such 
pathways presents a special challenge. In traditional, ensemble-based experiments, which measure the 
behaviour of a population of molecules as a whole, underlying distributions representing the diversity of 
kinetic behaviour are hidden. By contrast, single-molecule techniques follow the reaction trajectories of 
individual molecules and have tremendous power to resolve the fine details of multi-step pathways. Such 
an approach allows distributions of pathways to be measured, rather than merely the distributions of 
quantifiable endpoint parameters. For complex biological processes, heterogeneity is typically observed 
within single molecule trajectories as a function of time, as well as across many single molecules in an 
ensemble; these two types of heterogeneity are not necessarily equivalent. Static disorder describes the 
heterogeneity present across molecules and complexes that does not change through time, while dynamic 
disorder describes the changing behaviour of single-molecule trajectories through time. Truly high-
throughput single-molecule techniques should be capable of observing large numbers of molecules, each 
for a sufficient duration so that a representative sampling of both static and dynamic disorder can be 
obtained. 
When a process is comprised of a diversity of pathways, obtaining a representative sampling may 
require hundreds of single-molecule trajectories. Most single-molecule techniques, however, have only 
limited throughput, typically following trajectories of at most a handful of molecules at once. The 
experimental setup for these techniques can be time-consuming and technically demanding, often leading 
to a woefully low rate of experimental success and overall throughput. Data processing is thus an exercise 
in separating signal from noise, potentially leading to the introduction of biases in the analysis and 
interpretation that may not be discernible when curated results are published. High-throughput 
approaches promise to address these problems by improving the signal-to-noise ratio and making 
automated methods of analysis viable, and hence will be crucial to the more widespread adoption of 
single molecule techniques (Berghuis et al., 2016; Robison and Finkelstein, 2014a). Single-molecule 
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techniques include a variety of methods for following reaction trajectories of individual fluorescently-
labelled molecules, such as single-molecule FRET, as well as force-based mechanical techniques including 
atomic force spectroscopy, and optical/magnetic tweezers (Mehta et al., 1999; Moerner and Fromm, 
2003; Neuman and Nagy, 2008; Xie and Lu, 1999). In general, fluorescence-based techniques are 
particularly suited to real-time measurement of protein stoichiometries, exchange events, conformational 
changes, and enzymatic catalysis, and many of these techniques can be applied in vivo as well as in vitro. 
Although force-based techniques have a somewhat more limited scope, they are particularly suited to the 
study of protein-nucleic acid interactions and the dynamics of molecular motors – topics of particular 
interest in the field of single-molecule biophysics.  
Nucleic acids provide an ideal stage on which to observe single-molecule processes and nucleic 
acid-focussed systems have led the way since the inception of the single-molecule field. This focus on 
nucleic acids continues with the advent of high-throughput techniques, however, improvements to 
throughput are also being made in other generally applicable and specialised methods, particularly 
through improvement to optics and sensors (Gulinatti et al., 2013; Wachsmuth et al., 2015; Zhang et al., 
2015). In this review, we will discuss fluorescence and force-based single-molecule methods with a 
particular focus on platforms based on nucleic acids and how innovative approaches to increasing their 
throughput have contributed to significant new findings.   
 
 
Figure 2.1: Multi-pathway nature of biochemical processes  
(A) The multi-pathway nature of biochemical processes can be visualised as an energy 
landscape. While there may be a preferred pathway from one state to another (black), other 
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pathways can also exist (red). (B) Single-molecule methods allow these alternative 
pathways to be probed. With a large enough throughput, single-molecule trajectories 
representing alternative pathways (red) are obtained. The kinetic parameters obtained 
from these trajectories can then be plotted in histograms to visualise their distribution. In a 
low-throughput experiment (C), alternative pathways may be lost in the noise, whereas 
high-throughput techniques (D) with their much improved number of observations allow 
fine-grained binning, which can reveal the presence of small subpopulations. 
 
 
2.2 Fluorescence techniques 
 
2.2.1 Single-molecule real-time DNA sequencing 
The reigning champion of high-throughput single-molecule techniques was developed with a 
commercial motivation. Pacific Bioscience’s single-molecule real-time (SMRT) DNA-sequencing platform 
is capable of simultaneously following nucleotide incorporation events by many thousands of DNA 
polymerases, allowing rapid whole-genome sequencing (Eid et al., 2009; Hestand et al., 2016; Roberts et 
al., 2013; Zhu and Craighead, 2012). As a commercial product, the system is standardised and automated, 
including automated reagent injection, downstream data processing and analysis. Rapid DNA sequencing 
is achieved by multiplexing the sequencing-by-elongation reaction into discrete zero-mode waveguides 
(ZMWs), nanostructured reaction wells which are arrayed on a thin metal layer over a glass substrate (Zhu 
and Craighead, 2012) (Figure 2.2). In the current generation of SMRT sequencers, there are one million 
ZMWs per reaction cell. Each ZMW has dimensions smaller than the wavelength of the illuminating laser 
light, and has a volume in the zeptolitre (10-21 L) range. Since millimolar concentrations correspond to 
single molecules within zeptolitre volumes, the very small illumination volume of the ZMW allows high 
concentrations of fluorophore-labelled substrates to be present in the reaction volume. 
 The SMRT sequencing reaction is carried out by a highly processive modified 29 DNA 
polymerase enzyme tethered to the surface, with an average of one polymerase per ZMW. In the presence 
of all four dNTPs, each labelled at the terminal phosphate with a unique fluorophore, the polymerase 
carries out replication of the target DNA. By using ZMWs, dNTPs can be present at a concentration 
conducive to replication at rates of 1-2 nt/s, with minimal background fluorescence, enabling rapid 
elongation and thus sequencing. Under laser illumination, each nucleotide incorporation event is 
associated with a burst of fluorescence, the colour of which identifies the incorporated nucleotide. Multi-
megapixel image sensors record the sequence of nucleotides incorporated for each polymerase-






Figure 2.2: Zero-mode waveguides for single-molecule reaction  
(A) A ZMW. This nanostructured cavity allows a very high concentration of fluorophores to 
be used, otherwise creating too much background fluorescence. Fluorophores that remain 
within the ZMW cavity for an extended period, for example when interacting with a surface-
bound molecule, will give a burst of fluorescence well above the background. (B) In the 
SMRT sequencing reaction, fluorescently-tagged nucleotides give off a burst of fluorescence 
upon incorporation into the nascent DNA strand by the DNA polymerase that is bound to 
the bottom surface of the ZMW. From left to right: 1) An incoming cytidine triphosphate 
has a yellow fluorescent tag. 2) The labelled dCTP remains within the ZMW for an extended 
period upon capture by the polymerase and incorporation, and a pulse of yellow 
fluorescence is observed. 3) The next nucleotide to be incorporated is an adenosine, and 
prior to incorporation no fluorescence is observed. 4) Upon incorporation, a burst of blue 
fluorescence is associated with the prolonged dwell period of the blue-labelled dATP in the 
ZMW. (C) A single molecule sequencing trace is obtained, with distinct colours for each of 
the four nucleotides. Adapted from Eid et al., 2009. 
 
The single-molecule resolution, the ability to use high concentrations of fluorophore-tagged 
ligands, and the massive throughput of the Pacific Biosciences sequencing platform have also proven 
useful as a platform for basic research. Puglisi and colleagues have described how the SMRT sequencer 
can be modified for highly multiplexed studies of biomolecular interactions (Chen et al., 2014; Uemura et 
al., 2010), and they have put this system to use studying protein-RNA interaction dynamics. A recent study 
used the ZMW platform to study translation initiation at the cricket paralysis virus (CrPV) internal 
ribosome entry site (IRES), a structured feature of the CrPV mRNA which circumvents the requirement for 
translation initiation factors (Petrov et al., 2016). As such, this represents a minimal system for studying 
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the initiation of translation, with the complexity of multiple pathways associated with the various 
eukaryotic initiation factors removed. By fluorescently labelling the IRES, tRNA, and the 40S and 60S 
subunits with fluorophores of different colour, multicolour experiments using the ZMW array were 
performed to study the assembly of the 80S ribosome on the surface-immobilised IRES, as well as 
association of fluorescently labelled tRNA. Similar to the sequencing reaction, the arrival and persistence 
of any labelled component at the ZMW is measured by a step-wise increase in fluorescence, and multiple 
colours can be monitored simultaneously. This technique allows association and dissociation rate 
constants to be determined, and was used to compare the probabilities of various possible modes of 
assembly. It was found that functional ribosome assembly could occur either with the 40S and 60S 
ribosomal subunits recruited by the IRES in sequence, or simultaneously with pre-formed 80S ribosomes 
binding to the IRES, with the Mg2+ concentration controlling the balance between these two pathways. By 
using two different mRNA templates, one with the first codon of the 0 frame encoding phenylalanine, and 
another doing so with the first codon of the +1 frame, the preference of tRNAPhe-Cy3-Phe for the 0 or +1 
frame at the start of elongation was measured. It was found that binding of the tRNA to the 0 frame was 
faster and more efficient than binding to the +1 frame, and that in both cases elongation factors were 
required for efficient binding to occur. Although the ribosomal complex used by the authors represents a 
minimal system for eukaryotic translation, multiple pathways for ribosome assembly and the initiation of 
elongation were observed. This study would not have been possible without the high-throughput ZMW 
approach that allowed these different reaction pathways and conditions to be explored. 
 
2.2.2 DNA curtains 
Total Internal Reflection Fluorescence (TIRF) microscopy is one of the most successful and widely 
used techniques in single-molecule biophysics. The strength of this method lies in the selective 
illumination of only a thin layer of sample close to the surface of a glass substrate (Axelrod, 2001; Axelrod 
et al., 1984). By excluding the fluorescence from above the illuminated volume, significant background 
reduction is achieved and individual fluorophores can be imaged with high signal-to-background ratios. 
By tagging proteins of interest with fluorophores, stoichiometries, interactions, exchange events, and 
many other parameters can be tracked in vitro or in vivo. A range of imaging techniques and experimental 
strategies are available to make TIRF microscopy supremely adaptable. In protein-DNA studies, linear DNA 
molecules are typically tethered to the surface of a microscope coverslip using a binding partner that is 
randomly distributed on the surface, such as streptavidin in the case of biotin-functionalised DNA. An 
alternative strategy is the DNA-curtains technique, in which long DNA templates are aligned in rows on 
the surface (Figure 2.3). This approach has the advantages of providing a high surface density, which 
increases throughput, and greatly improving the spatial localisation of fluorescent proteins along the DNA 
sequence. This method has been pioneered by the lab of Eric Greene, relying on nanofabrication 
approaches such as electron-beam and UV lithography (Finkelstein and Greene, 2011; Gallardo et al., 
2015; Robison and Finkelstein, 2014a; Silverstein et al., 2014). In brief, these lithographic techniques are 
used to create nanofabricated chromium diffusion barriers in rows on a coverslip surface. A flow cell is 
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then assembled on top of the coverslip, and a lipid bilayer is coated onto the surface with DNA molecules 
tethered to biotinylated phospholipids in the bilayer. When buffer flow is applied, the DNA tethers diffuse 
to the diffusion barriers, resulting in the alignment of the DNA in curtains. The spacing between diffusion 
barriers is only slightly greater than the DNA length, to maximise the number of rows of curtains that can 
be imaged in a single field of view. DNA curtains are particularly well suited for observing sequence-
dependent interactions; as the tether point for each DNA template is known with high accuracy, 
sequences of interest can be closely matched to the distance from the tether point. This technique has 
become a mainstay for the Greene and Finkelstein groups, and has been used in a number of studies of 
protein–DNA interactions (Brown et al., 2016; Collins et al., 2014; Fazio et al., 2008, 2012, 2009; 
Finkelstein et al., 2010; Finkelstein and Greene, 2011; Gallardo et al., 2015; Gibb et al., 2014, 2012, 
Gorman et al., 2010a, 2010b; Gorman and Greene, 2013; Greene et al., 2010; Lee et al., 2012a, 2012b; 
Lee and Greene, 2011; Myler et al., 2016; Prasad et al., 2006; Qi and Greene, 2016; Robison and 
Finkelstein, 2014a, 2014b; Silverstein et al., 2014; Visnapuu et al., 2008; Visnapuu and Greene, 2009).  
DNA curtains are particularly well suited to identifying the means by which DNA-interacting 
proteins search for their target sequences and sites, balancing the need for speed in the search phase 
with stability in the target-bound phase (Tafvizi et al., 2011).  A recent study investigated how the 
eukaryotic mismatch repair complex Msh2-Msh3 finds its target sites on crowded DNA, in the presence 
of nucleosomes and other protein roadblocks (Brown et al., 2016). By using doubly-tethered DNA curtains 
of lambda-phage DNA (with a length of 48.5 kbp) and Msh2-Msh3 complexed with a quantum dot (QD), 
the diffusion of the complex on DNA could be visualised and tracked. To evaluate whether the protein 
diffuses on DNA using a sliding (translocation in continuous DNA contact) or hopping (correlated 
dissociation and reassociation) mechanism, the ionic strength was varied so that the level of electrostatic 
interaction with the DNA was controlled. The diffusion coefficient was observed to increase with the ionic 
strength in a manner characteristic of a mechanism of alternating hopping and sliding. In the presence of 
nucleosomes or other protein roadblocks, the Msh2-Msh3 complex was observed to bypass the roadblock 
and continue its search. In contrast, another mismatch repair complex, Msh2-Msh6, was shown in a 
previous DNA curtains study to have no dependence of diffusion coefficient on the ionic strength, 
indicative of a sliding mechanism (Gorman et al., 2007). Without hopping, this complex was shown to be 
unable to bypass roadblocks. The ability to monitor large numbers of DNA molecules simultaneously was 
crucial in allowing the authors to visualise the interplay between the repair complexes and the 
nucleosomes, and to dissect how the mode of protein translocation dictates its ability to bypass 
nucleosomal roadblocks. 
One drawback of the DNA curtains technique is the expense and difficulty of the lithographic 
fabrication methods involved. One way this could possibly be improved is by the use of soft lithography, 
in which a finely patterned, reusable elastomeric stamp is used to deposit linking molecules such as 
streptavidin onto the flow cell surface (Xia and Whitesides, 1998). Although soft lithography has been 
used to deposit patterns on surfaces in single-molecule studies, including for ordered DNA tethering 
(Biyani and Ichiki, 2015; Jo et al., 2007; Renault et al., 2003; Sperling et al., 2015; Yasaki et al., 2015), this 
30 
 
technology has not been employed yet to support the production of DNA curtains. 
 
 
Figure 2.3: DNA curtains to multiplex single-molecule observations  
(A) DNA curtains are created by anchoring long DNA molecules such as phage  DNA (48.5 
kbp) in a lipid bilayer, on top of a lithographically patterned surface. By applying a laminar 
flow, the DNA becomes aligned into a curtain at the chromium diffusion barrier. In this 
example, the downstream ends are tethered to chromium pedestals. (B) Imaging of doubly-
tethered  DNA curtains stained with the green fluorescent intercalator YOYO-1 (top panel), 
and with the addition of the quantum-dot conjugated mismatch repair complex Msh2-Msh3 
(magenta; middle panel). From the movement of individual labelled complexes, 
kymographs can be generated (bottom panel). (C) Schematic cartoon, kymograph and 
single-molecule trajectory of an Msh2-Msh3 complex (magenta) bypassing a nucleosome 
(green) by hopping, before binding to a 3' ssDNA flap lesion (red). This hopping is captured 
in the kymograph and its derived single molecule trajectory plot, in which individual hopping 
events to bypass the nucleosome (green line) are discernible at 10 s, prior to a stable 









2.3 Force-based methods 
 
2.3.1 Flow-stretching DNA 
Force-based single-molecule methods rely on the application of a stretching force to a biopolymer, 
such as DNA, and the readout of the length of the molecule as a response to that force or to proteins 
acting on the polymer. Many force-based methods use wide-field microscopy for data collection, and are 
readily amenable to scaling up by maximising the size of the field of view and the density of species of 
interest. One such method is the tethered-bead flow-stretching technique (Duderstadt et al., 2016; van 
Oijen et al., 2003). Here, antibody-functionalised microbeads are tethered to the functionalised surface 
of a flow cell via a long double-stranded DNA. A constant flow rate applies a controllable drag force to the 
beads in the low piconewton range, and they are imaged with a very high signal-to-noise ratio by dark-
field microscopy (Figure 2.4). Movement of the bead reports on changes to the DNA length, caused by 
interconversion between dsDNA and ssDNA, compaction by DNA binding factors, or the formation and 
release of topological features such as loops and coils. Because the beads are spherically symmetric, their 
centroid positions can be easily tracked by sub-pixel fitting, at a precision of 1–10 nm (Cheezum et al., 
2001; Crocker and Grier, 1996; Ober et al., 2004; van Oijen et al., 2003). This resolution is possible even 
when low-magnification optics are used, provided the resolution is sufficient that each bead projects onto 
multiple pixels on the image sensor. Brownian motion of the beads, mechanical drift and small 
fluctuations in the flow rate are the main sources of experimental uncertainty.   
The mechanism of DNA replication is a well-studied example of how a multi-protein machine 
supports a complicated series of enzymatic events, and the flow stretching technique is well-suited to 
observing its dynamics (Elshenawy et al., 2015; Hamdan et al., 2009; Jergic et al., 2013; Kim et al., 2007; 
Kulczyk et al., 2010; Lee et al., 2006; Schermerhorn et al., 2016; Tanner et al., 2008). Because duplex DNA 
is antiparallel, one nascent daughter strand, the leading strand, is extended continously in the same 
direction as replication progression, while the lagging strand is extended discontinuously to form Okazaki 
fragments in the opposite direction. Each Okazaki fragment is initiated by an RNA primer synthesised by 
the primase subunit, and is extended by the polymerase. It has been observed that under conditions in 
which the replisome is first assembled on DNA before being subjected to rapid dilution, leading- and 
lagging-strand replication persists well beyond a single Okazaki-fragment length, implying that in the 
absence of free polymerase in solution a mechanism exists to recycle the lagging-strand polymerase and 
use it to synthesize multiple Okazaki fragments (Hamdan and Richardson, 2009; Johnson and O’Donnell, 
2005; Yao and O’Donnell, 2008). In the classic ‘trombone-loop’ model for DNA replication, the lagging-
strand polymerase remains physically coupled to the replication fork, forcing DNA to loop out in between 
the helicase and the lagging-strand polymerase (Alberts et al., 1983). Following the completion of each 
Okazaki fragment, the loop is released and a new cycle begins with recycling of the polymerase to a newly 
synthesised primer. While this model was shown to describe the behaviour of the replication complex 
under conditions of assembly followed by rapid dilution, it had not been thoroughly tested in the 





Figure 2.4: High-throughput force-based single-molecule methods  
(A) Flow stretching, showing the very large field of view that can be achieved by coupling a 
low-magnification telecentric lens with a large, high-resolution image sensor (colour 
inverted). (B) An example of a single-molecule DNA replication trace obtained in the flow-
stretching technique (blue), fit with straight line segments obtained by change-point 
analysis (red). (C) A scatter plot depicting all of the change-point line segments from all of 
the bead trajectories in a single experiment. Each point represents an individual segment in 
a trajectory, plotted as a function of the segment length in nucleotides, versus the time at 
which it occurs in the experiment. Enzymes are flowed in at time zero, and reach the flow 
cell at approximately 250 s, when a large number of segments showing movement of beads 
against the flow are visible. This type of analysis can be completely automated and helps to 
separate signal from noise, providing an informative overview of the result of an 
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experiment. (D) Magnetic tweezers using wide-field microscopy, which allows dozens of 
beads to be imaged simultaneously. 
 
To understand the coordination between leading- and lagging-strand DNA replication, 
Duderstadt et al. created a DNA template for the flow-stretching technique with each end of the DNA 
attached to a bead, and with a replication fork located at the middle and bound to the flow cell surface 
(Duderstadt et al., 2016). One bead reports on lagging-strand dynamics, while the other reports on a sum 
of leading- and lagging-strand dynamics, which can be deconvoluted. The low frequency of the replication 
events being studied, and the scarcity of DNA templates with a bead bound at each end necessitated the 
scale-up of this method to high throughput. Using a low-magnification telecentric lens coupled with a 
high-megapixel camera, an ultra-wide field of view (5.3 mm x 3.5 mm) was visualised containing tens of 
thousands of beads that each could be monitored simultaneously. Key steps of the data analysis were 
automated, including identification of bead pairs, and fitting of line segments to their event trajectories 
using a statistical technique called change-point detection. This workflow ensured the data could be 
processed efficiently and sources of bias minimised. In a demonstration of the plastic, multi-pathway 
nature of DNA replication, Duderstadt et al. observed that in the presence of free polymerase in solution, 
Okazaki-fragment synthesis by the bacteriophage T7 replisome could occur either within replication loops 
or in their absence, with the majority of lagging-strand replication taking place outside the context of 
replication loops. Moreover, both modalities of DNA replication were observed within individual 
trajectories of processive replication reactions. While looping was observed during most cycles of Okazaki-
fragment synthesis, the information provided by both the leading- and lagging-strand beads indicated that 
most of these were priming loops – where DNA loops out between the helicase and primase subunits 
during primer synthesis. The detailed study of the extremely complex dynamic behaviour of the 
replication machinery relied critically on the high throughput of the flow-stretching method and would 
have been exceedingly challenging with any other technique. 
 
2.3.2 Magnetic tweezers 
A related technique, magnetic tweezers, has similarly been shown to be amenable to scaling up 
to high throughput (Berghuis et al., 2016; Cnossen et al., 2014; Dulin et al., 2015c; De Vlaminck et al., 
2011), and its application to multi-pathway processes has been described in detail (Dulin et al., 2015a). In 
this method, a force is applied to superparamagnetic beads attached to nucleic-acid polymers in a flow 
cell by using permanent magnets, and similarly to the flow-stretching technique, these are imaged and 
tracked by wide-field microscopy. To achieve high throughput, Dekker and colleagues use a relatively large 
field of view, 400 m x 300 m, with a high-resolution 12 MPix camera. As in the flow-stretching 
experiments, the power of sub-pixel fitting means that even at low magnification, the beads can be 
tracked with no sacrifice of resolution. With hundreds of tethered microbeads in the field of view, and a 
fast imaging frame rate of 58 Hz, tracking of the beads for a long-duration experiment could potentially 
cause a bottleneck in data analysis. To speed up this step, Cnossen et al. developed GPU-based tracking 
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software that makes use of the NVIDIA CUDA platform for parallelisation and tracks all the beads in real-
time (Cnossen et al., 2014). The high-throughput power of this technique has been used to study error 
incorporation by a viral RNA-dependent RNA polymerase (RdRP) (Dulin et al., 2015c). In this experiment, 
beads were tethered to double-stranded RNA, which was converted to single-stranded RNA by the RdRP, 
causing lengthening of the RNA tether and commensurate movement of the bead. An unbiased, 
automated dwell-time analysis method was applied in which the dwell times for the polymerase in 
consecutive 10-nt windows were quantified and their distributions in a range of conditions characterised. 
Distinct peak features were present in the dwell-time distribution, indicating different pathways for 
elongation with differing error rates. These include brief dwell times associated with elongation with no 
pausing, intermediate dwell times associated with pausing and error incorporation, and longer dwell 
times caused by backtracking events. The statistical significance of this analysis critically relied on access 





The growth of the single-molecule biophysics field and the adoption of its techniques by 
researchers entering the field is dependent on the development of high-throughput, adaptable and 
reliable techniques. The nucleic acid-focussed techniques reviewed in this article can certainly provide 
high throughput, however, there are still gains to be made in adaptability, expense and ease-of-use. 
Integrated systems for single-molecule experiments and data analysis are starting to become available as 
commercial packages, for example the acoustic force spectroscopy system produced by Lumicks (Kamsma 
et al., 2016; Sitters et al., 2015). Single-molecule methods could also benefit from a greater consensus 
around standards for statistical methods and standards of reporting. In contrast to many established 
techniques in biochemistry such as gel electrophoresis and chromatography, single-molecule methods 
produce data that must be extensively processed, analysed, and interpreted, and this is especially true of 
high-throughput techniques. As the field matures, it will be crucial for conventions in statistical methods 
and transparency to be developed. An example of this is the interpretation of histograms of measured 
single-molecule kinetic parameters. It is common practice to fit experimentally obtained distributions with 
a sum of multiple underlying distributions, each corresponding to an ostensibly distinct sub-population; 
however, statistical tests are often missing to justify the assumption of multi-modality. While high-
throughput techniques can greatly improve the statistical significance required to justify multi-modality, 
it can also increase the temptation to over-fit. It may also become desirable in the future for raw data 
sets, or randomly selected subsets of these, to be routinely made available online as supplementary data, 











This paper describes the fabrication of millimetre-long gold nanowires that bisect the centre 
of microfluidic channels. We fabricated the nanowires by nanoskiving and then suspended 
them over a trench in a glass structure. The channel was sealed by bonding it to a 
complementary poly(dimethylsiloxane) structure. The resulting structures place the 
nanowires in the region of highest flow, as opposed to the walls, where it approaches zero, 
and expose their entire surface area to fluid. We demonstrate active functionality, by 
constructing a hot-wire anemometer to measure flow through determining the change in 
resistance of the nanowire as a function of heat dissipation at low voltage (<5 V). Further, 
passive functionality is demonstrated by visualizing individual, fluorescently labelled DNA 
molecules attached to the wires. We measure rates of flow and show that, compared to 
surface-bound DNA strands, elongation saturates at lower rates of flow and background 
fluorescence from nonspecific binding is reduced. 
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Nanotechnology necessarily involves creating (or co-opting) and manipulating widgets or 
patterns with dimensions on the nanoscale. Creating nanoscale widgets can be done by constructing them 
from smaller components, e.g., synthesizing molecules or growing colloids, or by fabricating them from 
bulk materials, e.g., lithography. The latter approach falls generally within the purview of nanofabrication, 
which enables three important advantages of nanotechnology: the ability to interact with microscale 
objects (e.g., cells), the miniaturization of macroscale functionality (e.g., microelectronics), and access to 
very high surface area to volume ratios (e.g., nanowires). Most nanofabrication is confined to a surface, 
which acts both as a substrate for lithographic processes and as an interface between the macroscopic 
world and the nanoscopic world.  
Nanoskiving, a form of edge lithography in which planar structures are sectioned into thin slabs 
(Lipomi et al., 2011; Xu et al., 2008), circumvents some of these limitations by forming nanostructures 
inside a host matrix (usually a cross-linked polymer) (Mays et al., 2013) that can be manipulated one or 
several at a time. Compatibility of materials with nanoskiving is defined by mechanical properties (Lipomi 
et al., 2010b), and soft, organic materials that cannot tolerate typical photolithographic processing may 
be used (Lipomi et al., 2008a), such as, molecular and graphene templates to define dimensions with 
subnanometre precision (Pourhossein and Chiechi, 2013, 2012; Zaretski et al., 2015). While nanoskiving 
can be used to fabricate arbitrary shapes (Lipomi et al., 2010a; Xu et al., 2007, 2006b), it can also be used 
to form nanowires directly from thin films embedded in polymer matrices (Wiley et al., 2008) and planar 
crystals (Lipomi et al., 2008b; Wan et al., 2015). The simplest case, sectioning thin metal films, produces 
metallic nanowires with control over all three dimensions, that can be millimetres long (Xu et al., 2006a, 
2004). These wires can be transported, positioned, and aligned directly under a light microscope via the 
(sacrificial) host matrix (Lipomi et al., 2009). This combination of properties is unique to nanoskiving, 
directly coupling macro- and nano-regimes and affording access to the entire surface area of the resulting 
nanowires. 
Although nanowires fabricated by nanoskiving are produced serially, this does not have to be a 
limitation for applications that exploit the functionality of single nanowires, such as microfluidics (Dawson 
et al., 2011). Placing nanowires on the floor of a microchannel, however, confines them to a surface and 
does not take advantage of their discrete nature; there is little functional difference between a thin, 
photolithographically patterned strip of metal or a nanowire lying flat on a surface. In microfluidic devices 
viscous forces tend to dominate, leading to laminar flow. The flow profile in this case is zero at the 
solid/liquid interface and at a maximum in the centre of the channel. In sufficiently small channels with 
large surface-to-volume ratios, this profile is confined such that flow is near zero over a large portion of 
the channel. Therefore, experiments or measurements that utilize flow, but involve structures anchored 
to a surface in the channel for flow interaction in regions that are near or at zero flow, will yield results 
that are not fully representative of the flow profile. A common example of this problem arises in the in 
situ measurement of rates of flow. Planar lithography confines metallic features to two dimensions and 
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anchors them to a surface, requiring two sensing elements and a heating element to measure flow 
resistively (Schöler et al., 2005). Microelectromechanical systems (MEMS) can measure flow mechanically, 
e.g., using external optics (Sadegh Cheri et al., 2014), but at the expense of sensitivity and the simplicity 
of resistive measurements. Another example of an experiment requiring flow in a passive microfluidic 
system is the study of flow elongation in which long macromolecules (e.g., DNA molecules) are confined 
to a microfluidic channel and pulled taut by flow for visualization by single-molecule fluorescence (Dulin 
et al., 2013; Hua et al., 2014; Robinson and van Oijen, 2013). If macromolecules are attached to the surface 
of the bottom of a channel, they are placed in a region of near-zero flow and require high flow rates to 
achieve elongation. Moreover, nonspecific binding of, in particular, biological molecules to surfaces can 
significantly lower the recorded signal-to-background ratio of the bound macromolecules of interest. Both 
of these examples – one active and one passive – would benefit from the (nanoscale) objects of interest 
being elevated from the surface and held in the centre of the channel where the flow is the highest. 
However, to do so requires the ability to place discrete, three-dimensional nano-objects at arbitrary 
positions inside a microchannel, exposing the entire surface area to the fluid environment. 
We bisected microfluidic channels with millimetre-long gold nanowires fabricated by 
nanoskiving. A schematic of the device architecture is shown in Figure 3.1. We used glass and 
poly(dimethylsiloxane) (PDMS) for the rigidity and ease of fabrication, respectively. Holes can be made 
through the top or bottom layers to access the ends of the nanowires. Because the nanowires extend 
sufficiently far from the channel, these holes can be drilled or punched by hand and filled with conductive 
paste to connect the wires to macroscopic leads. The fabrication process is extraordinarily simple due to 
the discrete nature of nanowires formed by nanoskiving; they are not formed in templates, grown from 
surfaces, or captured from a liquid suspension. They can be placed one-at-a-time or in arrays as part of a 
convergent fabrication; that is, the channels are fabricated independently and therefore can be combined 
with wires of arbitrary compositions and dimensions without requiring alteration. This simple, convergent 
fabrication also enables control over the rotation (about the axis normal to the bottom of the channel), 
height (relative to the bottom of the channel), spacing (of multiple wires), and position (with respect to 
the inlet and outlet). To demonstrate the utility of integrating discrete nanowires into microfluidic 
channels, we designed experiments using two device architectures, one active and one passive. The active 
device demonstrates a two-terminal, hot-wire anemometer that samples flow in the centre of the channel 
in which the entire surface area of the wire is in contact with the fluid being measured. The passive device 





Figure 3.1: Fabrication scheme and schematics of a microfluidic channel bisected by a gold 
nanowire  
(A) Epoxy blocks containing strips of gold are mounted in an ultramicrotome. (B) The blocks 
are sectioned to produce epoxy slabs containing gold nanowires from the cross section of 
the gold films. (C) The slabs are placed over a pre-etched trench in a glass substrate, and 
the epoxy is removed by plasma etching to leave a free-standing gold nanowire (see Figure 
3.2). (D) Left: Schematic of an intact device with access ports for electric leads. Right: Cross-
section of the channel showing the positioning of the nanowire. 
 
 
3.2 Results and Discussion 
 
3.2.1 Fabrication  
Gold nanowires were fabricated by using nanoskiving. A 200 or 400 nm thick gold film was 
embedded in a block of epoxy from which 200 nm thick slabs were cut and floated onto a water bath using 
an ultramicrotome. These slabs containing nanowires were transferred from the water and positioned 
over 30 m deep trenches etched in glass substrates. The epoxy matrix was then removed by etching with 
O2 plasma to yield free-standing nanowire(s) spanning the trench in the etched glass. The yield of the 
wires (when using a well-maintained knife) was 100%. The devices were completed by sealing a 
complementary PDMS channel, also 30 m deep, to the glass to form a closed channel. By stacking gold 
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films, several wires can be installed with arbitrary separation and composition in one channel in a single 
fabrication step. A detailed description of the entire fabrication procedure is provided in 3.5 
Supplementary Material. 
The microfluidic devices were characterized at all stages of fabrication using a combination of 
optical microscopy, scanning electron microscopy (SEM), and electrical measurement. An image of the 
finished device is shown in 3.5 Supplementary Material (Figure 3.S5). To verify that the gold nanowires 
are suspended freely over the channel, SEM images of the etched glass/nanowire assembly were acquired 
at a 45° angle (after etching the epoxy). An example of a 200 × 200 nm square nanowire spanning the 
entire width of a 70 m wide trench etched in glass is shown in Figure 3.2. The wire is completely 
suspended and does not contact the surface of the glass inside the trench. The angle of the wire with 
respect to the channel is controlled by rotating the epoxy section containing the wire while the carrier 
water from the ultramicrotome boat dries. We found it possible, but difficult, to achieve perfectly parallel 
wires; however, the angle had a negligible impact on the subsequent experiments.  
 
 
Figure 3.2: SEM of suspended gold nanowire 
SEM of 1.5 mm × 200 nm × 200 nm gold nanowire suspended over a 70 m wide, 20 m 
deep trench etched into a glass substrate. 
 
3.2.2 Hot-wire anemometry 
Sensors that utilize the principle of heat dissipation can be classified as hot-wire, hot-film, or 
calorimetric. In microfluidics, the rate of flow can be determined by measuring changes in conductivity 
affected by changes in temperature as the carrier liquid flows past a metallic conductor. To avoid the risk 
of physically changing flows in microchannnels by the insertion of relatively bulky structures to measure 
flow rates, the heating and sensing elements (e.g., “nanowires” in the form of thin strips of metal) are 
placed at the bottom of the channel where the flow is near zero. This precludes simple hot-wire 
anemometry and necessitates more complex, multiwire architectures that include separate heating and 
sensing elements. Nanowires are small enough that they will not disrupt flow and so can be placed directly 
in the centre of the channel without affecting it. To demonstrate the utility of bisecting microfluidic 
channels with nanowires fabricated by nanoskiving, we constructed a simple hot-wire anemometer using 
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only a single wire as both the heating and sensing element. 
The dimensions of the microfluidic channel test-bed are shown in Figure 3.1. Ethanol was 
injected continually into the channel using a syringe pump, and the current response monitored as a 
function of flow rate at 0.5, 1.0, 1.5, and 2.0 V (Figure 3.S9). Joule heating causes the resistance of the 
nanowire to increase, which is counteracted by the transport of heat away from the wire by the carrier 
liquid. Higher rates of flow cool the wire more, and higher voltages give higher sensitivity. Thus, the 
current at a fixed voltage rises to a plateau as the rate of flow is increased. In order to relate the 
conductance of the nanowire to flow rates, we replotted these plateaus as relative conductance G/G0 
versus pump flow rate, where G is the conductance at a plateau and G0 is the conductance at zero flow. 
These data are shown in Figure 3.3A over a range of 0 to 30 L/min with increases of 10 L/min in each 
step. Data acquired for a nanoskived nanowire placed at the bottom of a channel are shown in red for 
comparison. These plots clearly show that G/G0 varies with the rate of flow when the nanowire is freely 
suspended in the channel, but not when it is placed on the floor. Increasing the voltage increases the 
sensitivity (and the magnitude of G/G0) for the suspended nanowire, but not sufficiently to detect the rate 
of flow when the nanowire is placed on the bottom of the channel. Ramping the flow rate up and then 
back down has no effect on the initial value of G/G0, indicating that there is no hysteresis associated with 
this approach. Although we only report data up to 30 L/min, the wires are mechanically stable to 
sufficiently high rates of flow to rupture the devices; we were unable to break the wires from sheer alone. 
 
 
Figure 3.3: Nanowires bisecting microfluidic channels as hot-wire anemometers 
(A) and (B) Plots of flow sensor data (A) and simulation (B) from hot-wire anemometers 
formed by bisecting microfluidic channels with Au wires (green) and placing the wires on 
the floor of the channel (red). The data show the conductance versus rate of flow at 2.0 V 
(squares), 1.5 V (circles), 1.0 V (triangles), 0.5 V (upside-down triangles), and 0 V (exes). 
 
3.2.3 Simulations 
To gain further insight into the effect of the position of the wire on the sensitivity of the hot-wire 
anemometry, we modelled the change in the conductivity of the nanowire numerically using a three-
dimensional finite-element simulation (see 3.5 Supplementary Material for details). Figure 3.3B shows 
simulated data based on the geometry and materials used in the actual device. The simulation agrees 
qualitatively with the experimental data and is in very close numerical agreement when the wire is 
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bisecting the channel, but overestimates the response when the wire is placed on the floor of the channel. 
The probable origin of this discrepancy and the dependence of the sensitivity on the position of the 
nanowire can be seen in the heat map plots shown in Figure 3.4. The temperature distribution in the 
centre of the microchannel is comparable for both nanowire positions, and, as predicted, the bisecting 
wire is in the region of highest flow, while the flow velocity approaches zero at the floor. However, the 
dominant effect is the proximity of the wire to the glass substrate, which acts as a heat sink, effectively 
masking the relatively small changes in heat dissipation from the carrier liquid. That is, when the nanowire 
is suspended freely in the microchannel, the entire surface is in contact with the carrier fluid, and 
therefore heat dissipation is dominated by the fluid. When the wire is placed on the floor, however, one 
surface is in contact with the relatively enormous mass of the glass substrate, which dominates heat 
dissipation; that is, the wire just equilibrates with the glass. 
The simulation results confirm that the operation of the hot-wire anemometer is contingent upon 
the entire surface area of the portion of the wire that spans the channel contacting the carrier fluid. Thus, 
this method of flow-sensing is nanoscopic in origin and relies on the ability of nanoskiving to produce 
discrete, three-dimensional nanowires that can be positioned arbitrarily. It is also simple, requiring only 
the ability to apply voltage and measure current. For potential applications beyond this proof-of-concept, 
the choice of nanowire dimensions and composition is limited only by the loose constraints of nanoskiving. 
 
 
Figure 3.4: Simulated temperature when nanowire is positioned at the centre or at the 
channel floor  
Comparison of the simulated temperature distribution in the centre of the microchannel 
for nanowires positioned at the channel floor and at a height of 20 m for a rate of flow of 
30 L/min. 
 
3.2.4 Suspended DNA curtains 
The observation of protein−DNA interactions at the single-molecule level represents a powerful 
approach to understand the molecular mechanisms that are responsible for the copying, reading, and 
repairing of the genetic information stored in DNA (Dulin et al., 2013; Hua et al., 2014; Robinson and van 
Oijen, 2013). A frequently used method relies on the fluorescence imaging of long, stretched DNA 
molecules and the proteins interacting with it. A common requirement for such techniques is the coupling 
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of one end of a long, linear DNA molecule to a planar surface (Granéli et al., 2006) and its stretching by a 
laminar flow (Tanner et al., 2009; Tanner and van Oijen, 2010). However, a major drawback of this 
approach is that the DNA molecule and proteins bound to it are susceptible to nonspecific interactions 
with the surface (Fazio et al., 2008; Granéli et al., 2006; Ha et al., 2002; Hua et al., 2014; Rasnik et al., 
2004). Further, stretching surface-tethered DNA molecules by flow is challenging because of the low rate 
of flow close to the surface in a laminar, Poiseuillian flow. By binding DNA molecules to a gold nanowire 
bisecting a flow cell (microfluidic channel), we anchor DNA molecules far away from the four walls of the 
channel, thereby preventing any interaction of the DNA with the surface. Furthermore, being attached to 
an elevated nanowire, the DNA molecules experience a more uniform flow and higher rate of flow than if 
they were tethered to a surface, allowing a lower overall rate of flow. 
The attachment of many linear DNA molecules to a suspended nanowire results in a pattern that 
is defined as a “DNA curtain” (Collins et al., 2014). A curtain of DNA molecules grants the possibility of 
recording several single-molecule events at the same time and allows the study of DNA−protein 
interactions at high local DNA concentration. These curtains are usually formed by planar lithography, 
using e-beam writing and etching to define barriers that interrupt a passivating lipid layer. Defining this 
passivating layer is a critical step in the formation of the curtains and for imaging the DNA. Bisecting 
microfluidic channels simplifies the formation of curtains by eliminating the planar lithography steps and 
obviating the need for passivation of a surface. In principle, these advantages come without any significant 
loss in the quality of the recorded images as compared to fluorescence imaging approaches visualizing 
proteins interacting with long DNA molecules. 
Using a similar channel geometry as shown in Figure 3.1, we coupled DNA molecules to the 
suspended nanowires using standard Au−S chemistry to attach biotin/streptavidin followed by the 
introduction of biotinylated DNA. By specifically coupling one end of linear lambda-phage DNA (48.5 
kilobases of double-stranded DNA; contour length 16.3 m) to the nanowire, we obtained a curtain of 
DNA molecules that can be stretched by flow. Stable attachment at only the biotinylated end of the DNA 
was confirmed by reversing the flow direction. The DNA density on the nanowire was controlled by varying 
the DNA concentration and the time of incubation. At sufficiently low densities, single molecules could 
easily be resolved. Figure 3.5 shows a DNA curtain attached to a nanowire (in the presence of intercalating 
dye to stain the double-stranded DNA fluorescently) alongside an image of surface-bound DNA molecules. 
Other than the obvious difference between DNA molecules arranged along a nanowire and molecules 
randomly bound to a surface, the experiment using the nanowire results in fewer image artefacts due to 
nonspecific binding (visible as diffuse shapes between isolated DNA molecules in the left image). Intensity 
profiles along the lengths of DNA molecules (Figure 3.5; top and bottom) show that the signal intensity is 
indeed slightly higher and more uniform in the curtain than in the randomly bound surface case. We 
ascribe this difference to the complete lack of background signal from the separation of the curtain from 





Figure 3.5: Averaged fluorescence images of immobilized DNA elongated by flow 
Intercalating dye (SYTOX Orange) was present in solution to specifically stain and visualize 
double-stranded DNA. Left: Typical experiment in which the DNA is bound to random 
positions on the bottom surface of a microfluidic channel. Right: Typical experiment in 
which the DNA is bound to a gold nanowire bisecting the microfluidic channel at the 
midpoint. The position of the nanowire is indicated with a white arrow. A curtain of DNA 
extends outward from the wire in the direction of flow (from left to right). Intensity profiles 
corresponding to the green and red dashed lines are shown above and below the images; 
the x-axis is the displacement along the dashed lines. In the surface-bound experiment (left, 
top) there is significant background from nonspecific binding and lower signal intensity. In 
the nanowire bound experiment (right, bottom) there is no nonspecific binding, leading to 
a significantly reduced level of background and a higher signal intensity. 
 
The ability to image individual, nanowire-coupled and flow-stretched DNA molecules at high 
signal-to-background ratios allowed the determination of the length of the DNA molecule as a function of 
rate of flow, ranging between 1 and 40 L/min (measured at the pump). These flow−extension data are 
shown in Figure 3.6. At low rates of flow, large DNA fluctuations orthogonal to the flow direction were 
visible and the total DNA extension was measured to be significantly less than the contour length. This 
behaviour represents the entropic collapse of the long DNA molecule at low stretching forces (Bustamante 
et al., 2000). At a high rate of flow, such fluctuations were no longer visible and the hydrodynamic force 
increased the mean extension of the DNA molecules. The relation between a force applied to the DNA 
and its extension has been extensively studied and is well described by the worm-like chain (WLC) model 
(Baumann et al., 1997; Bustamante et al., 2000, 1994; Marko and Siggia, 1995). In our setup, the tension 
along the DNA molecule decreases as one moves from the tethered end to the free end, instead of being 
44 
 
uniformly applied to the end as assumed in the WLC model. However, even in this case the length will 
asymptotically approach the contour length (0.34 nm per base pair) (Granéli et al., 2006). The lengths of 
six DNA molecules at various rates of flow were measured, and their average length was normalized by 
their average length at 40 L/min (Figure 3.6). At relatively low rates of flow, 5 L/min, the DNA reaches 
75% of its contour length. By contrast, DNA bound to the floor of the same microchannel did not reach 
75% extension until 15 L/min. The origin of this difference is the higher rate of flow experienced by the 
nanowire-bound DNA, demonstrating that the presence of the nanowire does not interfere significantly 
with laminar flow in the centre of the channel. Although we do not have experimental evidence that the 
wires have no effect on laminar flow at all, this observation is important, as the apparent noninterference 




Figure 3.6: Extension-force curve of lambda-phage DNA 
(A) Sequential images of the elongation of lambda-phage DNA bound to a gold nanowire 
bisecting the microfluidic channel at the midpoint. (B) Extension−force curve of lambda-
phage DNA showing the normalized length averaged from six DNA molecules bound to 
nanowires (green squares) and from 12 DNA molecules bound to the surface of the same 
device (red triangles) versus rate of flow. It shows the influence of the different flow 




3.3 Conclusions  
 
Applications of microfluidic devices that take advantage of flow, but that are constrained to the 
solid−liquid interface at the walls of the channel, require high rates of flow and must compete with 
nonspecific binding. Measurements of flow upstream or downstream of an experiment are often limited 
to sampling the rate of flow at the walls, where it is lowest. Bisecting a microfluidic channel with a gold 
nanowire allows experiments to be performed in the centre of the channel, where the rate of flow is the 
highest. Measurements of flow can then be conducted at the region of the highest rate of flow and directly 
at a point of interest. However, forming the discrete, millimetre-long gold nanowires necessary to bisect 
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microfluidic channels is prohibitively complex using standard lithographic techniques. Nanoskiving 
enables the fabrication of these ultralong nanowires and facilitates the implementation of the wires, 
which are simply scooped off of the surface of a water bath directly onto a channel as they are formed. 
While it is possible to place very thin (micrometre-sized) wires in a microfluidic channel, true nanoscale 
wires benefit from a very large surface-to-volume ratio, low drag, and minimized effects on laminar flow. 
Methods of flow sensing based on heat dissipation rely on a heating element and a downstream 
sensor to achieve a temperature gradient sufficient to measure a change in conductivity. However, a 
single nanowire is sensitive enough to serve both as the heating and sensing element if it is suspended in 
a microfluidic channel. Finite-element analysis reveals that this sensitivity arises from having the entire 
surface area of the wire in contact with the carrier liquid, eliminating the mass of the substrate as a heat 
sink. Binding DNA molecules to nanowires similarly exposes the entire surface of the nanowire−DNA 
assembly to the carrier fluid, eliminating background signal from nonspecific binding in fluorescence 
experiments and forming a curtain of DNA along the length of the nanowire. Flow-elongation 
measurements reveal that the DNA reaches maximum extension at lower rates of flow (measured at the 
pump) because the rate of flow within the channel is highest away from the walls of the channel.  
This fabrication technique provides the ability to place a nanoscale object directly in the centre 
of a microfluidic channel, gaining access to the peak rate of flow. We demonstrate the technique with 
gold nanowires, but nanoskiving is compatible with virtually any nonbrittle material. Any experiment or 




3.4 Materials and Methods 
 
Gold nanowires were fabricated by nanoskiving. First, 200 or 400 nm thick gold films were 
deposited onto a silicon wafer (used as-received) through a Teflon mask by thermal evaporation. The gold 
films were then covered with a layer of Epofix epoxy (Catalog #1232, Electron Microscope Sciences), and 
after curing, the epoxy was separated from the wafer mechanically. The gold films remained attached to 
the epoxy. The epoxy was rough cut with a jeweller’s saw into small enough pieces to fit into a “coffin 
mould” used to form standard blocks for ultramicrotomy. The mould was filled with more epoxy and then 
cured at 60 °C overnight. The result was a 200 or 400 nm thick gold film embedded in a block of epoxy. 
The 200 nm thick slabs were sectioned and floated onto a water bath using an ultramicrotome (Leica UC-
6). These slabs, containing nanowires, were transferred from the water onto the appropriate substrate 
(e.g., etched glass). Nanowires were liberated from the epoxy matrix by O2 plasma dry etching for 1 h at 
100 mTorr, 30 W, using a Harrick plasma cleaner. 
For the glass substrates, a prefabricated 4 ft square Borofloat wafer coated with chromium and 
photoresist (Telic, USA, MED027021P) was exposed to a UV light source through a semitransparent mask. 
Developer (AZ 351 B developer, AZ Electronic Materials, Germany) was used to remove the exposed 
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photoresist. Chrome etch (chrome etch 18, OSC-OrganoSpezialChemie, Germany) was used to remove 
the chrome layer beneath. The exposed glass was etched using HF. After etching, the unexposed 
photoresist and chrome were removed using acetone and chrome etch. 
Soft lithography was performed using a 40 m high SU-8 master fabricated on a glass Borofloat 
wafer (10 cm diameter, 0.7 mm thick). The wafer was cleaned following standard wet cleaning protocols 
and dried on a hot-plate. A spin coater was used to coat the wafer with a 40 m thick layer of SU-8 50 
(Microchem). After a baking step to evaporate the solvent in the SU-8, the wafer was exposed to UV light 
through a semitransparent mask. After exposure a baking step was preformed to cross-link the exposed 
SU-8. Developer (md-Dev 600, Micro Resist Technology, Germany) was used to remove the unexposed 
SU-8. PDMS monomer (Sylgard 184, Dow Corning) was mixed with PDMS curing agent in a 10:1 (w/w) 
ratio, and the mixture was placed under a vacuum for 30 min to remove any bubbles. The uncured PDMS 
was poured over the wafer and cured on a hot-plate for 3 h at 60 °C. After curing, the desired patterns 
were cut from the PDMS slab using a sharp razor blade. To create fluid inlets and outlets, a biopsy puncher 
with a diameter of 1.2 mm was used. 
For flow-sensing measurements the nanowire was connected with a Keithley 2400 SourceMeter. 
The I−V plots of the nanowire suspended in the microfluidic channel before and after the injection of 
ethanol were recorded before the flow measurements. The current through the nanowire at different 
voltages was recorded with a step size of 0.1 V. After that, a series of voltages (0.5, 1.0, 1.5, 2 V) was 
applied to the nanowire, and the resulting current was measured over time at different rates of fluid flow. 
The fluid inlet of the nanowire device was connected to a 10 mL syringe (Terumo Syringe) with a diameter 
of 15.8 mm, and the fluid outlet was coupled to a waste beaker. Polyethylene tubing (PE60, 0.76 mm inner 
diameter, 1.22 mm outer diameter, Bioseb) was used to make the fluid connections. The inlet rates of the 
flow were set manually by a syringe pump (Spritzenpumpe LA-100, Landgraf Laborsysteme HLL GmbH). 
The used fluid was ethanol. 
We used a finite-element simulation (COMSOL Multiphysics) to model a simplified three-
dimensional geometry of a microchannel with a 75 m (width) by 60 m (height) rectangular cross section 
and a length of 70 m. A nanowire with a quadratic cross section of 200 nm by 200 nm bisects the 
microchannel at 20 m channel height 25 m downstream of the inlet or is positioned at the floor of the 
microchannel, respectively (see Figure 3.4). 
The stationary flow profile in the channel was calculated by evaluating the Stokes equation for 
an incompressible fluid (using the viscosity and density of ethanol). No-slip conditions were chosen for all 
boundaries except for an outlet (0 Pa exit pressure) and an inlet with a laminar inflow rate ranging from 
0 to 30 L/min (at a constant inflow temperature of 293 K). The electrical current through the nanowire 
was modelled by using the boundary conditions of a potential difference applied at both ends of the 
nanowire (electrical conductivity of gold) separated by 75 m. In the experiment, the nanowire extends 
beyond the width of the microchannel, and thus, the potential difference is applied effectively over a wire 
length of several hundred micrometres. In the simulation, identical potential drops per wire length were 
used. For better comparability, in Figure 3.3B, the simulated potentials are stated as values corresponding 
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to the equivalent longer experimental wire lengths.  
To simulate heat transfer caused by the electrical current, the nanowire was coupled to the 
surrounding liquid by employing a heat equation for convective and conductive heating. As boundary 
conditions, thermal isolation was chosen for the side walls and ceiling of the microchannel; heat 
dissipation at the microchannel floor was modelled by a borosilicate block of 20 m height underneath. 
Flow cells were constructed to allow the incorporation of a suspended nanowire. Glass coverslips 
(Marienfeld-Superior) were cleaned by successive sonication in 2% (v/v) Hellmanex III (Hellma Analytics), 
in 100% ethanol (Avantor), and in 1 M KOH (Sigma-Aldrich). After each step, the slides were rinsed 
thoroughly with Milli-Q water. The coverslips were 60 mm long, 24 mm wide, and 0.13−0.16 mm thick. 
On each slide, two strips of 50 m thick double-sided tape (3M) were deposited so that a 40 mm × 4 mm 
sized channel was obtained. A 0.7 mm thick, 5 mm × 45 mm sized Borofloat glass (TELIC) was used as the 
flow chamber top. A 60 m wide and 20 m deep channel was excavated in this slide by HF etching (see 
above). Two holes 40 mm apart were made in the channel for the inlet and outlet tubing.  
Subsequently, an array of gold nanowires was deposited across the channel. The gold nanowires 
had a diameter of 400 nm and a length of 1.5 mm. With the nanowires on the bottom face, the etched 
slide was positioned on the two tape strips while taking care that the etched channel was centred. The 
assembled flow cell was sealed with epoxy (Bison). Two homemade ports (3D printed in ABS) were glued 
with epoxy on top of the inlet/outlet holes. They were used as support for the polyethylene tubing (PE60, 
0.76 mm inner diameter, 1.22 mm outer diameter, Bioseb). After placing the flow cell on the microscope 
sample stage, the outlet tube was connected to a syringe pump (New Era Pump Systems Inc.) used to 
control the flow of buffer. 
The gold nanowires were modified with DNA molecules tethered through Au−S bond and 
biotin−streptavidin−biotin linkages. First, the suspended gold nanowires in the flow cell were incubated 
with 10 mM cysteamine (cysteamine hydrochloride from Sigma-Aldrich) in ethanol for at least 2 h, 
functionalizing the surface with primary amines via the formation of a self-assembled monolayer. After 
washing the ethanol solution out, the modified gold nanowires were incubated with 0.3 mg/mL NHS-
biotin (Thermo Scientific) in PBS (pH = 8.2) for 1 h to functionalize them with surface-bound biotin. 
Subsequently, they were incubated with 0.2 mg/mL streptavidin (Sigma-Aldrich) in PBS (pH = 8.2) for 30 
min to bind the biotin, resulting in nanowires modified with surface-bound streptavidin. Finally, forked 
lambda-phage DNA molecules, biotinylated at the 5′ end of the fork, were flowed into the chamber in 20 
mM Tris.HCl pH 7.5, 2 mM EDTA, 50 mM NaCl, 1 mg/mL bovine serum albumin, and 0.025% Tween-20. 
Excess DNA was removed by washing with the same buffer. SYTOX Orange (100 nM, Invitrogen) was used 
to stain the DNA molecules. The Sytox-stained DNA molecules were excited with a 532 nm solid-state laser 
(Coherent Sapphire 532-200 CW) at 25 W cm−2 in epifluorescence mode. The resulting fluorescent signal 
was collected through a 100x oil-immersion TIRF objective (Olympus, 1.49 NA) and recorded on an EM-





3.5 Supplementary Material 
 
3.5.1 SEM 
Scanning electron microscope images of the single gold nanowires were acquired using a field 
emission SEM (Jeol JSM 7000F) operating at 5 kV. SEM analysis was undertaken for visual characterization 
of nanowires and determination of the dimensions of the wires. A nanowire (or array of nanowires) was 
placed on the etched glass substrate and a thin layer of gold was sputtered on the top to avoid charging 
artefacts. An SEM image of a 200 nm x 200 nm gold nanowire is shown in Figure 3.S1. A top-down image 
of a 200 nm x 200 nm gold nanowire suspended over a trench etched into glass is shown in Figure 3.S2. 
 
 
Figure 3.S1: SEM image of a gold nanowire with the width of 200 nm 
 
3.5.2 Choice of fluid 
All of the flow sensing data are from channels filled with ethanol. We chose ethanol for experimental 
convenience because the surface tension of water is sufficient to break the nanowires upon introduction 
to the channel. However, we were able to use pure water by first filling the channels with ethanol and 
then introducing water as long as no bubbles were introduced. The DNA stretching experiments described 




Figure 3.S2: An SEM image of a nanoskived nanowire suspended over a trench with the 
width of 70 m on glass substrate 
 
3.5.3 Flow sensor – Device fabrication 
Figure 3.S3 shows a schematic overview of the steps in the device fabrication. The device consists 
of a glass bottom part and a PDMS top part, each containing a channel structure. Both parts are bonded 
together with the structures facing each other and the nanowire positioned in between. The bottom part 
was first etched in glass as described above (Figure 3.S3A). A sand blaster (Sandmaster FG 2-94) was used 
to create holes for contacting wires (Figure 3.S3B). The holes were positioned approximately 2 mm from 
the centre of the channel. Next, two contact wires were added (0.1 mm tin wires) through the holes 
(Figure 3.S3C) and the glass was mounted on a microscope slide using epoxy glue for easy handling and 
mechanical stability. A nanoskived epoxy section containing a 200 nm x 200 nm gold nanowire (or an array 
of wires) was transferred to the glass bottom of the device, over the centre of the channel (Figure 3.S3D). 
The epoxy matrix was then removed using oxygen plasma etching (Figure 3.S3E). The top PDMS part was 
then fabricated as described above. A 3 mm-diameter biopsy puncher was used to create two holes in the 
PDMS top part, one on either side of the centre of the channel, approximately 0.5 mm from the sides of 
the channel. These holes are later filled with silver paste to connect each end of the nanowire electrically 
with a contact wire. The glass and PDMS parts of the device were then irreversibly bonded. This was done 
by briefly exposing both parts to oxygen plasma and then bringing both surfaces in contact with each 
other (Figure 3.S3F). A custom-built aligner (Figure 3.S4) was used to align both parts prior to bonding. 
The aligner consists of a bottom and top stage that can be moved independently. The bottom stage has a 
trench in which a standard microscope slide (2.6 cm width) can be placed. The top stage consists of an 8 
cm x 8 cm glass plate that can be moved vertically. The bottom stage can be rotated and moved parallel 
to the top stage. To align two parts, one part is placed on the bottom stage and the second part is attached 
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to the top stage. The top stage is then lowered until both parts are in close proximity. Alignment can be 
accurately performed by manipulating the bottom stage. Since the top part and the top stage are both 
transparent, the alignment can be done while observing both parts simultaneously from the top using a 
microscope. When the parts are properly aligned, we lowered the top stage further until both parts were 
in contact with each other. In the last step the nanowire was electrically connected to the contact wires 
by adding a drop of silver paste into the two contact holes. The total dimensions of the top and bottom 
parts of the device are roughly 2 cm x 1 cm, which was mounted on a microscope slide with dimensions 
of approximately 2.5 cm x 2.5 cm. The length of the channel was 1.0 cm. Devices with glass and PDMS 
channels of respectively 60 m and 80 m in width were designed. The PDMS channels have a depth of 
20−40 m (defined by the spin speed during SU-8 film formation). The channels in the mask used for HF 
etching were 20 m wide. This should yield glass channels with a depth of 20 m. The resulting width of 
a glass channel is around 70 m measured by SEM.  
Figure 3.S6 is an optical micrograph showing two gold nanowires before the epoxy is etched, 
placed over a trench etched into glass. It shows how far the wires extend past the trench on both sides. 
The nanowires are labelled in red and are only visible as thin lines from the index mismatch between 
epoxy and gold (they are too small to visualize at that magnification). The colourful lines are the result of 
interference from wrinkles in the epoxy. The dimensions of these devices are such that several wires can 
bisect a single channel allowing for multiple experiments in a single channel and fabrication procedure. 
 
 
Figure 3.S3: A schematic overview of the device fabrication 
(A) The bottom half of the channel is etched in glass. (B) Contact holes are created using a 
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sand blaster. (C) Metal contact wires are added. (D) A nanoskived section containing a gold 
nanowire is added. (E) The epoxy from the section is removed using oxygen plasma, leaving 
the nanowire behind. (F) The PDMS top is bonded to the glass bottom, sealing the channel. 




Figure 3.S4: An image of the custom-built aligner used to accurately align both parts of 
the device  
The image shows the aligner positioned on the base plate of a microscope. The grey arrows 
indicate the different ways in which the stages can be manipulated. The top stage contains 
a transparent piece of glass so that both parts of the device can be viewed simultaneously 





Figure 3.S5: An image of fabricated microfluidic channel device for flow sensing 
 
 
Figure 3.S6: An optical image of a nanoskived section containing two gold nanowires 
 
3.5.4 Resistance versus temperature measurements 
The influence of a change in temperature on the resistance of a gold nanowire was measured. A 
nanoskived gold nanowire (200 nm x 200 nm) was placed on a piece of glass and connected to two metal 
contact wires (0.1 mm diameter, tin) using silver paste. The wires were connected to a multimeter (Fluke 
10). The nanowire was placed on a hot plate with a digital temperature display. The temperature was set 
to different values and the resistance was recorded when the temperature stabilized. This temperature is 
probably an over estimation of the real temperature of the nanowire since the temperature sensor in the 
hot plate is located closer to the heat element than the nanowire. The resistance of a nanowire as a 
function of temperature is shown in Figure 3.S7. The resistance of gold nanowires shows linear 
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relationship with the temperature. 
 
 
Figure 3.S7: The resistance of a nanowire as a function of temperature 
 
The relation between temperature and resistivity is described by the Temperature Coefficient of 
Resistance (TCR) in Equation 3.1.  
 
 𝑅(𝑇) = 𝑅(𝑇0)[1 + 𝛼0(𝑇 − 𝑇0)] (Equation 3.1) 
 
In this equation, R(T) is the resistance in  at temperature T in °C, R(T0) is the resistance in  at reference 
temperature T 0 in °C and0 is the TCR in °C−1. The TCR can be explained as the change in resistance per 
unit of temperature, expressed as a fraction of the resistance at a reference temperature. The reference 
temperature is usually 0 °C. The TCR at 0 °C from Figure 3.S7 is 2.60 × 10−3 °C−1 and was calculated by 
dividing the slope of the trend line (B) by the (extrapolated) resistance at 0 °C (A). This value is roughly in 
agreement with a value found for 145 nm gold nanowires (1.34 × 10−3 °C−1) and the value for bulk gold 
(3.9 × 10−3 °C−1). 
The electrical characterization using standard I-V plots was performed in the voltage range of 0 
to +1 V. The I-V measurement displayed Ohmic linear responses and exhibited low resistance 400–500  
(shown in Figure 3.S8). For control purpose, further, we plotted the I-V curve before and after the injection 
of ethanol in the channel. However, there is no significant difference (Figure 3.S8). 
 
 




3.5.5 Resistance versus flow measurements 
The raw I/V data are shown in Figures 3.S9 and 3.S10. 
 
 
Figure 3.S9: The current passed the nanowire centred in the microfluidic channel response 
to the different rates of flow over time at different voltages: 0.5 V, 1 V, 1.5 V, 2.0 V 
 
3.5.6 Simulations 
To further illustrate the applicability of the bisecting nanowire as a flow sensor and to test the 
validity of the experimental results, we numerically modelled the nanowire conductivity as a function of 
flow rate and applied potential.  
We determined the change in nanowire resistance by sampling the temperature in the wire and 
then multiplying it by the experimentally determined resistance–temperature dependence (Figure 3.S7).  
The corresponding numerical relative conductances are shown in Figure 3.3B in the main text as 
a function of flow rate and potential for a bisecting nanowire as well as a wire positioned at the 
microchannel floor.  
In Figure 3.4, the temperature distribution is shown for a flow rate of 30 L/min and a potential 




Figure 3.S10: The current passed the nanowire placed at the floor of microfluidic channel 
response to the different rates of flow over time at different voltages: 0.5 V, 1 V, 1.5 V, 










Design of DNA rolling-circle templates with controlled fork topology to 






Rolling-circle DNA amplification is a powerful tool employed in basic research and 
biotechnology to produce large amounts of DNA from small amounts of starting material. 
Rolling-circle replication proceeds via a fork topology that resembles the replication fork in 
cells and as such provides experimental access to the molecular mechanisms of DNA 
replication. However, conventional templates do not allow control over the fork topology, an 
important factor in replisome assembly and function. Here we present the design and 
production of a rolling-circle substrate with a tuneable length of both the gap and the 
overhang, and we show its application to the bacterial DNA-replication reaction. 
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Rolling-circle amplification (RCA) refers to the synthesis of DNA using a circular, covalently-closed 
template strand (Figure 4.1A). First identified in studies on replication of viruses and bacteriophages 
(Schröder et al., 1973), RCA has proven to be extremely useful in many fields, from addressing important 
biological questions concerning the nature of DNA replication (Georgescu et al., 2014; Jergic et al., 2013; 
Mok and Marians, 1987; Tanner et al., 2009) to material science and biomedical, diagnostic, DNA 
sequencing, and nanotechnology applications (Ali et al., 2014; Demidov, 2002; Predki et al., 2004; Smolina 
et al., 2004; Smolina and Broude, 2015). The success of RCA is largely due to its simplicity and robustness. 
Unlike polymerase chain reaction (PCR), RCA is isothermal. Nicked plasmids (Jones et al., 2004) or circular 
single-stranded (ss) DNA molecules annealed to a complementary oligonucleotide (Jergic et al., 2013; Mok 
and Marians, 1987) are commonly employed as rolling-circle substrates because they are easy to develop 
and enable processive replication.  
Loading of the replicative helicase requires the use of a so-called tailed-form II DNA substrate 
(TFII-DNA – Figure 4.1A). These substrates contain a single-stranded overhang that resembles the 
replication fork in a living cell, and make ideal templates for in vitro studies of DNA replication. 
Traditionally, TFII-DNA substrates are created by primer extension of a partially complementary oligo 
annealed to a closed-circular ssDNA template such as a phage M13 derivative (Geertsema et al., 2014; 
Tanner et al., 2009). However, a disadvantage of this approach is that it does not allow control over the 
size of the ssDNA gap at the fork on the leading-strand template arm. Alternately, TFII-DNA substrates 
have been created using strand displacement at sites of nicks on plasmid DNA templates, resulting in 
substrates lacking a gap at the fork (Yuan and McHenry, 2009). The inability to control fork topology and 
ssDNA gap sizes in either approach limits their utility and translatability in studying DNA replication. For 
example, studies on forked linear DNA molecules have revealed that the length of both the gap and the 
5’ overhang greatly influence the loading of the Escherichia coli DnaB helicase in PriA- and PriC-mediated 
replication restart pathways (Heller and Marians, 2005; Manhart and McHenry, 2013). Synthetic TFII mini-
rolling circles have been created to overcome some of the limitations of the traditional approaches used 
for making RCA substrates. This approach combines the advantages of RCA with a fork topology that is 
fully defined by the user, even at the sequence level (Falkenberg et al., 2000; Lee et al., 1998; McInerney 
and O’Donnell, 2004). However, the small size of these mini-rolling circles (70–100 bp) results in a very 
poor eukaryotic helicase loading efficiency (Langston et al., 2014), thus limiting their usability. This might 
be due to the strong rigidity of short double-stranded (ds) DNA fragments and the consequently high 
topological strain in mini-rolling circles (Demidov, 2002).  
Here we report a quick, efficient, and generalizable method to create substrates for the study of 
DNA replication on rolling-circle templates with control of gap size as well as length of overhang, with 
single-nucleotide accuracy (Figure 4.1B). We used the pSCW01 plasmid (2030 bp) (Geng et al., 2011) to 
develop a rolling-circle template for use in in vitro studies of DNA replication. Briefly, the Nt.BstNBI nickase 
recognizes and nicks four sites on the same strand in the pSCW01 plasmid in a 37-nt-long region (Figure 
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4.1C). The three nicked oligonucleotides are displaced by heating at 85°C to obtain a 37-nt-long single-
stranded region. A partially complementary fork oligonucleotide is then annealed to generate a gap and 
an overhang, whose lengths are both controllable. In the final step, the fork oligonucleotide is ligated to 
the gapped plasmid, yielding a TFII-DNA substrate with the desired fork topology. 
 
 
Figure 4.1: pSCW01 plasmid conversion into a rolling-circle TFII-DNA template 
(A) Rolling-circle amplification scheme. The internal strand serves as template for the 
leading strand. In this way, the template can be virtually replicated perpetually. (B) pSCW01 
rolling-circle design. The TFII-DNA substrate is obtained through nicking of pSCW01 plasmid, 
creation of an ssDNA gap, annealing and ligation of a partially complementary fork oligo. (C) 
pSCW01 Nt.BstNBI-nicking region. The DNA sequence of the region nicked by Nt.BstNBI 
enzyme and used to create a 37-nt gap is illustrated. 
 
 
4.2 Materials and Methods 
4.2.1 Materials 
We used the following reagents: 
Chemicals: acetic acid, glacial (Ajax Finechem), agarose (Bioline), ATP (Sigma-Aldrich), dNTPs 
(dATP, dCTP, dGTP, dTTP) (Bioline), dithiothreitol (Astral Scientific), EDTA (Ajax Finechem), ethanol (Chem-
Supply), ethidium bromide (Amresco), HCl (Ajax Finechem), potassium glutamate (Sigma-Aldrich), MgCl2 
(Ajax Finechem), Mg(OAc)2 (Sigma-Aldrich), Na2EDTA (Ajax Finechem), PEG-8000 (Sigma-Aldrich), SDS 
(Sigma-Aldrich), Tris (Astral Scientific), Tween-20 (Sigma-Aldrich); 
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DNA Purification kits: QIAGEN QIAquick PCR Purification kit, QIAGEN Spin Miniprep kit; 
Gel Electrophoresis: 6x DNA Gel Loading Dye (ThermoFisher Scientific), GeneRuler DNA Ladder 
mix (ThermoFisher Scientific), 10,000x SybrGold (LifeTechnologies); 
Replication proteins from E. coli system (purified according to previously published protocols): 
3’ clamp loader complex (Tanner et al., 2008), 2 clamp (Oakley et al., 2003), co-purified DnaB6/C6 
helicase/helicase loader complex and the  polymerase (Jergic et al., 2013), with the  subunit purified 
according to Lewis et al., 2017; 
Restriction enzymes and ligase (New England Biolabs, NEB): BamHI-HF, NcoI, Nt.BstNBI, PstI-HF, 
T4 DNA ligase; 
Buffers: NEB buffer 3.1 (50 mM Tris.HCl pH 7.9, 100 mM NaCl, 10 mM MgCl2, 0.1 mg/mL BSA), 
NEB CutSmart buffer (20 mM Tris-acetate pH 7.9, 50 mM KOAc, 10 mM Mg(OAc)2, 0.1 mg/mL BSA), 
Replication buffer (30 mM Tris.HCl pH 7.6, 12 mM Mg(OAc)2, 50 mM potassium glutamate, 0.5 mM EDTA, 
0.025% (v/v) Tween-20, 10 mM dithiothreitol), LES buffer (2x DNA Gel Loading Dye, 200 mM EDTA, 2% 
(w/v) SDS), TE buffer (10 mM Tris.HCl pH 7.6, 1 mM EDTA), Tris acetate EDTA buffer (TAE; 40 mM Tris, 20 
mM acetic acid, 1 mM EDTA, pH 8.3). 
 
4.2.2 Oligonucleotide sequences 
Oligo 1: 5’-ATT TGA CTC C 
Oligo 2: 5’-CAT GGA CTC GCT GCA G 
Oligo 3: 5’-GAA TGA CTC GG 
Oligo 4: 5’-AAA AAA AAA AAA AAA AGA GTA CTG TAC GAT CTA GCA TCA ATC ACA GGG TCA GGT 
TCG TTT GGG AGT CAA AT 
Oligo 5: 5’-ATT TGA CTC CCA AAC GAA CCT GAC CCT GTG ATT GAT GCT AGA TCG TAC AGT ACT 
CTT TTT TTT TTT TTT TT 
 
Oligos 1, 2, and 3 were purchased from Integrated DNA Technologies, USA. Oligos 4 and 5 were 
from GeneWorks, Australia. 
 
4.2.3 Leading-strand synthesis bulk assay 
3.8 nM rolling-circle DNA template was incubated with 1 mM ATP, 125 M dNTPs, 30 nM 
3’, 90 nM , 200 nM 2, 60 nM DnaB6/C6 at 37°C in Replication buffer. Replication was terminated 
by mixing equal volumes of replication mixture with LES buffer.   
 
4.2.4 Gel electrophoresis 
Ethidium bromide-stained gels: 1% (w/v) agarose gels were cast with 0.8 g/mL ethidium 
bromide. They were run in 1x TAE buffer at 82 V for 85 min in a Wide Mini-Sub Cell GT System (Bio-Rad) 
and were detected with a Bio-Rad Gel Doc XR (302 nm trans-UV light). 
Fluorescein-labelled DNA gels: fluorescein-labelled DNA products were loaded in 2% (w/v) 
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agarose gels and run in 1x TAE buffer at 75 V for 100 min in a Mini-Sub Cell GT System (Bio-Rad). The 
fluorescein signal was detected with a GE Healthcare Life Science “Amersham Imager 600RGB” (460 nm 
blue light). 
SybrGold-stained gels: 1% (w/v) agarose gels were run in 2x TAE buffer at 60 V for 150 min in a 
Wide Mini-Sub Cell GT System (Bio-Rad). The gel was stained after electrophoresis with 1x SybrGold in 2x 
TAE buffer for 2 h. The SybrGold-stained DNA molecules were detected with a Bio-Rad Gel Doc XR (302 





We adapted previously published protocols that use the pSCW01 plasmid (Geng et al., 2011; 
Ghodke et al., 2014). pSCW01 was maintained in E. coli DH5α cells. Freezer stock was streaked on LB-agar 
plates containing 100 g/mL of ampicillin. A single colony of DH5α/pSCW01 was amplified in a 3 mL 
culture and grown out for 8 h at 37°C. LB (100 mL) supplemented with ampicillin was inoculated with 0.1 
mL of overnight culture and grown for 12 h. Cells were pelleted by centrifugation at 3,000 x g for 20 min 
at 6°C. Pellets (1.6 g from 100 mL culture) were flash frozen and stored at –80°C until further use. Plasmid 
DNA was isolated from the cell pellets using QIAGEN Spin Miniprep columns. Typically 60 g of DNA were 
obtained for every gram of cells. Plasmid pSCW01 (100–200 g) was prepped by incubation with 1.5 
units/g of Nt.BstNBI and 100x molar excess of complementary displacer oligos (Oligos 1, 2, 3) in 1x NEB 
buffer 3.1 at 55°C for 4 h. The nickase was inactivated according to manufacturer’s instruction by heating 
to 85°C for 10 min. Following this, displacer oligos were annealed in a thermal cycler at a cooling rate of 
1°C/min until it reached 12°C. Excess displacer oligonucleotides were purified away from the gapped 
plasmid by PEG purification (Geng et al., 2011). Specifically, an equal volume of a freshly made 2x solution 
containing 26% (w/v) PEG-8000 and 20 mM MgCl2 in Milli-Q water was added to the cooled reaction 
mixture containing the DNA, and the mixture was centrifuged at 6°C for 1 h at 21,200 x g. The supernatant 
was discarded and the pellet was gently resuspended and washed with 1.5 mL of 70% (v/v) ethanol 
followed by centrifugation at 6°C for 15 min at 21,200 x g. Finally, the gapped plasmid was resuspended 
in previously warmed (65°C) Milli-Q water to a concentration of 500 ng/μL.  
In the next step, the fork oligonucleotide (Oligo 4) was annealed to the gapped substrate. 
Annealing was performed in the presence of a three-fold molar excess of fork oligo over DNA substrate in 
1x CutSmart buffer at 50°C for 10 min, followed by slow cooling to 16°C. The fork oligonucleotide is a 71-
mer ssDNA molecule with a 3’-12-nt-complementarity to pSCW01. Hybridization to the gapped pSCW01 
plasmid results in a 25-nt gap. Next, ligation was performed by addition of 62.5 units of T4 DNA ligase per 
g of DNA substrate in the reaction mixture supplemented with 8 mM ATP and 10 mM dithiothreitol, 
followed by incubation at 16°C for 18 h. Finally, the rolling circle substrate was purified by PEG purification 
(as before), resuspended in Milli-Q water, and stored at –20°C. For long-term storage, the DNA substrates 







Prior to use in a rolling-circle replication assay, the DNA substrate was assayed to verify efficiency 
of gap creation and ligation of the fork oligo. First, the efficiency of gap creation was assayed by restriction 
digestion using BamHI-HF, PstI-HF, and NcoI (see Figure 4.2A). BamHI and PstI digest the pSCW01 plasmid 
to yield a linear molecule only when it is double stranded (Figure 4.2A; lanes 2 and 3). Digestion with NcoI 
requires the simultaneous presence of Oligo 1 and 2 (Figure 4.2A; lane 4). In contrast, none of the three 
restriction enzymes digest the gapped pSCW01 or the TFII DNA substrate. Efficiency of gap creation was 
calculated by measuring the intensity of the bands corresponding to the linearized DNA substrate or the 
untreated DNA substrate in ethidium bromide-stained agarose gels. Efficient gapping resulted in an 
undetectable band corresponding to the linearized DNA template (Figure 4.2A; see lanes 6, 7, and 8 in 
comparison to lanes 2, 3, and 4, respectively). 
We then performed a parallel ligation reaction in every batch using a 5’-fluorescein modified 
Oligo 4 to create a DNA substrate termed ‘FluoRC’. This substrate was used to measure ligation efficiency 
by displacing the fork oligo from FluoRC by heating at 75°C for 10 min in the presence of a 50x molar 
excess of capture oligo (Oligo 5). In this assay, unligated or excess fork oligo will hybridize with the capture 
oligo and can be separated from the DNA substrate by electrophoresis using a 2% agarose gel (Figure 
4.2B). Ligation efficiency was calculated as the fraction of the intensity of the band migrating at 2 kbp 
after heating (lane 2) compared to the fraction before heating (lane 1). 
 
 
Figure 4.2: Validation 
Plasmid and form TFII pSCW01 were treated with restriction endonucleases and separated 
in the same 1% agarose gel (lanes were rearranged for clarity). Plasmid pSCW01 (2.03 kb) 
migrates faster (lane 1) because it is supercoiled (sc; form I). After linearization with BamHI, 
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PstI, or NcoI (linear; marked “lin”), it migrates as expected at 2 kb (lanes 2–4). Form TFII 
pSCW01 migrates slower than linear pSCW01 (lane 5) because it is no longer supercoiled 
(i.e., it is relaxed; marked “rlx”), but it is still circular. BamHI, PstI, and NcoI recognition 
sequences are completely or partially overlapping with the 25-nt gap of pSCW01. Therefore, 
these restriction enzymes no longer cleave the TFII pSCW01 template or affect the way the 
DNA migrates (lanes 6–8); (B) Ligation test. A sample of 5’-fluorescein labelled TFII pSCW01 
was annealed at 75°C in presence of 50x excess fork capture oligo and run in a 2% agarose 
gel (lane 2) together with an untreated sample of 5’-fluorescein labelled TFII pSCW01 (lane 
1). The lack of observable change in intensity suggests a >95% successful ligation of the fork 
oligo; (C) Replication test. A leading-strand synthesis experiment was performed using TFII 
pSCW01 and E. coli proteins. The reaction was terminated after 0, 0.5, 1, 2, 4, 8, 16, 60 min 
of incubation and the reaction products were run in a 1% agarose gel (lanes 1–8, 
respectively). 
 
Third, to assess the efficiency of the DNA substrate as a rolling-circle template, we performed a 
time-course replication experiment. In this experiment, we used the subset of proteins from the E. coli 
replisome that are necessary and sufficient for performing leading-strand synthesis (see Paragraph 4.2.3). 
Under these conditions, we observed products that are several tens of thousands of nucleotides long (Ali 
et al., 2014; Demidov, 2002; Georgescu et al., 2014; Mok and Marians, 1987), with 75% of the original 
template being consumed after 60 min reaction (Figure 4.2C).  
 
In summary, we present a straightforward, customizable and efficient strategy to create RCA 
templates with defined fork topology. This strategy can be exploited to optimize experimental conditions 
and can prove very valuable especially in single-molecule experiments, where a high throughput allows a 













The Escherichia coli DNA replication machinery has been used as a road map to uncover design 
rules that enable DNA duplication with high efficiency and fidelity. Although the enzymatic 
activities of the replicative DNA Pol III are well understood, its dynamics within the replisome 
are not. Here we test the accepted view that the Pol III holoenzyme remains stably associated 
within the replisome. We use in vitro single-molecule assays with fluorescently labelled 
polymerases to demonstrate that the Pol III* complex (holoenzyme lacking the 2 sliding 
clamp), is rapidly exchanged during processive DNA replication. Nevertheless, the replisome 
is highly resistant to dilution in the absence of Pol III* in solution. We further show similar 
exchange in live cells containing labelled clamp loader and polymerase. These observations 
suggest a concentration-dependent exchange mechanism providing a balance between 
stability and plasticity, facilitating replacement of replisomal components dependent on their 
availability in the environment. 
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The Escherichia coli replisome requires participation of 13 different proteins. Ten of them form 
the DNA polymerase III (Pol III) holoenzyme (HE), which is arranged into three functionally distinct and 
stably-bound subassemblies (Figure 5.1A):  forms the Pol III core that has DNA polymerase activity; 2 
is the sliding clamp needed for stable association with the primer–template DNA; and n(3–n)’ (where 
n = 2 or 3 in the HE) is the clamp loader complex (CLC) that loads 2 onto DNA and is the central organizer 
of the replisome (Duderstadt et al., 2014; Lewis et al., 2016; Robinson and van Oijen, 2013). The CLC 
interacts with two or three Pol III cores via the – interaction, forming stable complexes termed Pol III* 
(i.e., HE lacking only the sliding clamp). Pol III* ensures the organization of the cores needed for 
coordinated DNA synthesis on the two template strands (Onrust et al., 1995b; Wu et al., 1992) and is 
essential for cell survival (Blinkova et al., 1993). Although physical coupling of leading- and lagging-strand 
cores in one HE particle requires the lagging-strand polymerase to undergo cycles of release and rebinding 
from one Okazaki fragment to the next, the molecular mechanisms underlying its cycling are still debated 
(Dohrmann et al., 2011). There is, however, consensus that Pol III is reused rather than replaced for 
successive Okazaki fragment synthesis (Georgescu et al., 2011; Tanner et al., 2011, 2009, 2008; Yao et al., 
2009). Thus, the replisome is believed to be a highly stable entity. 
 
 
Figure 5.1: Single-molecule rolling-circle replication assay  
(A) Canonical view of the organization of the E. coli replication fork. The DnaB helicase 
encircles the lagging strand, facilitates unwinding of dsDNA through ATP hydrolysis, and 
recruits DnaG primase for synthesis of RNA primers that initiate synthesis of 1–2 kbp 
Okazaki fragments on the lagging strand. The extruded single-stranded (ss) DNA is protected 
by ssDNA-binding protein, SSB. The Pol III holoenzyme (HE) uses the ssDNA of both strands 
as a template for coupled, simultaneous synthesis of a pair of new DNA duplex molecules. 
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The 2 sliding clamp confers high processivity on the Pol III HE by tethering the  Pol III 
core onto the DNA. The clamp loader complex (CLC) assembles the 2 clamp onto RNA 
primer junctions. Up to three Pol III cores interact with the CLC through its  subunits to 
form the Pol III* complex, and the  subunits also interact with DnaB, thus coupling the Pol 
III HE to the helicase. (B) Schematic representation of the experimental design. 5'-
Biotinylated M13 DNA is coupled to the passivated surface of a microfluidic flow cell 
through a streptavidin linkage. Addition of the E. coli replication proteins and nucleotides 
initiates DNA synthesis. The DNA products are elongated hydrodynamically by flow, labelled 
with intercalating DNA stain, and visualized using fluorescence microscopy (Figure 5.S1). 
 
 The key observations that support efficient Pol III recycling derive from in vitro replication assays 
in the absence of free polymerase (Georgescu et al., 2011; Tanner et al., 2011; Yao et al., 2009), and are 
consistent with the high stability of the – interaction that binds cores to the CLC (KD = 0.3 nM; t1/2 = 29 
min in 300 mM NaCl) (Jergic et al., 2007). Nevertheless, the introduction of high concentrations of 
catalytically dead Pol III* (still able to bind primed DNA) inhibits ongoing replication (Q. Yuan et al., 2016). 
Reconciling these different observations, we here demonstrate the presence of a novel exchange 
mechanism that allows Pol III* to remain stably associated with the replisome under conditions of high 




5.2.1 In vitro single-molecule observation of Pol III dynamics 
We use a single-molecule approach to directly visualize the dynamics of Pol III complexes at the 
replication fork (Mok and Marians, 1987; Tanner et al., 2009). A rolling-circle DNA amplification scheme 
is used to observe highly processive DNA synthesis in real time, while imaging Pol III complexes entering 
and leaving the replisome. Using the minimal set of 12 proteins required to support coupled leading- and 
lagging-strand synthesis, we allow active replisomes to self assemble onto pre-formed replication forks 
(Tanner et al., 2009, 2008). A 5'-flap within a 7.2 kbp double-stranded (ds) circular DNA substrate is 
anchored to the surface of a microfluidic flow cell and replication is initiated by introducing a laminar flow 
of buffer with the components required for coupled leading- and lagging-strand synthesis (Figure 5.1B). 
As replication proceeds, the newly synthesized leading strand becomes part of the circle and later acts as 
a template for lagging-strand synthesis. With the lagging strand attached to the surface and the 
continuously growing DNA product stretched in the buffer flow, the dsDNA circle moves away from the 
anchor point. Replication is visualized by real-time near-TIRF fluorescence imaging of stained dsDNA 
(Figures 5.2A and 5.S2). This strategy allows quantification of the rates of individual replisomes and their 





Figure 5.2: Real-time fluorescence imaging of coupled DNA replication 
(A) Kymograph of an individual DNA molecule undergoing coupled leading- and lagging-
strand replication. The grey scale indicates the fluorescence intensity of stained DNA. (B) 
Single-molecule trajectory obtained from the kymograph in (A), used to quantify the rates 
and processivities of replication events. The magenta box represents an example line 
segment used to determine rates. (C) Kymograph of the dynamics of red-labelled Pol IIIs on 
an individual DNA molecule. The Pol III moves with the replisome in the direction of flow as 
it elongates the DNA, visible as a bright magenta spot moving away from the surface anchor 
point. Additional Pol IIIs are left behind the moving replisome, seen as horizontal lines on 
the kymograph. (D) Histograms of the rate of replication for wild-type Pol III (492 ± 23 bp/s) 
and red Pol III (561 ± 27 bp/s) fit to Gaussian distributions. (E) Kymograph of the distribution 
of red Pol III on an individual DNA molecule in the presence of 150 nM Pol I and 100 nM 
DNA ligase. Prolonged Pol III spots behind the replisome are no longer observed due to the 
action of Pol I in Okazaki fragment processing. (F) Fluorescence intensity as a function of 
time of individual red Pol IIIs immobilized on the surface of a coverslip (lower trace; black 
line is an exponential fit with lifetime = 14.1 ± 0.4 s), and of the replisomal spot in (C) (upper 
trace). The fluorescence lifetime of red Pol III at the replisome is much longer than the 
photobleaching lifetime of the dye. The errors represent the standard errors of the mean. 
 
 We fluorescently labelled the Pol III  subunit following its fusion to a SNAP tag (Figure 5.S3) and 
covalently coupled it separately in >80% yields to red and green fluorophores. Fluorescently labelled Pol 
III cores were reconstituted from individual SNAP-,  and  subunits and isolated chromatographically 
(Tanner et al., 2008), then assembled into single-colour Pol III*s in situ with separately-isolated 3-CLC 
(Tanner et al., 2008). The labelled Pol III*s were active in coupled DNA replication, producing Okazaki 
fragments of similar sizes to wild-type polymerase (Figure 5.S4).  
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A kymograph (Figure 5.2C) shows the fluorescence of the red Pol III* during rolling-circle 
replication; it supports replication at rates similar to the untagged wild-type enzyme (Figure 5.2D). 
Simultaneous imaging of the stained DNA and red Pol III* shows that the polymerase spot is located at 
the tip of the growing DNA, confirming that the labelled Pol III is a functional component of reconstituted 
replisomes (Figure 5.S5). We also observe Pol III that remains bound to the DNA on the lagging strand 
behind the replication fork, evident as horizontal lines in Figure 5.2C. We reasoned that these correspond 
to polymerases bound to the 3'-termini of Okazaki fragments. We repeated the experiment in the 
presence of Pol I and/or DNA ligase; Pol I replaces RNA primers with DNA and ligase seals the remaining 
nick. In the presence of Pol I (with or without ligase), Pol III binding behind the replisome is no longer 
observed (Figure 5.2E), consistent with Pol I efficiently displacing Pol III during Okazaki fragment 
maturation. 
Surprisingly, the fluorescent Pol III at the growing tip of the rolling circle is highly resistant to 
photobleaching. Its fluorescence in the replisome has a much longer lifetime compared to that of labelled 
Pol III cores immobilized on a surface and subjected to the same excitation intensity (Figure 5.2F). Since 
the experiments in Figure 5.2 are performed with 6.7 nM Pol III* in solution, this observation suggests 
that the polymerase exchanges into the replisome from solution to replace photobleached Pol III. 
 
5.2.2 Exchange of Pol III* complexes in vitro 
To characterize the dynamic behaviour of Pol III at the fork and directly visualize its exchange in 
real time, we used mixtures of red and green Pol III*s. To demonstrate that green Pol III cores in a Pol III* 
complex do not exchange with the red ones from another Pol III*, we combined them in a 1:1 ratio for 1 
hour at 37°C (Figure 5.3A), then imaged the mixture on the surface of a coverslip at the single-molecule 
level (Figures 5.3B and 5.S6). Consistent with the stable interaction between  in the core and  in the 
CLC, exchange of Pol III cores was not observed. It remained possible, however, that the nature and 
strength of the – interaction is different at a step in lagging-strand replication that involves exchange 
of Pol III cores within the Pol III* complex (Leu et al., 2003). To test this possibility, we mixed pre-
assembled red and green Pol III* complexes in a 1:1 ratio and used them in a bulk rolling-circle replication 
experiment in an 8-fold molar excess over 5'-biotinylated flap-primed dsDNA template. Under these 
conditions, most Pol III*s will have participated in replication at the fork, as long leading-strand and 
shorter lagging-strand products are generated (Figure 5.S7). Next, the newly synthesized DNA was 
removed from proteins by its immobilization on streptavidin beads, and subsequent single-molecule 
imaging of the released protein fraction on the surface of a coverslip showed no co-localization of red and 
green Pol III cores (Figure 5.3C). This result confirms that the functional unit exchanging at the replication 
fork is the entire Pol III* complex; the interaction between the  subunit of the CLC and  of Pol III must 
remain intact during DNA replication, thus challenging the previously suggested model of a  processivity 





Figure 5.3: Pre-assembled Pol III* complexes do not exchange Pol III core 
(A) Red and green Pol III* are separately pre-assembled by treatment at 37°C for 15 min (30 
nM Pol III core and 10 nM 3-CLC). These are then mixed in equal ratios and kept at 37°C for 
1 hour prior to dilution to 6 pM Pol III* for imaging. (B) Red Pol III* complexes and green Pol 
III* complexes do not co-localize to produce any white spots as seen in Figure 5.S6, 
demonstrating the – interaction within the Pol III* complex remains intact for the 
duration of the DNA replication assays. (C) Pre-assembled red and green Pol III* complexes 
that have participated in DNA replication (at 3.3 nM of each) do not co-localize, 
demonstrating that the Pol III cores within a Pol III* do not exchange with cores from other 
Pol III*s at the replication fork during active DNA synthesis. White scale bars represent 5 
m.  
 
 We visualized exchange of Pol III* at the replication fork by measuring the fluorescence intensity 
at the replisome spot as a function of time using 1:1 mixtures of red and green Pol III*s (Figures 5.4A, 
5.4B, and 5.S8). At a total Pol III* concentration of 6.7 nM, the replisomal spot exhibits fast dynamics 
displaying both colours, while at a lower concentration of 0.3 nM, the dynamics appear slower and distinct 
exchange events are visible. The longer persistence of a single colour at the lower concentration 
demonstrates that Pol III* exchange is concentration dependent. Given that Pol III* remains intact on time 
scales much longer than the duration of our experiment, these observations can only be explained by 
wholesale exchange of Pol III* at the replication fork. 
Our demonstration of rapid exchange of entire Pol III*s, however, seems difficult to reconcile 
with observations that both leading- and lagging-strand Pol III cores remain stably associated during 
coupled DNA replication (Georgescu et al., 2011; Tanner et al., 2011; Yao et al., 2009). Those studies used 
assays in which replisomes were assembled, replication initiated, and the reactions rapidly diluted to 
measure the stability of synthesizing replisomes on DNA. To place our observations of dynamic exchange 
of Pol III* in context of the previous work, we carried out single-molecule pre-assembly replication assays 
(Tanner et al., 2011; Yao et al., 2009) using the red Pol III*. In this experiment, the replisome is pre-
assembled onto the rolling-circle template in solution. Subsequently, the template is attached to the 
surface of a flow cell, which is then washed to remove all unbound proteins. Replication is initiated by 
introduction of a replication solution that omits Pol III* and helicase. Since the absence of free Pol III* in 
solution makes polymerase exchange impossible, we hypothesized that Pol III would be recycled within 
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the replisome, enabling its sustained participation in processive DNA replication. These conditions indeed 
support highly processive DNA replication (Figure 5.4C), with synthesis rates and processivities identical 
to a situation with Pol III* in solution and consistent with values reported previously (McInerney et al., 
2007; Mok and Marians, 1987; Tanner et al., 2009; Yao et al., 2009) (Figures 5.4D and 5.4E). Further, we 
observed photobleaching without recovery, consistent with the original, pre-assembled Pol III* remaining 
stably associated within the replisome. As further confirmation of the robustness of the pre-assembled 
replisome in the absence of competing polymerases and the easy displacement of Pol III* upon challenge, 
we initiate replication by pre-assembly of replisomes, normally supporting highly processive synthesis, 
and challenge them with Pol III core. The observation of a sharp reduction in processivity is consistent 
with the displacement of the Pol III* from the replication fork by the Pol III cores, which are unable to 
support coordinated leading- and lagging-strand synthesis (Wu et al., 1992) (Figure 5.S9). 
 
 
Figure 5.4: Rapid and frequent exchange of Pol III* is concentration dependent  
(A) and (B), Kymographs of the distributions of red Pol III* (magenta) and green Pol III* 
(green) on an individual DNA molecule at a total Pol III* concentration of 6.7 (A) or 0.3 nM 
(B). Co-localization of the two signals is shown as a bright white fluorescent spot. (C) 
Kymograph of a pre-assembled replisome containing red Pol III*. The intensity of the signal 
from the replisomal spot decreases after a Pol III* is left behind. It subsequently bleaches 
and the signal does not recover. (D) Histograms of the processivity of replication with Pol 
III* present in solution (73 ± 25 kbp) and under pre-assembly conditions (76 ± 26 kbp), each 
fit with a single exponential decay function. The errors represent the error of the fit. (E) 
Histograms of the rates of replication with Pol III* present in solution (561 ± 27 bp/s) and 
under pre-assembly conditions (445 ± 33 bp/s), each fit to a Gaussian distribution. (F) 
Histograms of the stoichiometry of Pol III* at the replication fork, fit to four (6.7 nM) or 
three (0.3 nM) Gaussians centred at integral numbers of Pol III* calculated from single Pol 
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III core intensities (see Figure 5.S11). The black lines represent the sums of these 
distributions. The errors in (E) and (F) represent the standard errors of the mean.  
 
5.2.3 Quantification of exchange time of Pol III* in vitro 
To quantify the concentration-dependent exchange times of Pol III* during coupled DNA 
replication, we performed in vitro single-molecule FRAP (fluorescence recovery after photobleaching) 
experiments. We visualized red Pol III* entering and leaving the replication fork at different 
concentrations using the same rolling-circle amplification scheme as described in Figure 5.1B. Instead of 
continuous imaging at constant laser power, we periodically bleached all Pol III* at the replication fork 
using a high laser power (Figure 5.5A). By bleaching the fluorescence signal of Pol III* complexes, we can 
monitor the recovery of the fluorescence signal as unbleached Pol III*s from solution exchange into the 
replisome (Figure 5.5B). We monitored the recovery of the fluorescence signal and calculated the average 
intensity after each FRAP pulse over time (Figures 5C and 5.S13). By measuring the single-molecule FRAP 
of Pol III* over a concentration series spanning four orders of magnitude and fitting the rate of signal 
recovery, we obtained the characteristic exchange time of Pol III* into active replisomes (Figure 5.5D). At 
a total Pol III* concentration of 13 nM, the fluorescence signal recovers rapidly (characteristic exchange 
time, T = 1.85 s), while at 30 pM the fluorescence signal is 20-fold slower to recover (T = 42 s). These 
observations are in agreement with our previous two-colour experiments, indicating that the rate of 
exchange is dependent on Pol III* concentration. 
 
 
Figure 5.5: Quantification of Pol III* exchange time using single-molecule FRAP  
(A) (Top Panel) Imaging sequence used during the FRAP experiments. Periodically, a FRAP 
pulse of high laser power was used to rapidly photobleach all the Pol III* in the field of view. 
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(Bottom panel) A representative kymograph of red Pol III*s at the replication fork. After 
each FRAP pulse (indicated by the magenta line) all Pol III*s have bleached, but the 
fluorescence intensity recovers as unbleached Pol III*s exchange into the replisome. (B) 
Normalized intensity over time for an individual replisome in the presence of 3 nM Pol III* 
in solution. Normalization was performed with respect to the average intensity before the 
first photobleaching. (C) The average intensity over time from 23 replisomes with 3 nM Pol 
III* in solution. (D) The three recovery phases in (C) were averaged again to give the final 
averaged normalized intensity over time after a FRAP pulse. This curve was then fit to 
provide a characteristic exchange time. This was done for four concentrations of Pol III* 
ranging from 13 to 0.03 nM. (E) Exchange time as a function of Pol III* concentration. 
 
5.2.4 Exchange of Pol III* complexes in live cells 
Inspired by our observations of rapid exchange of Pol III* in vitro, we used in vivo single-molecule 
measurements to determine whether Pol III* exchange also occurs in live E. coli cells. We imaged cells in 
which the clamp loader and core complexes were labelled at their C-termini with yellow and red 
fluorescent proteins, respectively (-YPet, -mKate2). As observed previously, these fusions remain fully 
functional (Reyes-Lamothe et al., 2010) (Figure 5.S14). These cells were immobilized on a (3-
aminopropyl)triethoxysilane-treated coverslip and -YPet and -mKate2 foci were imaged simultaneously. 
Fluorescent proteins bound to large structures such as the nucleoid diffuse slowly and thus present in our 
images as diffraction-limited foci, whereas the signal from proteins freely diffusing through the cytosol 
blurs over the entire cell (Robinson et al., 2015). To monitor exchange of polymerase molecules at 
replisomes, the fluorescence intensity of individual replication foci was tracked over time. We noticed 
that once the population of fluorescent molecules had become partially nonfluorescent by irreversible 
photobleaching, instances of synchronized intensity fluctuations of -YPet and -mKate2 within the 
replisome foci could be observed (Figure 5.6A). To determine whether these intensity fluctuations were 
truly correlated, i.e. whether they could be explained by the exchange of Pol III*, we used cross-correlation 
analysis, a powerful unbiased method that enables the calculation of (i) the extent of similarity between 
two fluctuating signals and (ii) on which timescales that similarity occurs. The average cross-correlation 
function calculated for 1,210 foci in 480 cells showed a clear positive cross-correlation peak, consistent 
with synchronous exchange of -YPet and -mKate2 (Figure 5.6B, black line). To show that this peak arises 
due to protein dynamics, we fixed cells with formaldehyde to arrest all cellular processes and demonstrate 
the absence of a cross-correlation peak (Figure 5.6B, grey line). To eliminate the possibility of correlated 
intensity changes due to laser fluctuations, we calculated the cross-correlation function for random pairs 
of -YPet and -mKate2 foci within the same field of view, but from different cells. Also here, no cross-
correlation peak was detected (Figure 5.6B, red line). Our experimental data cannot be explained by 
exchange of core only, the uncoupled exchange of both  and , or even the complete absence of exchange 
(Figure 5.S15). In support of Pol III* exchange, a positive cross-correlation peak can, however, be 
explained by simultaneous exchange of  and  (Figure 5.S15).  
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We then calculated the in vivo exchange time by fitting the cross-correlation function with an 
exponential decay. From this we found an exchange time of 4 ± 2 s (Figure 5.6C), consistent with 
measurements performed under similar experimental conditions (Beattie et al., 2017). Furthermore, the 
concentration of  and  was determined in the cell (Figure 5.S16). Similarly to previous observations 
(Reyes-Lamothe et al., 2010), we found under our experimental conditions a total concentration of 72 ± 
3 nM of  and 67 ± 5 nM of . Assuming all  and  form functional Pol III* complexes within the cell, these 
concentrations of  and  would correspond to 23 nM Pol III* per cell. These in vivo measurements are 
consistent with exchange times measured for the highest concentration of Pol III* in vitro (a few seconds 
at 13 nM). Given these observations, we conclude that Pol III* exchange occurs during coupled DNA 
replication in vivo. 
 
 
Figure 5.6: Visualization of Pol III* exchange in vivo 
(A) Left: image of  (orange) and  (blue) foci within a single E. coli cell, averaged over 40 s. 
Co-localization of the two signals is shown as a white spot. Middle: bright field image of the 
same cell. Right and below: fluorescence intensity of  (orange) and  (blue) over time. The 
trajectories are averaged using a 2-s moving average filter. (B) Averaged, normalized cross-
correlation functions. The cross-correlation function of 1,210 pairs of foci in living cells 
shows a clear positive peak (black line). The cross-correlation function for 297 pairs of foci 
in fixed cells (grey line) and the cross-correlation function of 1,210 pairs of foci, randomized 
within the same field of view (red line) show no positive cross correlation. Cross-correlation 
functions have been vertically offset for clarity. (C) Exponential fit (red) to the cross-
correlation function in (B). We obtained an exchange time scale of T = 4 ± 2 s. The error 
75 
 




We conclude that the E. coli replisome strikes a balance between stability and plasticity. In the 
absence of Pol III* in solution, it retains its original polymerase and forms a highly stable complex resistant 
to dilution. In its presence, Pol III* readily exchanges into the replisome at a rate that is dependent on its 
concentration. Such a concentration dependent exchange mechanism seems counterintuitive, but can be 
rationalized through a complex protein–protein and protein–DNA interaction network controlled and 
maintained by multiple dynamic interactions. Under dilute conditions, transient disruption of any one of 
these interactions would be followed by its rapid re-formation, preventing dissociation. If, however, there 
are competing Pol III*s in close proximity to the fork, one of these can bind at a transiently vacated binding 
site (e.g., on the 2 sliding clamp or DnaB helicase) and consequently be at a sufficiently high local 
concentration to compete out the original Pol III* for binding to the other sites. Such concentration 
dependent exchange has recently been reported for other systems (Chen et al., 2015; Geertsema et al., 
2014; Gibb et al., 2014; Graham et al., 2011; Loparo et al., 2011) and mathematically described by 
multisite competitive exchange mechanisms (Åberg et al., 2016; Sing et al., 2014). Further evidence for a 
multisite mechanism comes from comparison of the number of Pol III*s in or near the replisome at 
different concentrations. We quantified the number of Pol III*s at the replication fork in the in vitro 
experiments by normalizing the fluorescence intensity of the replisomal spot to the intensity of a single 
Pol III* (Figure 5.S10). The peaks of the distributions are at one Pol III* per replisome (Figure 5.4F), 
consistent with in vivo observations (Reyes-Lamothe et al., 2010). Nevertheless, we find that often more 
than one Pol III* is present in the replisome. As its concentration increases, the binding equilibria are 
pushed towards occupancy of all binding sites and more than one Pol III* is associated with the replisome. 
At lower concentrations, Pol III* still exchanges, but the average number of Pol III*s is reduced. Our 
observation of Pol III* exchange in living cells shows that such a multisite exchange mechanism is a 
physiologically relevant pathway accessible to the replisome during coupled DNA replication. Such a 
mechanism may have direct implications for the mechanisms used by the replisome to deal with obstacles 
such as DNA damage and transcription. The ability for the replisome to rapidly exchange components in 
the presence of competing factors in a concentration-dependent manner could allow for components to 
be easily replaced from solution and provide frequent but limited access to other binding partners, such 









5.4 Materials and Methods 
 
5.4.1 Replication proteins 
E. coli DNA replication proteins were produced as described previously: the 2 sliding clamp 
(Oakley et al., 2003), SSB (Mason et al., 2013), the DnaB6(DnaC)6 helicase–loader complex (Jergic et al., 
2013), DnaG primase (Stamford et al., 1992), the Pol III 3’ clamp loader (Tanner et al., 2008) and Pol 
III  core (Tanner et al., 2008). Highly purified E. coli Pol I and DNA ligase A were gifts of Yao Wang 
(Wang, 2015). 
 
5.4.2 Expression plasmids for SNAP- 
Construction of plasmid pBOB1 (encoding w.t. ): The tac promoter plasmid pND517 contains 
the dnaE gene between a pair of BamHI restriction sites (Wijffels et al., 2004). In addition, the BamHI site 
following the gene overlaps with an NcoI site such that previous digestion with NcoI eliminates it. To 
incorporate an NdeI site at the start codon of dnaE, pND517 was used as template for PCR amplification 
of the 5'-portion of dnaE gene using primers 671 (5'-AAA AGG ATC CTA AGG AGG TTT GCA TAT GTC TGA 
ACC ACG TTT C; BamHI and NdeI sites are italicized, ribosome-binding site underlined) and 673 (5'-CGT 
TTG GCG ATC TCA ACG GTG T). The PCR product (Fragment I; 522 bp) was isolated from an agarose gel 
following digestion with BamHI and XhoI. Next, pND517 was digested with NcoI, and the purified 
linearized product digested independently with XhoI to generate Fragment II (3,063 bp) and with BamHI 
to yield Fragment III (5,129 bp). Fragments I–III were ligated to yield pBOB1. 
Construction of plasmid pJSL2197 (encoding SNAP-): A modified snap26b gene was amplified 
from pSNAP-tag(T7)-2 (New England Biolabs) by strand overlap PCR. In the first PCR, an NdeI site was 
incorporated at the start codon and an internal MluI site was removed by silent mutation using primers 
728 (5'-AAA AAA AAC ATA TGG ACA AAG ATT GCG AA) and 729 (5'-TGA AAA TAG GCG TTC AGC GCG GTC 
GCC), yielding Fragment I. A second PCR used primers 730 (5'-TGG CTG AAC GCC TAT TTT CAT CAG CCG 
GAA GC) and 732 (5'-AAA AGG ATC CGA TAG AGC CAG ACT CAC GCG TTC CCA GAC CCG G) to generate 
Fragment II, removing the TGA stop codon and incorporating a sequence encoding a flexible peptide linker 
[sequence: TRESGSIGS (Williams et al., 2002)] flanked by MluI and BamHI sites at the 3' end of 
snap26bMluI. Equimolar amounts of isolated Fragments I and II were then used as templates for PCR 
with the outside primers 728 and 732 to generate a product that was digested with NdeI and BamHI and 
isolated from a gel. This fragment was ligated with the 502 bp BamHI–XhoI fragment of pKO1479wt 
(Ozawa et al., 2013) encoding the N-terminal segment of  and the large NdeI–XhoI fragment of pBOB1, 
encoding the remainder of , to generate pJSL2197, which directs overproduction of SNAP-. Plasmid 




5.4.3 Expression and purification of SNAP- 
An affinity resin for purification of full-length (unproteolysed)  was prepared by conjugation of 
biotinylated C16 (-binding domain V of ) (Jergic et al., 2007) to high-capacity streptavidin-agarose 
(Pierce Biotechnology). Biotinylated C16 (15 mL; 12 mg) was added dropwise with gentle stirring into a 
suspension of 6 mL of resin in 11 mL of 50 mM Tris.HCl pH 7.6, 2 mM dithiothreitol, 1 mM EDTA, 50 mM 
NaCl at 6°C over 20 min. Unconjugated streptavidin-agarose resin (2 mL) was added to a column and 
allowed to settle, then the suspension of C16-conjugated resin was poured over it. The column (1 × 10 cm) 
was then washed with 150 mL of 50 mM Tris.HCl pH 7.6, 2 mM dithiothreitol, 1 mM EDTA, 50 mM NaCl 
and stored at 4°C in 50 mM Tris.HCl, 5 mM dithiothreitol, 1 mM EDTA, 50 mM NaCl, 0.03% NaN3. 
E. coli strain BL21(DE3)recA/pJSL2197 was grown at 30°C in LB medium supplemented with 
thymine (25 mg/L) and ampicillin (100 mg/L). Upon growth to A600 = 0.6, 1 mM isopropyl--D-
thiogalactoside (IPTG) was added and cultures were shaken for a further 3.5 h, then chilled in ice. Cells 
(30 g from 6 L of culture) were harvested by centrifugation, frozen in liquid N2 and stored at –80°C. After 
thawing, cells were lysed and SNAP- was purified through Fraction IV essentially as described for wild-
type  (Wijffels et al., 2004). Fraction IV (50 mL) was dialysed against two changes of 2 L of buffer C (25 
mM Tris.HCl pH 7.6, 2 mM dithiothreitol, 1 mM EDTA, 10% (v/v) glycerol) and applied at 1 mL/min onto a 
column (2.5 × 12 cm) of heparin-Sepharose (Wijffels et al., 2004) that had been equilibrated with buffer 
C. The column was washed with 30 mL of buffer C and proteins were eluted using a linear gradient 
(150 mL) of 0–400 mM NaCl in buffer C. SNAP- eluted as a single peak at 40 mM NaCl. Fractions were 
collected and pooled to yield Fraction V, which was applied directly at 1 mL/min onto the column of C16-
agarose affinity resin that had been equilibrated in buffer D (50 mM Tris.HCl pH 7.6, 10 mM 
dithiothreitol, 1 mM EDTA, 5% (v/v) glycerol) containing 20 mM MgCl2. After the column had been washed 
with 15 mL of buffer D + 0.6 M MgCl2 and unbound proteins had been washed away, SNAP- was eluted 
using a linear gradient (20 mL) of 0.6–4.0 M MgCl2 in buffer D. SNAP- eluted as a single peak at 2.8 M 
MgCl2 (Figure 5.S3B). Fractions under the peak were immediately pooled and dialysed against two 
changes of 2 L of buffer E (50 mM Tris.HCl pH 7.6, 1 mM EDTA, 3 mM dithiothreitol, 100 mM NaCl, 20% 
(v/v) glycerol) to give Fraction VI (40 mL, containing 68 mg of protein; Figure 5.S3A). Aliquots were frozen 
in liquid N2 and stored at –80°C. 
 
5.4.4 Fluorescent labelling of SNAP- 
Two different fluorescent probes, SNAP-Surface 649 (red) and SNAP-Surface Alexa Fluor 488 
(green; New England Biolabs), were used to label SNAP-. All labelling reactions were carried out using a 
two-fold molar excess of dye with 27 M SNAP- in 1 mL of 50 mM Tris.HCl pH 7.6, 2 mM dithiothreitol, 
100 mM NaCl, 5% (v/v) glycerol (buffer F) for 2 h at 23°C, followed by 6°C overnight with gentle rotation. 
Following the coupling, the reaction mixture was supplemented with 1 mM EDTA and excess dye was 
removed by gel filtration at 1 mL/min through a column (1.5 × 10 cm) of Sephadex G-25 (GE Healthcare) 
in buffer F + 1 mM EDTA. Fractions containing the labelled SNAP- were pooled and dialysed against 2 
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L of buffer E, frozen in liquid N2, and stored in aliquots at –80°C. The degree of labelling was measured 
to be 90% for SNAP-649 and 83% for SNAP-488 by UV/vis spectrophotometry. 
 
5.4.5 Ensemble strand-displacement DNA replication assays 
The flap-primed ssDNA template was made as previously described (Jergic et al., 2013). 
Conditions for the standard coupled strand extension and Pol III strand-displacement (SD) reaction were 
adapted from described methods (Jergic et al., 2013). Briefly, reactions contained 2.5 nM primed DNA 
template, 1 mM ATP, 0.5 mM of each dNTP, 30 nM 3’, 150 nM Pol III (wild-type or SNAP-labelled), 
200 nM 2 and 800 nM SSB4 in 25 mM Tris.HCl pH 7.6, 10 nM MgCl2, 10 mM dithiothreitol and 130 mM 
NaCl, in a final volume of 13 L. Components (except DNA) were mixed and treated at room temperature, 
then cooled in ice for 5 min before addition of DNA. Reactions were initiated at 30°C, and quenched at 
time points by addition of EDTA to 100 mM and SDS to 1%. Products were separated by agarose gel 
electrophoresis and stained with SYBR-Gold (Invitrogen). 
 
5.4.6 Ensemble leading- and lagging-strand DNA replication assays 
Coupled leading- and lagging-strand DNA synthesis reactions were set up in replication buffer (25 
mM Tris.HCl pH 7.9, 50 mM potassium glutamate, 10 mM Mg(OAc)2, 40 g/mL BSA, 0.1 mM EDTA and 5 
mM dithiothreitol) and contained 1.0–1.5 nM of a 5'-biotinylated flap-primed 2-kbp circular dsDNA 
template (Monachino et al., 2018), 1 mM ATP, 250 M CTP, GTP, and UTP, and 50 M dCTP, dGTP, dATP, 
and dTTP, 6.7 nM wild-type or SNAP-labelled Pol III*, 30 nM 2, 300 nM DnaG, 100 nM SSB4, and 30 nM 
DnaB6(DnaC)6 in a final volume of 12 L. Components (except DNA) were mixed and treated at room 
temperature, then cooled in ice for 5 min before addition of DNA. Reactions were initiated at 30°C, and 
quenched after 30 min by addition of 7 L 0.5 M EDTA and 6 L DNA loading dye (6 mM EDTA, 300 mM 
NaOH, 0.25% (v/v) bromocresol green, 0.25% (v/v) xylene cyanol FF, 30% (v/v) glycerol). The quenched 
mixtures were loaded into a 0.6% (w/v) agarose gel in alkaline running buffer (50 mM NaOH, 1 mM EDTA). 
Products were separated by agarose gel electrophoresis at 14 V for 14 h. The gel was then neutralized in 
1 M Tris.HCl, pH 7.6, 1.5 M NaCl and stained with SYBR Gold. The Okazaki fragment length distribution 
was calculated by normalizing the intensity as a function of DNA length. 
Conditions for testing the stability of the – interaction in Pol III* during replication were 
performed as above with modifications. First, 125 g streptavidin-coupled magnetic beads (Invitrogen) 
were washed and equilibrated in replication buffer containing 200 M AMP-PNP (replication buffer B). 
DnaB6(DnaC)6 was first loaded at the fork by incubation of 7.5 nM rolling-circle DNA and 75 nM 
DnaB6(DnaC)6 (reaction A) at 37°C for 5 min in replication buffer B (40 L), before being immobilized on 
streptavidin-coupled magnetic beads for 30 min at room temperature (reaction B). Unbound DNA was 
removed by washing reaction B three times in 200 L replication buffer B. Replication was initiated by 
resuspending reaction B in replication buffer containing 1.25 mM ATP, 250 M CTP, GTP and UTP, 200 μM 
dCTP, dGTP, dATP and dTTP, 3.35 nM each of red and green labelled Pol III, 200 nM 2, 300 nM DnaG, 50 
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nM SSB4, and 30 nM DnaB6(DnaC)6, and allowed to proceed for 20 min at 37°C. Reactions were quenched 
with 2.1 L 2.5 M NaCl and 5 L 0.5 M EDTA. Following quenching, the supernatant was removed, diluted 
100-fold in replication buffer then imaged on the surface of a coverslip at the single-molecule level. The 
remaining DNA products coupled to the beads were washed three times in replication buffer, then 
resuspended in replication buffer (23 L) and 7 L DNA loading dye then heated to 70°C for 5 min. The 
DNA was loaded onto the alkaline agarose gel, which was run under the same conditions as before. 
 
5.4.7 In vitro single-molecule rolling-circle DNA replication assay 
To construct the rolling circle template (Tanner et al., 2009), the 66-mer 5'-biotin-T36 AAT TCG 
TAA TCA TGG TCA TAG CTG TTT CCT-3' (Integrated DNA Technologies) was annealed to M13mp18 ssDNA 
(NEB) in TBS buffer (40 mM Tris.HCl pH 7.5, 10 mM MgCl2, 50 mM NaCl) at 65°C. The primed M13 was 
then extended by adding 64 nM T7 gp5 polymerase (New England Biolabs) in 40 mM Tris.HCl pH 7.6, 50 
mM potassium glutamate, 10 mM MgCl2, 100 g/mL BSA, 5 mM dithiothreitol and 600 M dCTP, dGTP, 
dATP, and dTTP at 37°C for 60 min. The reaction was quenched with 100 mM EDTA and the DNA was 
purified using a PCR purification kit (Qiagen). Microfluidic flow cells were prepared as described 
(Geertsema et al., 2015a). Briefly, a PDMS flow chamber was placed on top of a PEG-biotin-functionalized 
microscope coverslip (Figure 5.S1 inset). To help prevent non-specific interactions of proteins and DNA 
with the surface, the chamber was blocked with buffer containing 20 mM Tris.HCl pH 7.5, 2 mM EDTA, 50 
mM NaCl, 0.2 mg/mL BSA, and 0.005% Tween-20. The chamber was placed on an inverted microscope 
(Nikon Eclipse Ti-E) with a CFI Apo TIRF 100x oil-immersion TIRF objective (NA 1.49, Nikon) and connected 
to a syringe pump (Adelab Scientific) for flow of buffer. 
Conditions for coupled DNA replication under continuous presence of all proteins were adapted 
from previously described methods (Tanner et al., 2009, 2008). All in vitro single-molecule experiments 
were performed at least four times. Briefly, 30 nM DnaB6(DnaC)6 was incubated with 1.5 nM biotinylated 
ds M13 template in replication buffer (25 mM Tris.HCl pH 7.9, 50 mM potassium glutamate, 10 mM 
Mg(OAc)2, 40 g/mL BSA, 0.1 mM EDTA, and 5 mM dithiothreitol) with 1 mM ATP at 37°C for 30 s. This 
mixture was loaded into the flow cell at 100 L/min for 40 s and then at 10 L/min. An imaging buffer was 
made with 1 mM UV-aged Trolox, 0.8% (w/v) glucose, 0.12 mg/mL glucose oxidase, and 0.012 mg/mL 
catalase (to increase the lifetime of the fluorophores and reduce blinking), 1 mM ATP, 250 M CTP, GTP, 
and UTP, and 50 M dCTP, dGTP, dATP, and dTTP in replication buffer. Pol III* was assembled in situ by 
incubating 3’ (410 nM) and SNAP-labelled Pol III cores (1.2 M) in imaging buffer at 37°C for 90 s. 
Replication was initiated by flowing in the imaging buffer containing 6.7 nM Pol III* (unless specified 
otherwise), 30 nM 2, 300 nM DnaG, 250 nM SSB4, and 30 nM DnaB6(DnaC)6 at 10 L/min. Reactions were 
carried out at 31˚C, maintained by an electrically heated chamber (Okolab).  
Double-stranded DNA was visualized in real time by staining it with 150 nM SYTOX Orange 
(Invitrogen) excited by a 568-nm laser (Coherent, Sapphire 568-200 CW) at 150 W/cm2. The red and 
green Pol III* were excited at 700 mW/cm2 with 647 nm (Coherent, Obis 647-100 CW) and 488 nm 
(Coherent, Sapphire 488-200 CW) lasers, respectively (Figure 5.S1). The signals were separated via 
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dichroic mirrors and appropriate filter sets (Chroma). Imaging was done with an either an EMCCD 
(Photometics, Evolve 512 Delta) or sCMOS camera (Andor, Zyla 4.2). The analysis was done with ImageJ 
using in-house built plugins. The rate of replication of a single molecule was obtained from its trajectory 
and calculated for each segment that has constant slope. 
Conditions for the pre-assembly replication reactions were adapted from published methods 
(Georgescu et al., 2011; Tanner et al., 2011). Solution 1 was prepared as 30 nM DnaB6(DnaC)6, 1.5 nM 
biotinylated ds M13 substrate, and 1 mM ATP in replication buffer. This was incubated at 37°C for 3 min. 
Solution 2 contained 60 M dCTP and dGTP, 6.7 nM red Pol III*, and 74 nM 2 in replication buffer (without 
dATP and dTTP). Solution 2 was added to an equal volume of solution 1 and incubated for 6 min at 37°C. 
This was then loaded onto the flow cell at 100 L/min for 1 min and then 10 L/min for 10 min. The flow 
cell was washed with replication buffer containing 60 M dCTP and dGTP. Replication was finally initiated 
by flowing in the imaging buffer containing 50 nM 2, 300 nM DnaG and 250 nM SSB4 at 10 L/min. 
 
5.4.8 Measurement of the stoichiometry of Pol III*s at the replisome 
The average intensity of a single labelled Pol III core (6 pM) was calculated by immobilization on 
the surface of a cleaned microscope coverslip in imaging buffer. The imaging was under the same 
conditions as used during the single-molecule rolling-circle experiments. Using ImageJ with in-house built 
plugins, we calculated the integrated intensity for every Pol III core in a field of view after applying a local 
background subtraction. The histograms obtained were fit with a Gaussian distribution function using 
MATLAB 2014b, to give a mean intensity of 5,100 ± 2,000 for the red and 1,600 ± 700 for the green Pol III 
core (Figure 5.S11). To measure the intensity of the fluorescent spot at the replication fork, we tracked 
its position and integrated the intensity for both colours simultaneously over time. Given there is no decay 
in fluorescence intensity of labelled Pol III cores as a function of DNA length under near-TIRF imaging 
conditions during DNA replication (Figure 5.S12), we calculated the total number of Pol III*s at every time 
point during coupled DNA replication by dividing these intensities by the intensity of a single Pol III*. 
Subsequent histograms were fit to four (6.7 nM) or three (0.3 nM) Gaussians centred at integral numbers 
of Pol III* (Figure 5.S10) using MATLAB 2014b. 
 
5.4.9 Fluorescent chromosomal fusions 
The strain EAW192 (dnaQ-mKate2) was constructed using a modified version of the  RED 
recombination system (Huang et al., 1997), introducing a mutant FRT–KanR–wtFRT cassette. To select for 
recombinants, cells were plated on LB-agar supplemented with 40 g/mL of kanamycin and grown 
overnight. Kanamycin-resistant strains were further screened for ampicillin sensitivity, to ensure that cells 
had been cured of the  RED plasmid pKD46. The two-colour strain EAW203 (dnaX-YPet, dnaQ-
mKate2) was constructed by P1 transduction. JJC5945 cells (dnaX-YPet) (Robinson et al., 2015) were first 
treated with pLH29 (Huang et al., 1997) to remove existing KanR markers, then infected with P1 grown on 




5.4.10 Growth rates of fluorescent chromosomal fusions 
Single colonies of wild-type E. coli MG1655 and derivatives containing the C-terminal 
chromosomal dnaQ and dnaX fusions were used to inoculate 5 mL of LB broth (with 34 g/mL kanamycin, 
if required) and grown at 37°C with shaking overnight. LB broth (100 mL) was inoculated with 1.0  105 
cells/mL from overnight cultures. Subsequent growth of each strain was monitored at 37°C with shaking 
by determining OD600 every 30 min for 9.5 h. The doubly labelled dnaX-YPet dnaQ-mKate2 cells grew only 
slightly more slowly than wild-type cells (division time = 33 ± 4 min cf. 33 ± 8 min) (Figure 5.S14), indicating 
that labelling the  and  components of the replisome does not significantly disrupt DNA replication. 
 
5.4.11 In vivo single-molecule visualization assays 
The cells were grown at 37°C in EZ rich defined medium (Teknova) that included 0.2% (w/v) 
glucose. For imaging, a PDMS well was placed on top of a coverslip that was functionalized with 3-
aminopropyl triethoxy silane (BioScientific) (Robinson et al., 2015). The cells were immobilized on the 
surface of the well, which was then placed on the heated stage (Okolab) of the microscope. Imaging was 
done at 37°C. The -YPet and -mKate2 were excited at 0.03 mW/cm2 with 514 nm (Coherent, Sapphire 
514-150 CW) and 3 W/cm2 with 568 nm (Coherent, Sapphire 568-200 CW) lasers, respectively. The signals 
were separated via a beam splitter (Photometrics, DV Multichannel Imaging System) and appropriate 
filter sets (Chroma). Imaging was done with an EMCCD camera (Photometrics, Evolve Delta). The 
visualization of foci in living cells was performed in triplicate. The image processing was done with ImageJ 
using in-house built plugins.  
The concentrations of  and  were determined as described (Robinson et al., 2015) by measuring 
the total fluorescence within each cell and dividing by the mean intensity of a single molecule. To measure 
the total fluorescence, we first imaged 141 wild-type MG1655 cells to determine the cellular 
autofluorescence (Figure 5.S16A). We found the autofluorescence to be constant for the duration of our 
measurements. We then imaged 273 -YPet, -mKate2 cells in 20 fields of view. The background 
fluorescence from the microscope coverslip was determined by fitting the photobleaching per field of 
view with a single-exponential decay (Figure 5.S16B). The mean cellular intensities were corrected for the 
background and cellular autofluorescence. We then fitted individual cell photobleaching curves to obtain 
the amplitudes (Figure 5.S16C).  
To find the intensity of a single-molecule photobleaching, trajectories of single foci were 
determined. The  and  foci were identified by making average projections of movies. The intensity over 
time trajectories for each focus as it photobleached was measured. Next, the local background 
fluorescence around each focus was subtracted. Trajectories showed step-wise intensity transitions 
corresponding to photobleaching of single fluorescent molecules (Figure 5.S16D inset). These transitions 
were fit by change-point analysis (Duderstadt et al., 2016; Watkins and Yang, 2005). A histogram of the 
step sizes, showed a relatively narrow distribution (Figure 5.S16D). We found the mean intensity of a 




To find the total fluorescence intensity per cell, the mean cell intensity was multiplied by the area 
of the cell. This was then divided by the single-molecule intensity. It was determined that there are 104 ± 
3 copies of  and 96 ± 6 copies of  per cell. This corresponds to a concentration of 72 ± 3 nM for  and 67 
± 5 nM for . If we assume that all  and  are part of a Pol III* complex this tells us that there is 23 nM Pol 
III* in the cell. The intensities of the foci were measured by integrating the intensity of the peak and 
subtracting the mean local background intensity. The average cross-correlation functions were calculated 
using MATLAB 2014b (Mathworks). The cross-correlation was fit with an exponential decay and gave a 
characteristic time scale of 4 ± 2 s (mean ± error of the fit) (Figure 5.6). 
 
 
5.5 Supplementary Figures 
 
 
Figure 5.S1: Schematic overview of the single-molecule fluorescence microscope 
Related to Figure 5.1. Laser light of a specific wavelength is coupled into the microscope 
objective. The fluorescence signal from the sample is detected with an EMCCD or sCMOS 
camera. (Inset) Micro-fluidic flow cell schematic. A PDMS lid containing three flow chambers 
is placed on top of a PEG-biotin-functionalized microscope coverslip. Tubing is inserted into 





Figure 5.S2: Representative field of view of SYTOX orange-stained dsDNA from the single-
molecule rolling-circle DNA replication assay 
Related to Figure 5.2. (A) Efficient DNA replication proceeds in the presence of the full 
complement of replication reaction mix, including the reconstituted E. coli replisome, NTPs, 
and dNTPs. Note both the length and number of products. (B) No DNA products are evident 
in the entire flow cell in the absence of dNTPs from the replication reaction mix. Note some 
rolling-circle templates become linearized due to photodamage, visible as lines shorter than 
7 kbp (2.1 m). 
 
 
Figure 5.S3: Separation of proteolytic fragments of SNAP-α from full-length SNAP-α 
Related to Figure 5.2. (A) SDS-PAGE of the final fraction from the τC16 affinity 
chromatography, pooled from successive samples from the peak in the chromatography 





Figure 5.S4: Comparison of activities of wild-type and SNAP-labelled Pol III cores 
Related to Figure 5.2. (A) Agarose gel of products of Pol III strand-displacement (SD) DNA 
synthesis, a demanding assay for Pol III* activity (Jergic et al., 2013). The time course of flap-
primer extension on M13 ssDNA depicts products larger than unit length of dsDNA (TFII) 
generated by SD DNA synthesis. (B) Alkaline agarose gel of coupled DNA replication. 
Reactions were performed on a 2-kbp circular dsDNA template (Monachino et al., 2018) 
with wild-type (WT) Pol III*, WT Pol III* + SYTOX orange, red SNAP-labelled Pol III* and green 
SNAP-labelled Pol III*. (Left panel) The gel was stained with SYBR-Gold. (Right panel) 
Intensity profiles of lanes 2–5 of the left panel. The Okazaki fragment size distribution is 
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centred at 1.3 ± 0.4 kbp. Intensity profiles have been corrected for the difference in intensity 
of different size fragments using the ladder as a standard. 
 
 
Figure 5.S5: Representative kymograph of simultaneous staining of double-stranded DNA 
and fluorescence imaging of Pol III in real time 
Related to Figure 5.2. Double-stranded DNA was stained with SYTOX orange (grey scale) 
and Pol III was labelled with a red fluorophore (magenta). The kymograph demonstrates the 
fluorescent spot corresponding to Pol III co-localizes with the tip of the growing DNA 
product (evident as a white spot) where the replication fork is located. 
 
 
Figure 5.S6: Pol III* complexes of mixed Pol III core composition (1:1) show co-localization 
Related to Figure 5.3. (Right) Red and green Pol III cores are mixed before adding the CLC 
(30 nM Pol III core and 10 nM 3-CLC). Pol III* is formed by treatment at 37°C for 15 min. 
Complexes are then allowed to equilibrate for 1 hr at 37°C prior to dilution to 6 pM for 
imaging. (Left) Red and green Pol III cores co-localize (white spots). White scale bar 





Figure 5.S7: Alkaline gel showing leading- and lagging-strand products using pre-
assembled red and green Pol III*s 
Related to Figure 5.3. Reactions were performed on a 2-kbp circular dsDNA template 
without dNTPs (lanes 1 and 2) and with dNTPs (lane 3). Lane 3 shows long leading-strand 
and shorter lagging-strand products, which are generated after 20 min; the leading-strand 
products remain bound to beads in the well. The gel was stained with SYBR-Gold. 
 
 
Figure 5.S8: Example kymographs 
Related to Figure 5.4. Kymographs of the distributions of red (magenta) and green Pol III* 
(green) on individual DNA molecules at a total Pol III* concentration of 6.7 (A–C) or 0.3 nM 





Figure 5.S9: Processivity of replication challenged by Pol III core 
Related to Figure 5.4. Histograms for conditions with pre-assembled replisomes (no 
polymerases in solution; processivity = 76 ± 26 kbp) and under conditions where pre-
assembled replisomes are challenged with 10 nM Pol III core (3.5 ± 0.6 kbp), each fit with a 
single exponential decay function. The data show that actively replicating Pol III* can be 
easily displaced when challenged with entities that bind to the clamp, but cannot support 
coordinated leading- and lagging-strand synthesis. The errors represent the errors of the fit. 
 
 
Figure 5.S10: Histograms of the stoichiometry of Pol III* at the replication fork 
Related to Figure 5.4. (A) Intensity distribution at 6.7 nM Pol III* and (B), intensity 
distribution at 0.3 nM Pol III*. The histograms are fit with sums of either four (6.7 nM) or 





Figure 5.S11: Histograms of the intensity distribution of single Pol III cores 
Related to Figure 5.4. The histograms are fit with Gaussian distribution functions to give a 
mean intensity of 5,100 ± 2,000 for the red Pol III core and 1,600 ± 700 for the green Pol III 
core. The errors represent the standard errors of the mean.  
 
 
Figure 5.S12: Fluorescence intensity of replicating Pol III* complexes does not change at 
longer DNA lengths under near-TIRF imaging conditions 
Related to Figure 5.4. The fluorescence intensity of labelled Pol III* complexes does not 
change as a function of DNA length during single-molecule rolling-circle DNA replication 





Figure 5.S13: Example kymographs for the single-molecule FRAP experiments 
Related to Figure 5.5. Kymographs of the distributions of red Pol III* (magenta) on individual 
DNA molecules at a total Pol III* concentration of 13 (A), 3 (B), 0.3 (C) and 0.03 nM (D). 
 
 
Figure 5.S14: Growth curves for E. coli strains: wild-type E. coli (black), cells expressing 
both C-terminal derivatives of  (dnaX-YPet) and  (dnaQ-mKate2) subunits under control 
from their endogenous promoters (green), and cells expressing only dnaX-YPet (blue) and 
dnaQ-mKate2 (orange) 
Related to Figure 5.6. Growth curves were measured for 9.5 hr. The division times were 
obtained from a linear fit of the exponential growth phase. They are 33 ± 8 min for wild-
type, 32 ± 5 min for dnaX-YPet, 32 ± 8 min for dnaQ-mKate2, and 33 ± 4 min for the double 





Figure 5.S15: Cross-correlation analysis of simulated intensity trajectories for pairs of  
and  foci 
Related to Figure 5.6. Individual intensity trajectories for 300  and  foci were simulated in 
MATLAB 2014b. The simulation allows us to set kon and koff (in units of frames–1) for  
exchanging into Pol III*, and kon and koff for Pol III* exchanging into the replisome. By 
changing these rate constants, we can simulate different exchange mechanisms. The black 
line represents the average cross-correlation function for Pol III* exchange (both  and ). 
Here, kon and koff for Pol III* were set to 0.01 and the rate constants for  were set to kon = 1 
and koff << 1 to simulate stable binding of core to Pol III*. A clear positive peak can be seen. 
The green line represents the average cross-correlation function for simulated trajectories 
without any exchange. Here, kon = 1 and koff << 1 for all rate constants, to simulate stable 
binding to the replisome. In this case, there is no positive cross correlation. The grey line 
represents the average cross-correlation function for core exchange. In this case kon = 1 and 
koff << 1 for Pol III* and kon and koff for  were set to 0.01. Again, we do not observe a positive 
cross correlation. Cross-correlation functions have been vertically offset for clarity. 
 
 
Figure 5.S16: Measurement of concentrations of  and  in live cells 
Related to Figure 5.6. (A) Mean fluorescence signal during photobleaching of wild-type 
MG1655. (B) Bleaching of the coverslip background signal within a single field of view. (C) 
Bleaching of -mKate2 fluorescence within a single cell, corrected for the cellular 
autofluorescence (A) and the background fluorescence of the coverslip (B). This was fit with 
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a single exponential decay (black line) to determine the maximum intensity. (D) Histogram 
of the single-molecule intensities obtained from the change-point step-fitting algorithm 

















New experimental approaches that enable access to the dynamic behaviour of multi-protein 
complexes have led to a picture of the Escherichia coli DNA-replication machinery as an entity 
that freely exchanges DNA polymerases and displays intermittent coupling between the 
helicase and DNA polymerase. Challenging the textbook model of the polymerase acting as a 
stable complex coordinating the replisome, these observations suggest a role of the helicase 
as the central hub within the replisome. We report here the molecular nature of the 
mechanisms that convey this newly-found plasticity to the replisome. We find that the 
strength of the interaction between the clamp loader of the polymerase holoenzyme and the 
replicative helicase increases by more than two orders of magnitude upon association of the 
primase with the replisome. By combining in vitro ensemble-averaging and single-molecule 
assays, we show that this conformational switch operates during replication and promotes 
recruitment of multiple holoenzymes at the fork. Our observations provide a molecular 
mechanism for polymerase exchange and offer a revised model for replication that 
emphasizes the stochastic nature of the DNA-replication reaction. 
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The Escherichia coli replisome is comprised of at least 12 individual proteins that work together 
in concert to coordinate leading- and lagging-strand synthesis during duplication of chromosomal DNA 
(Lewis et al., 2016) (Figure 6.1A). Following unwinding of the parental double-stranded (ds) DNA by the 
DnaB helicase, the DNA polymerase III holoenzyme (Pol III HE) synthesises DNA on the two daughter 
strands. The single-stranded (ss) leading strand is displaced by the helicase and duplicated continuously, 
while the lagging strand is extruded through the DnaB central channel, coated by ssDNA-binding protein 
(SSB), and converted to dsDNA discontinuously by the production of 1,000–2,000 nt Okazaki fragments 
(OFs) (Kornberg and Baker, 1991). The distinct asymmetry in mechanism of synthesis of the two strands 
finds its origin in their opposite polarity, requiring the lagging-strand synthesis to take place in a direction 
opposite to that of the leading-strand synthesis and unwinding. This situation is proposed to result in the 
formation of a lagging-strand loop (Sinha et al., 1980).  
Each OF is initiated at a short RNA primer deposited by the DnaG primase for utilisation by Pol III 
HE. The primase requires interaction with the helicase to stimulate its RNA polymerase activity (Johnson 
et al., 2000). The DnaB–DnaG contact is established through the interaction between the C-terminal 
domain of primase, termed DnaGC (Oakley et al., 2005; Tougu and Marians, 1996), and the N-terminal 
domains of the helicase (Lo et al., unpublished). In E. coli, this interaction is weak and transient [KD in the 
low M range with fast on/off kinetics (Oakley et al., 2005)] but in Geobacillus stearothermophillus, they 
form a stable complex that can be isolated by gel filtration (Bird et al., 2000) and crystallised (Bailey et al., 
2007).  
In bacteria, the helicase is a homo-hexamer with a distinct two-layered ring structure. Its C-
terminal ATPase RecA-like domains that power DNA unwinding have pseudo-six-fold symmetry. In 
contrast, the N-terminal domains display a three-fold (C3) symmetry established from a trimer of dimers 
that encircle the widely open (dilated) central channel that fits dsDNA [Figure 6.1B, left panel; (Biswas 
and Tsodikov, 2008; Bujalowski et al., 1994; San Martin et al., 1995; Yu et al., 1996)]. Nevertheless, the 
recent crystal structure of Aquifex aeolicus DnaB in the presence of nucleotides showed a different C3 
arrangement in the N-terminal collar whereby the central pore is narrow (constricted) and large enough 
to accommodate only ssDNA [Figure 6.1B, right panel; (Strycharska et al., 2013)]. These two strikingly 
different structures suggest a picture with a relatively low energy barrier between the dilated and 
constricted states and the helicase transitioning between them as it translocates on ssDNA. 
Interacting with the helicase is the Pol III HE, the complex responsible for the extension of 
deposited RNA primers and most of chromosomal DNA synthesis. It is composed of three functionally 
distinct subassemblies that can be isolated separately from individual subunits: the Pol III core (or just Pol 
III), the sliding clamp and the clamp loader complex (CLC) (Kelman and O’Donnell, 1995). The catalytic Pol 
III cores are heterotrimers of ,  and  subunits () responsible for DNA synthesis and proofreading  
(Maki and Kornberg, 1985; Scheuermann and Echols, 1984; Studwell-Vaughan and O’Donnell, 1993; Taft-
Benz and Schaaper, 2004). The sliding clamp is a toroid-shaped homodimer of  subunits (2) (Kong et al., 
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1992). Once loaded on the DNA by the ATP-dependent activity of the CLC, it stabilises Pol III on the DNA 
template and improves processivity through a pair of weak interactions with the  and  subunits 
(Dohrmann and McHenry, 2005; Fernandez-Leiro et al., 2015; Jergic et al., 2013; Naktinis et al., 1996). The 
CLC complex contains seven proteins and has the composition n(3–n)’ [n = 03, where physiologically 
relevant assemblies are thought to have n = 2 or 3  subunits (Lewis et al., 2016; Reyes-Lamothe et al., 
2010)]. The unique copies of  and ’ interact with the three copies of the dnaX gene product oligomer [ 
and/or ; (Kodaira et al., 1983; Mullin et al., 1983)] to assemble a stable ATPase-proficient circular 
pentamer (Bullard et al., 2002; Jeruzalmi et al., 2001; Simonetta et al., 2009). Whereas  is a full-length 
product of dnaX,  is a C-terminally truncated version produced as a result of a programmed ribosomal 
frame-shift during translation of mRNA (Blinkowa and Walker, 1990; Flower and McHenry, 1990; 
Tsuchihashi and Kornberg, 1990). The accessory subunits  and  form a strong heterodimeric complex 
that interacts with all three / subunits of the pentamer via the flexible N-terminal residues in  (Gulbis 
et al., 2004; Simonetta et al., 2009) to assemble the full CLC. 
The  subunit provides the physical connectivity between the polymerase and helicase activities. 
It has a five-domain structure (Gao and McHenry, 2001b), with the N-terminal domains I–III being identical 
to  and responsible for ATPase-dependent clamp loading activity and oligomerisation. The C-terminal 
fragment that distinguishes  from  is termed C24. It contains domains IV, involved in interaction with the 
DnaB helicase (Gao and McHenry, 2001a), and domain V, responsible for strong interaction with  that is 
slow to dissociate (Gao and McHenry, 2001b; Jergic et al., 2007). Consequently, the  subunit of the CLC 
plays a key linking role in the replisome: it ensures cohesion of the Pol IIICLC particle ()nn3-n’ 
(n = 23), termed Pol III*, and links the complex to the replicative helicase (Figure 6.1A). 
Recent advances in the field have challenged the deterministic view of the replisome as a 
perfectly orchestrated machine, whereby the single Pol III*, stably bound to the replication fork, replicates 
DNA in a strictly ordered sequence of events (Monachino et al., 2017; van Oijen and Dixon, 2015). Instead, 
a frequent turnover of the Pol III* in the replisome is observed (Beattie et al., 2017; Lewis et al., 2017; Q. 
Yuan et al., 2016), suggesting that the helicase, as opposed to the polymerase, acts as the central 
organising structure of the replisome. An explanation for this surprising level of plasticity can be found in 
the network of weak interactions that enable polymerases from solution to eventually replace 
polymerases at the fork (Geertsema and van Oijen, 2013; Lewis et al., 2017). However, this explanation 
seems at odds with reports of strong and stable interaction between multimeric  and DnaB (Gao and 





Figure 6.1: DnaB and its binding partners in the Escherichia coli replisome  
(A) Schematic representation of the E. coli replisome (top panel). The focus of this study is 
on the DnaB helicase, as the central hub during DNA replication, and its interactions with 
the DnaG primase and the Pol III HE through the CLC  subunit. DnaB, DnaG and  are 
presented in colours and reiterated for clarity in the enlarged cartoon, bottom panel. The 
other components of the elongating replisome ( Pol III cores, 2 sliding clamps, SSB, and 
CLC subcomplexes ’ and  are shown in shades of grey. (B) The two extreme 
conformations of DnaB helicase N-terminal domains: dilated (left panel) and constricted 
(right panel) conformations, as obtained from the crystal structures of DnaB (domains) from 
Mycobacterium tuberculosis and Aquifex aeolicus, respectively. 
 
We present here an unexpected conformational switch in the helicase that is triggered upon 
binding of DnaGC, the DnaB-interacting domain of the DnaG primase, which increases the strength of the 
DnaBCLC interaction by more than two orders of magnitude. We find that in solution, DnaB is almost 
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exclusively in the constricted state, exactly as observed in the crystal structure of Aquifex aeolicus DnaB. 
However, during replication, it transitions between the dilated and constricted states in a manner that is 
controlled by the primase concentration and priming KM. We further show that the DnaB is an active 
helicase in both states. Finally, we use single-molecule visualisation of Pol III during replication to show 
that the primase concentration modulates both the kinetics of polymerase exchange in and out of the 
replisome and the steady-state number of polymerases associated with the replication fork. Taken 
together, our observations point to a model in which interaction of the primase with the helicase acts as 
a switch to control the organization and dynamics of the replisome, with implications for the coordination 






6.2.1  as molecular anchor for the clamp-loader complex in surface-plasmon resonance 
(SPR) assays  
Due to its weak nature as well as complex stoichiometry, the interaction between multiple  
subunits in the CLC and DnaB is poorly understood. Previous studies employed SPR to identify the region 
within  that is responsible for binding to DnaB (Gao and McHenry, 2001a), but the use of monomeric  
fragments immobilised on the surface makes it challenging to interpret these results in the context of 
multiple  subunits within the CLC interacting with DnaB simultaneously. To study these interactions in a 
context that closely represents the physiologically relevant system, we aimed to immobilise the entire CLC 
onto a streptavidin (SA)-coated chip surface through an N-terminally biotinylated  subunit, and use this 
surface-immobilised CLC as a platform to measure interactions with the helicase. 
The stability of the CLC on the SA chip was first assessed by monitoring the dissociation of bio-
3CLC assembled in situ from immobilised bio- and associated 3’ (Figures 6.S1A–S1C). In a high ionic 
strength buffer (200 mM NaCl), the dissociation was moderately slow (a dissociation half-life t1/2 of 50 
min) and was unaffected by the presence of 1 mM ADP in the buffer (Figure 6.S1C). In addition, the 
dissociation of  from immobilised  was slow (Figure 6.S1B) and re-injection of the same concentration 
of 3’ (100 nM) after 2 days led to 50% of the original signal recovery (not shown) indicating that the 
population of  still bound to bio- was halved, thus suggesting a t1/2 for the  interaction of 2 days. 
Short injection of 1 M MgCl2 resulted in loss of 25% of mass from the surface (Figure 6.S1D) and initiated 
faster dissociation (t1/2  10 min), which could be slowed down to the original level only if both  and ’ 
were injected over the surface (t1/2  45 min; Figure 6.S1E), but not ’ alone (Figure 6.S1F). We did not 
inject  alone because  interacts weakly with / in the absence of ’ (Onrust et al., 1995a). The data 
indicated that the treatment with 1 M MgCl2 could not regenerate the bio- surface, but rather led to 
separation of ’, followed by five-fold faster dissociation of 3 from  (Simonetta et al., 2009). 
Considering that ’ does not contact  directly (Glover and McHenry, 1998; Simonetta et al., 2009), the 
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change in dissociation rate revealed the contribution of ’ to the proper conformation of 3 in a circular 
pentameric core of the CLC for the interaction with . Taken together, our data are consistent with the 
observation of a wholesale dissociation of the entire 3’ from  in SPR buffer with 200 mM NaCl, thus 
pointing towards the –(/)3 interaction as the weakest link in bio-CLC.  
It was of importance to determine the stability of CLC on the chip surface in order to improve it 
for further studies. Since we determined that the stability of CLC is directly related to the slow dissociation 
of 3 from  and considering that a bio- surface could not be efficiently regenerated, we set out to 
investigate the kinetics of 3’/2’ interactions using single-shot kinetics on the multiplexed 
ProteOn SPR system. Previous SPR measurements indicated that the KD for the / interaction is 2 
nM at relatively low ionic strength (100 mM K-Glu) (Olson et al., 1995). Our analysis indicated that the 
(/)3 interaction should be stronger if (/)3 is part of a circular pentamer. We measured the binding 
kinetics parameters for 3’/21’ interactions by injecting various concentrations of CLC cores 
over immobilised bio- in a buffer containing 200 mM NaCl. Irrespective of the CLC core used, we 
measured a dissociation half-life of 50 min (Table 6.1; Figures 6.S2A and 6.S2B, top panels), and 
dissociation constants of 1 and 2 nM for 3’ and 21’, respectively. 
 
 
Table 6.1: Binding parameters for the bio-–3’ and bio-–21’ interactions, with 
or without ATP 
Equilibrium constant (KD), and association (ka) and dissociation (kd) rate constants, including 
the calculated dissociation half time (t1/2), were determined by simultaneous fit of 
sensorgrams in Figure 6.S2 to a 1:1 (Langmuir) binding model. Errors are standard errors of 
the fit. 
 
Searching for a further increase of CLC stability on the chip surface, we investigated the effect of 
adding nucleotides. ADP showed no effect during dissociation of bio-CLC (Figure 6.S1C). However, the  
subunit is known to stabilise the ATP-induced conformational state of CLC (Anderson et al., 2007; 
Simonetta et al., 2009). Therefore ATP could be expected to stabilize the construct and in particular the 
–(/)3 link according to the principle of microscopic reversibility. Indeed, we found this to be true: 1 
mM ATP increased the affinity of 3’/21’ for bio- 3.5- and seven-fold (to 0.3 nM) and increased 
the dissociation half-life three- and four-fold, respectively (Table 6.1; Figures 6.S2A and 6.S2B). By 
reducing the buffer ionic strength to 50 mM NaCl and by chromatographic isolation of the entire bio-CLCs 
prior to immobilisation (Figure 6.S3A), we further improved the stability of CLC on the SA surface. A 
dissociation lifetime of >10 hours (Figure 6.S3B) provides us with an ideal platform to study interactions 
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between the CLC and DnaB. 
 
6.2.2 Clamp loader–helicase affinity increases >400-fold upon DnaGC binding 
We next used SPR to test the strength of interaction between wild-type DnaB (DnaBwt) and 
surface-immobilised bio-3CLC (Figures 6.2A and 6.2B). Sensorgrams recorded at a range of 
concentrations of DnaBwt injected over bio-3’ in a buffer containing 1 mM ADP revealed 
unexpectedly fast kinetics, with fast on and off rates (Figure 6.2B). Responses measured at equilibrium 
were fit to a 1:1 steady-state affinity (SSA; Equation 6.1) model to yield a value of KD of 1.3 ± 0.2 M. 
Similar measurements revealed an almost identical strength and similarly fast kinetics of the bio-
12’DnaB interaction (KD = 4.1 ± 0.3 M; Figure 6.S3C). Thus, unlike the expectation based on 
previously published results (Gao and McHenry, 2001a; Kim et al., 1996), our data show that the 
interaction between CLC and DnaBwt is weak and transient in nature and does not depend on the number 
of  subunits. 
Recent studies proposed that the  subunit is able to differentiate between dilated and 
constricted DnaB states (Strycharska et al., 2013). This conclusion was based on DNA-unwinding assays 
performed with two mutant versions of the helicase that are stabilized in either the dilated (DnaBdilated) or 
constricted (DnaBconstr) states (Figure 6.1B). We tested both of them for their interaction with surface-
immobilised 3CLC using SPR. While DnaBconstr exhibited binding kinetics and strengths similar to that of 
DnaBwt (KD = 3.3 ± 0.3 M; Figure 6.2C), an injection of 250 nM DnaBdilated resulted in a markedly slower 
dissociation from bio-3’ (Figure 6.2D). The interaction was stabilized to a level that prevented us 
from reliably quantifying its strength, with the dissociation of DnaBdilated from bio-3’ now competing 
with the dissociation of 3’ from bio-. Nevertheless, the similarity of the kinetics of DnaBwt and 
DnaBconstr interacting with 3CLC and the stark difference between those of DnaBwt and DnaBdilated suggest 
that E. coli DnaBwt is almost entirely in the constricted state in solution. 
In the co-crystal structure of the Geobacillus stearothermophilus DnaB6(DnaGC)3 complex, the 
three C-terminal domains of primase each bind to two adjacent subunits of the dilated hexameric collar 
domain in DnaB (Figure 6.S5A). However, in the constricted conformation of Aquifex aeolicus DnaB 
(Figure 6.1B, right panel), one of the two asymmetric DnaGC contact points in DnaB is buried and 
unavailable for binding to DnaG (Strycharska et al., 2013). In agreement with the structural considerations, 
it was further reported that DnaBdilated is able to interact with DnaG and support priming activity whereas 
DnaBconstr could not sustain priming at all. We compared the activities of the three helicases in a bulk 
leading- and lagging-strand replication assay (Figure 6.2E, DnaG+ path) and found that unlike DnaBwt and 
DnaBdilated, DnaBconstr was indeed unable to sustain OF synthesis upon addition of DnaG (Figure 6.2F; lane 
6 cf. lanes 4 and 2). All three helicases, instead, proved proficient in leading-strand synthesis (Figure 6.2E, 
DnaG– path, and Figure 6.2F, lanes 1, 3, and 5). Considering that DnaBwt appears to be predominantly in 
the constricted state in solution, the observation that DnaBwt supports the production of OFs strongly 
suggests the helicase is able to explore dilated-like states during replication. Thus, either the presence of 





Figure 6.2: The dilated DnaB interacts strongly with bio-3’ 
(A) Cartoon presentation of the association and dissociation phases of an SPR experiment 
used to measure the binding of DnaB versions in solution to immobilised bio-3CLC. (B) and 
(C) SPR sensorgrams show association (for 30 s) and dissociation phases of bio-3’–
DnaBwt (B) and bio-3’–DnaBconstr (C) interactions obtained at optimised 0.0625–8 M 
range of serially diluted DnaBwt (B) or DnaBconstr (C) samples, including zero. Responses at 
equilibrium, determined by averaging values in the grey bar region, were fit (inset, red 
curve) using a 1:1 steady state affinity (SSA) model to derive dissociation constant KD and 
response at saturation Rmax values: KD(bio-3’–DnaBwt) = 1.3  0.2 M and Rmax = 440  
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20 RU (B), and KD(bio-3’–DnaBconstr) = 3.3  0.2 M and Rmax = 460  20 RU (C). Errors 
are standard errors of the fit. (D) 250 nM DnaBdilated is injected for 400 s and its slow 
dissociation monitored for over 2,000 s. (E) Cartoon representation of bulk replication 
assays with rolling-circle substrates in the absence or presence of DnaG primase, as shown 
in (F). The presence of DnaG enables also the lagging-strand synthesis. (F) Alkaline agarose 
gel showing the resolved leading strand (all lanes) and lagging strand (DnaG+ lanes) DNA 
products generated by replisomes in the absence of primase (odd lanes) and in its presence 
(even lanes) using DnaBdilated (lanes 1–2), DnaBwt (lanes 3–4), and DnaBconstr (lanes 5–6) 
helicases. 
 
To test the possibility that DnaG binding to DnaB is sufficient to trigger the conformational 
transition in the helicase, we produced DnaGC (Loscha et al., 2004), a C-terminal domain of primase that 
holds all the determinants for DnaB binding but lacks the two N-terminal domains responsible for 
recognition of priming sites on DNA and RNA synthesis. Both DnaG and DnaGC interact similarly weakly 
with DnaBwt with KD values of 2.8 and 4.9 M in 150 mM NaCl, respectively (Oakley et al., 2005). Injection 
of 0.5 M DnaBwt together with 5 μM DnaGC and 1 mM ATP (50 mM NaCl) over bio-3CLC (Figure 6.S4A) 
resulted in a much higher response compared to the injection of DnaBwt alone (Figure 6.S4A). This 
stronger binding was not ATP nucleotide specific, since the use of ADP resulted in the similar response 
(Figure 6.S4B). Injection of 5 M DnaGC alone did not yield a detectable response, showing that the signal 
is not caused by direct binding of DnaGC to bio-3CLC (Figure 6.S4A). Critically, fast-off kinetics are 
detected when DnaGC is absent during the dissociation of DnaB from the CLC, as if the DnaGC were not 
present during the association phase at all (Figures 6.S4A cf. 6.2B). Considering that DnaGC appears to 
dramatically increase the affinity of DnaB for CLC, the detected fast dissociation appeared to violate the 
basic thermodynamic principles that each ligand (CLC or DnaGC) must increase the affinity of protein 
(DnaB) for the other. To further investigate this, we measured binding of DnaBwt to immobilised 3CLC by 
fixing the solution [DnaBwt] to 100 nM while titrating DnaGC in the range from 0.58 M (Figure 6.S4C). 
In spite of the three binding sites on DnaB for DnaGC, the data were reliably fit using an SSA model for 
one-to-one binding, as if only one of the three sites on DnaB has been titrated by DnaGC in the measured 
concentration range. The measured KD of 1.74 ± 0.09 M and the fast kinetics were similar to the 
previously reported binding of DnaBwt to individual immobilised DnaG subunits (Oakley et al., 2005). These 
observations can be reconciled in a model that describes a cooperative transition in DnaB, with the weak 
binding of the first DnaGC initiating a conformational transition in the DnaB hexamer from constricted to 
a dilated state with at least 10100-fold higher affinities for the second (and third) DnaGC. 
The strength of the interaction between 3CLC and the DnaBwt.DnaGC complex can be now 
determined accurately by measuring responses at equilibrium for various concentrations of DnaBwt in the 
presence of 5 μM DnaGC and fitting against the calculated concentration of DnaBwt.DnaGC (see Equation 
6.2 in 6.4 Materials and Methods) using an SSA model (KD = 2.6 ± 0.3 nM; Figure 6.3A). Likewise, binding 
of DnaBwt to 1CLC at 5 μM DnaGC was similarly strong (KD = 10 ± 1 nM; Figure 6.S4D), again arguing that 
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a single  subunit within the 3CLC is responsible for helicase binding. Nevertheless, the increase in the 
strength of DnaBwtCLC interaction by up to 500-fold in the presence of DnaGC indicates that the binding 
of the primase triggers the conformational switch in DnaB from the constricted to a dilated state, 
stabilising its binding to CLC. As expected, injection of DnaBconstr in the presence of DnaGC resulted in a 
much weaker response, consistent with its locked conformation and reduced ability to interact with 
primase (Figure 6.S4E). 
 
 
Figure 6.3: Association between DnaB and DnaGC strengthens the bio-3’–DnaB 
interaction 500 fold  
(A) Top panel: Cartoon presentation of the association and dissociation phases of an SPR 
experiment used to measure the binding of DnaBwt in solution to immobilised 3CLC in the 
presence of DnaGC during association only. Bottom panel: SPR sensorgrams showing 
association (for 150 s) and dissociation of DnaB.DnaGC to and from bio-3’ obtained at 
optimized 0.5–32 nM range of serially diluted DnaBwt samples containing 5 M DnaGC, 
including zero. The responses at equilibrium Req, determined by averaging values in the grey 
bar regions of the sensorgrams, were fit (inset, red curve) against the calculated 
DnaBwt.DnaGC concentrations (0–23.7 nM, see 6.4 Materials and Methods) using an SSA 
model to obtain a KD value of 2.6  0.3 nM and an Rmax value of 460  10 RU. Errors are 
standard errors of the fit. (B) Top panel: Cartoon presentation of the association (with 
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DnaGC) and two dissociation phases (with and without DnaGC, respectively) of an SPR 
experiment presented in the panel below. Bottom panel: DnaGC slows down the 
dissociation of DnaBwt from bio-3’. SPR sensorgram shows the association of 
DnaBwt.DnaGC during 60 s injection of 32 nM DnaBwt in the presence of 5 M DnaGC, 
followed by the 1,000 s dissociation in the presence of 5 M DnaGC and second dissociation 
step without DnaGC. 
 
In contrast, the presence of DnaGC (5 M) in the dissociation phase strongly slows down the bio-
3CLC–DnaB dissociation to display a lifetime of several 100s of seconds (Figure 6.3B). These observations 
indicate that the DnaB conformation is regulated by primasehelicase interaction, thereby controlling the 
affinity of DnaB to the CLC. On the other hand, CLC cannot lock DnaB in its dilated state. We thus identified 
two functional forms of the helicase–clamp loader interaction: one with a weak affinity with the helicase 
in the constricted-like state and the other with a strong affinity that depends exclusively on (cooperative) 
primasehelicase interactions. 
 
6.2.3 The strong helicaseclamp loader interaction stimulates the activity of a destabilized 
replisome 
The  subunit of the CLC has a central linking role in the replisome, connecting the polymerase 
core with the replicative helicase. Hence, a primase-induced >400-fold increase in DnaB–CLC affinity and 
strongly altered kinetics could be expected to significantly affect the organisation and dynamics of the 
replisome. To demonstrate the importance of the strong helicaseclamp loader interaction in a functional 
context, we first turned to a rolling-circle leading-strand bulk replication assay (Figure 6.2E, DnaG– path). 
In this traditional assay, the 2Pol IIIleadCLCDnaB connectivity stimulates the simultaneous unwinding 
of dsDNA by DnaB and primer extension DNA synthesis by Pol IIIlead core bound to the leading strand. We 
modified the assay such that the stability of Pol III* on DNA is compromised by leaving out the processivity 
factor 2 in the reaction (Figure 6.4A). This condition artificially elevates the importance of the remaining 
DnaB3’ link and allows us to visualize its functional dependence on the DnaGC concentration, 
[DnaGC]. Because of the expected inefficiency of the reaction, we first performed a time-course assay at 
constant DnaGC (2 M) (Figure 6.4B, lanes 25). We find that the reaction still progresses and that the 
products are best observable at 80 min, with progressively longer products synthesised and more DNA 
templates consumed in time. Moreover, in the absence of DnaGC, replication was significantly less 
efficient and equivalent to the level in the DnaGC-dependent reaction at early time points (Figure 6.4B, 
lane 6 cf. lanes 2 and 3). The narrow distribution of product sizes points to the distributive nature of the 
DNA-synthesis process, not surprisingly considering the absence of 2. Performing the reaction at 
progressively increasing [DnaGC] confirms a dependence of the synthesis efficiency on DnaGC (Figure 
6.4C, lanes 15). Considering that (a) DnaGC has no enzymatic activity, (b) leading-strand replication does 
not proceed in the absence of the physical coupling between the helicase and Pol III* (Kim et al., 1996; 
Kornberg and Baker, 1991), (c) helicase-independent Pol III strand displacement synthesis cannot occur in 
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the absence of 2 (Jergic et al., 2013; Yuan and McHenry, 2009), (d) the efficiency of the replication 
increases in the range of [DnaGC] that is relevant for its interaction with DnaB (Figure 6.S4C) and 
stabilisation of the DnaBCLC interaction (Figure 6.3), (e) helicase loading, presumably occurring via 
sliding onto the free 5’-end of the lagging strand, was unaffected by increase in [DnaGC] (as observed by 
a constant template utilisation as a function of [DnaGC]), and (f) DnaB was reported to be stable on ssDNA 
for very long periods [60 min (Pomerantz and O’Donnell, 2010)], we conclude that the progressively 




Figure 6.4: A strong DnaGC-induced CLC–DnaB interaction stimulates DNA replication in 
absence of the clamp 
(A) Cartoon of the replisome that synthesises the leading strand only in the absence of 2 
clamp, as used in (B) and (C). (B) The time course of rolling-circle DNA synthesis reactions 
by the 2– replisome, at indicated time points, in the presence of 2 M DnaGC (lanes 15) 
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and in its absence (lane 6) are resolved on a 0.66% agarose gel. (C) Serially diluted DnaGC 
samples (0.252 M, including zero) were supplemented into the individual rolling circle 
replication reactions and the replication products visualised on a gel after 80 min (lanes 
15). 
 
6.2.4 Binding of primase does not inhibit DnaB helicase activity 
It is unknown whether the helicase stalls during priming in E. coli. It is also not known how long 
the primase is bound to the helicase during each OF cycle. As such, it is of importance to know whether 
the helicaseprimase interaction stalls the helicase. Major experimental challenges in characterizing the 
DNA-unwinding activity of a helicase-primase complex are the multivalent and weak nature of the 
interactions and the different helicase conformations. We used a disulphide cross-linked construct 
DnaB6F102CDnaGC3R568C/C492L (DnaBGC) to remove the stoichiometric heterogeneity of DnaB(DnaGC)n (n 
= 03) species and to ensure that helicase remains continuously in the dilated state with strong affinity 
for the CLC. The DnaBF102C is a mutant version of DnaBwt that interacts >200-fold less efficiently with 
DnaGC. Likewise, DnaGCR568C/C492L interacts with DnaBwt 30-fold more weakly compared to wild type. 
Nevertheless, the disulfide crosslinking efficiency between these mutants is nearly 100%, ensuring that 
for each hexamer of DnaB, essentially all three primase sites are occupied by DnaGC (Lo et al., 
unpublished). 
To characterise DnaBGC, we used SPR to monitor binding of DnaBGC to bio-3CLC. This 
experiment results in the characteristically slow dissociation (Figure 6.5A) that we previously observed 
with DnaBdilated (Figure 6.2D) or DnaBwt in the presence of DnaGC (Figure 6.3B). Moreover, similarly to 
DnaBwt and DnaBconstr, DnaBF102C exhibited a much lower response at equilibrium, accompanied by fast on 
and fast off kinetics (Figure 6.5A). These data indicate that DnaBGC is indeed in a dilated state and 
interacts strongly with the CLC. 
We next used DnaBGC in our leading-strand assay lacking the 2 processivity clamp and 
compared its activity against a DnaBF102C control (with and without DnaGC; Figure 6.5B). We reasoned 
that if the activity of the DnaBGC driven replisome is found to be similar to or stronger than those of 
controls, it would indicate that DnaB remains an active helicase even when primases are bound to it. The 
control lanes show that DnaBF102C is active (Figure 6.5B, lane 1) while the presence of 2 M DnaGC makes 
no difference to yield and product length (Figure 6.5B, lane 2). No change in activity is expected because 
of the much weaker affinity of the mutant helicase for the primase. However, the presence of DnaBGC 
in the reaction results in higher replication efficiency compared to control lanes (Figure 6.5B, lane 3 cf. 
lanes 1, 2). Considering that the template consumption was similar across reactions, our results show that 
DnaB is an active helicase when it is bound to all three DnaGCs, further confirming that the dilated state 
is functional. Interestingly, leading-strand assays in the presence of the 2 clamp revealed that replisomes 
with DnaBGC do not appear to be more efficient than with DnaBF102C (Figure 6.S5B). This result suggests 
that if Pol III on the leading strand is stabilised by interactions with 2, the strengthening of the DnaBCLC 
interaction becomes less critical for the stability of 2Pol IIIleadCLCDnaB. Taken together, we conclude 
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that DnaB shows helicase activity in both constricted and dilated states (Figure 6.5C), even when bound 
to its binding partners within the replisome. 
 
 
Figure 6.5: Cross-linked DnaBGC complex is an active helicase 
(A) Top panel: Cartoon representation of association and dissociation phases of an SPR 
experiment designed to visualise the binding of cross-linked DnaBGC to immobilised 3CLC. 
Bottom panel: SPR sensorgrams showing association and dissociation profiles of consecutive 
injections of DnaBF102C alone and cross-linked DnaB6F102CDnaGC3R568C/C492L (DnaBGC) on 
bio-3’. During DnaBGC dissociation, dithiothreitol (DTT) injected at 1,800 s reduces 
the disulphide cross-linking bond, leading to release of DnaGCs and faster dissociation. 
Spikes in the signal corresponding to imperfect signal subtraction from the control flow cell 
during solution changes are made more transparent to highlight the relevant portions in the 
sensorgrams. (B) Rolling-circle leading-strand replication reactions in the absence of 2 were 
supplemented with DnaBF102 (lane 1), DnaBF102 and 2 M DnaGC (lane 2), and DnaBGC (lane 
3) and the products were separated on a 0.66% agarose gel following 80 min reaction. (C) 
Concluding cartoon illustration of the leading-strand synthesis, which occurs irrespective of 
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the conformation of DnaB N-terminal domains. 
 
6.2.5 DnaG concentration controls the number of Pol III*s associated with the replisome 
The replication assays discussed above enabled us to detect functional differences and 
similarities in partial replisomes as a function of the strength of DnaBCLC interaction. Next, we set out 
to examine the role of the conformational switch in the helicase on full replisome activity by real-time, 
single-molecule observations of replication. We previously reported the use of a single-molecule rolling-
circle assay to image fluorescently labelled Pol III* complexes associated with the replisome and visualise 
dynamic exchange of replisome-bound Pol III*s with those in solution on the timescale of seconds (Lewis 
et al., 2017). We hypothesized that [DnaG]-induced strengthening of the DnaBCLC interaction could 
contribute to the accumulation of Pol III*s at the replication fork by slowing down the exchange, and 
conversely, a weakening could promote exchange and lower the steady-state population. 
We employed single-molecule FRAP (fluorescence recovery after photobleaching) experiments 
(Lewis et al., 2017) and measured the recovery time of fluorescent signal upon photobleaching due to the 
turnover of fluorescently labelled Pol III* at the replication fork at different [DnaG] (30, 70, 150, and 300 
nM) as both leading and lagging strands are replicated (Figure 6.6A). The population of labelled Pol III*s 
in the field of view was photobleached every 20 s with 2-s pulses at high laser power (Figure 6.6B, top 
panel) and the recovery of intensity of the fluorescent Pol III* signal at the fork tracked as a function of 
time after each high-power pulse (Figure 6.6B, bottom panel). Fluorescence intensities were converted 
into numbers of Pol III*s by calibrating the intensity of a single labelled Pol III*, as described before (Lewis 
et al., 2017). To analyse the data, we pooled together every recovery interval in which we observed 
replication (Figure 6.6C; red circles) for a particular [DnaG] (Figure 6.6C) and fit (Figure 6.6C; blue curve) 
their averaged fluorescence intensity values (Figure 6.6C; black squares) with a FRAP recovery equation 
(Equation 6.3). This procedure was repeated for each [DnaG] (Figures 6.6D and 6.S6A–C). 
Our single-molecule analysis revealed that the characteristic exchange time (exchange lifetime, 
T) increases with [DnaG] in a concentration range that is physiologically relevant (Figure 6.6E, left panel). 
This observation of Pol III* stabilization at the fork with increasing [DnaG] can readily be explained by 
DnaB spending more time in a dilated-like state as [DnaG] increases, leading to progressively slower 
exchange kinetics. In addition, extrapolation of T to zero as [DnaG] approaches zero implies that the 
translocating DnaB resumes the constricted-like state on DNA as it unwinds dsDNA in the absence of 
DnaGDnaB contacts. Further, our data reveal that the number of replisome-associated Pol III*s at 100 
nM DnaG, the concentration found in the cell (Rowen and Kornberg, 1978), is two to three, increasing to 
four copies at 300 nM DnaG (Figure 6.6E, right panel). Fitting the number of exchanged Pol III* against 
[DnaG] to a steady-state equation (Equation 6.4) shows that the maximum number of associated Pol III* 
could be as high as six (Figure 6.6E, right panel). The KM extracted from these data is 90  30 nM, 30-fold 
below the KD of the DnaBDnaG interaction [2.8 M (Oakley et al., 2005)] but reasonably close to the KM 
value for primer utilisation [17  3 nM (Graham et al., 2017)]. This observation suggests that the transition 
to dilated-like state(s) depends on additional interactions of DnaG in the replisome, presumably with the 
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lagging-strand template (i.e., during priming events). 
 
 
Figure 6.6: Single-molecule FRAP experiments: DnaG stimulates accumulation of 
polymerases and slows down their exchange dynamics at the replication fork 
(A) Cartoon showing the two stages of the single-molecule leading and lagging rolling-circle 
DNA synthesis assay. First, 2-kbp rolling-circle substrate with DnaB loaded at its 5’-end tail 
is bound to a coverslip surface through biotin-streptavidin bond. Then SNAP-Pol III*, 2, 
DnaG, and SSB are flowed in to initiate replication. (B) Top panel: a representative 
kymograph of SNAP-Pol III* at the replication fork in the presence of 300 nM DnaG. Every 
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20 s, a 2-s high power pulse laser is used to photobleach the population of SNAP-Pol III* in 
the field of view. Bottom panel: recovery of SNAP-Pol III* intensities over time for an 
individual active replisome. (C) 61 intensities (red circles) obtained from the recovery 
intervals of 24 replisomes at 300 nM DnaG are converted into the number of exchanged Pol 
III* and displayed, together with their average values (black square). Fitting the evolution of 
average recovery intensities in time with the FRAP recovery equation (Equation 6.3) 
provides the characteristic (exchange) time (T = 11.2  0.5 s), the maximum number of 
exchanged Pol III* (Pol III*max = 4.26  0.08), and the remaining background intensity y0, 
converted in number of Pol III*s (y0 = 0.72  0.04), then subtracted from every other curve. 
(D) Averaged recovery intensities at each DnaG concentration (30, 70, 150, and 300 nM) and 
their FRAP recovery fit curves (black) are shown. The remaining values for the T, Pol III*max, 
and y0 are presented in Figure 6.S6. (E) T (left panel) and Pol III*max (right panel), plotted as 
a function of DnaG concentration, are fitted with a steady-state equation (Equation 6.4) 
providing the KMs (115  8 nM and 90  40 nM, respectively) and either the maximum 
exchange lifetime (Tmax = 15.6  0.5 s, left panel) or the maximum number of exchanged Pol 





In this report, we present evidence for at least two functional modes of interaction between the 
bacterial clamp loader and helicase, CLC–DnaB, corresponding to different conformations of the N-
terminal collar in DnaB. We first isolated and characterised CLCs on the surface of an SPR chip (Figures 
6.S1 and 6.S2), then demonstrated that binding between CLC and DnaBwt is weak and transient in nature 
(Figures 6.2B and 6.S3C). In solution, DnaB appears to be predominantly in a constricted-like state (Figure 
6.1B, right panel), considering that its affinity for the CLC (Figure 6.2B) is not much different (2.5-fold 
less) from DnaBconstr (Figure 6.2C). In the constricted conformation, one of the two contact regions in the 
pair of adjacent monomers of the DnaB hexamer responsible for the asymmetric interaction with DnaG is 
sterically inaccessible. Consistent with this structural picture, the conformationally-constrained DnaBconstr 
did not support priming and OF synthesis (Figure 6.2F). However, in the dilated conformation, DnaBdilated 
interacts strongly with the CLC and the complex is slow to dissociate (Figure 6.2D). Binding of DnaGC 
promotes the conformation in DnaB with high affinity to the CLC so that binding affinity increases >400-
fold (Figures 6.3A and 6.S4D). Nevertheless, the dissociation of DnaB from the CLC is still fast in the 
absence of DnaGC in solution while DnaBDnaGC binding is unaffected by the presence of CLC in the high 
range of [DnaGC] [Figure 6.S4C and (Oakley et al., 2005)]. Taking into account the multiplicity of the DnaB–
DnaGC interaction, we believe that this outcome is possible only if positively cooperative binding of 
multiple DnaGCs is involved, with the conformational switch initiated by binding of the first DnaGC to 
DnaB. However, in the presence of high DnaGC (5 M), the dissociation of DnaB from CLC is slow (Figure 
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6.3B), similar to the dissociation of DnaBdilated (Figure 6.2D). We thus conclude that binding of the primase 
induces the conformational change in the replicative helicase from a constricted-like state with low 
affinity for CLC to a dilated-like state with a high affinity for the CLC.  
Next, we demonstrated the functional significance of high DnaBCLC affinity in a modified 
leading-strand DNA synthesis assay in the absence of the processivity factor, the 2 sliding clamp (Figure 
6.4A). Sliding clamps are utilised in all domains of life to stabilise polymerases as they translocate on DNA 
between successive nucleotide incorporation steps. We hypothesised that the intentional weakening of 
Pol III core binding to DNA due to the absence of clamp might expose the relative change in strength of 
other contributing interactions, i.e. that of DnaBCLC. Indeed, this was the case: strengthening of the 
DnaB–CLC interaction in the presence of increasing [DnaGC] led to more efficient DNA synthesis (Figures 
6.4B and 6.4C) whereas template utilisation was not affected (Figure 6.4C).  
The precise mechanism by which the E. coli replisome coordinates repetitive lagging-strand 
priming with DNA synthesis on both leading and lagging strands is not known (Dixon, 2009). One possibility 
is that the helicase pauses during primer synthesis – a hypothesis based on initial single-molecule studies 
of the phage T7 replication system (Lee et al., 2006) and later inferred from E. coli leading-strand synthesis 
studies in the presence of DnaG or DnaGC (Tanner et al., 2008). Another scenario is that the helicase 
continues unimpeded unwinding of dsDNA at the fork as it remains in contact with the primase that is 
bound to the priming sequence on the lagging strand. This mechanism results in the temporary formation 
of a “priming loop” that collapses as the new primer is handed off from the primase to polymerase 
(Manosas et al., 2009; Pandey et al., 2009). A critical difference between these mechanisms is the ability 
of the primase to modulate the helicase activity, in particular whether DnaB helicase pauses when it is 
bound to primase. To answer this question, we utilised the cross-linked DnaBGC (Lo et al., unpublished) 
and used SPR measurements to show that binding of DnaBGC to the CLC is strong while the dissociation 
from the CLC is slow (Figure 6.5A). These observations suggest that DnaB is in the dilated conformation, 
as expected for the DnaGC-bound form. We then tested the activity of DnaBGC in leading-strand 
synthesis, both in the absence (Figure 6.5B) and presence of the clamp (Figure 6.S5B), and confirmed that 
DnaB remains an active helicase, both in the constricted conformation (Figure 6.2F, lanes 5,6), and in the 
dilated form linked to DnaGC and strongly associated to the CLC. Our findings thus suggest that the 
formation of priming loops in E. coli is possible, and if it does not happen, there must be a rather specific 
mechanism in place to prevent it.  
Finally, we demonstrated the significance of the DnaG-induced conformational switch in the 
helicase in the context of full replisomes during active DNA synthesis. We measured the recovery of 
fluorescence intensity at the replication fork following photobleaching (Figure 6.6B). Our measurements 
revealed that the maximum number of replisome-associated Pol III* increases as [DnaG] increases from 
30 to 300 nM. In the physiological range of [DnaG] (50–100 nM), there are on average 23 exchangeable 
Pol III* complexes residing at the fork (Figures 6.6C, 6.6D, and 6.S6). Fitting the maximum number of 
associated Pol III* against [DnaG] revealed that the upper limit of associated Pol III* at the fork is 6 
(Figure 6.6E, right panel). In addition, a similarity in trends of both the exchange lifetime T (Figure 6.6E, 
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left panel) and the number of associated Pol III*s at the fork (Figure 6.6E, right panel) to increase with 
rising [DnaG] can be rationalised by slowing down of the CLC–DnaB dissociation with DnaG bound (Figures 
6.3B cf. 6.2B). These trends suggest that higher [DnaG] increases the portion of time that the helicase 
spends in dilated- rather than constricted-like states. Conversely, the trend in the fit of T versus [DnaG] 
towards lower concentrations suggests a zero exchange time in the absence of DnaG, implying that under 
those conditions, the actively translocating helicase resumes a constricted-like state. Using a very 
different approach, a model proposed by Strycharska et al., 2013 also predicted that DnaB would be in 
the constricted state except when it contacts DnaG for priming.  
While the single-molecule photobleaching experiments are performed at physiologically relevant 
[DnaG], the Pol III* concentration in those assays (3 nM) is lower than what is found inside the cell [25 
nM (Lewis et al., 2017)]. We chose this lower concentration to enable experimental access to exchange 
times across the entire range of tested [DnaG] (30300 nM). The T we measured at 300 nM DnaG of 11.2 
 0.5 s was consistent with the previous measurements (11.0  0.6 s) under the same conditions (Lewis 
et al., 2017). Those measurements also determined a 6-fold reduction in T upon increasing [Pol III*] from 
3 to 13 nM. At 70 nM DnaG, a concentration approximate to that found in the cell (Rowen and Kornberg, 
1978), we measured T to be 6 s, so a reduction of T to around one second and an increase in the number 
of exchangeable Pol III* to >3 can be expected at physiological Pol III* and DnaG concentrations. These 
numbers would suggest that the exchange lifetime per individual associated Pol III* molecule (T divided 
by Pol III*max) is well below one second and on par with the OF cycle time. 
The value for the KD measured for the DnaG–DnaB interaction [2.8 M (Oakley et al., 2005)] is 
much higher than the KM (90  40 nM) we observe in the [DnaG]-dependent exchange process. This 
discrepancy exposes the role of other interactions that DnaG establishes in the replisome that are 
important for exchange. Taking into account the uncertainty and the different origin of the observables 
we measure, the fitted KM is reasonably close to the KM value for primer utilisation (20 nM) measured by 
others (Graham et al., 2017). These observations underscore the critical role of interaction between DnaG 
and the lagging-strand template for the primase-induced conformational switch in the helicase. This 
global CLC–DnaB interaction framework ensures that Pol III* is not sequestered by helicase in solution 
and would instead be preferentially bound by a translocating helicase at the apex of the fork that is 
engaged in interactions with primase. 
So why would there be a need for DnaG priming as a signal that triggers a helicase conformational 
change that in turn recruits Pol III*s to the vicinity of the replication fork? One obvious possibility is that 
a Pol III* newly recruited to DnaB could participate downstream in the primase-to-polymerase switch 
(Yuzhakov et al., 1999) and subsequent OF synthesis, operating in conjunction with a different Pol III* that 
is already replicating the leading strand. Such a model with multiple Pol III* complexes acting at the fork 
would allow for a large number of scenarios describing polymerase behaviour in replication, including Pol 
III* being left behind on a nascent OF and the simultaneous synthesis of multiple OFs (Duderstadt et al., 
2016; Geertsema et al., 2014). 
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In enzymology, proteins are known to form symmetrical assemblies that undergo cooperative 
allosteric transitions thereby serving as switches that allow one molecule in the cell to affect the fate of 
another (Alberts et al., 2007). Switches are often selected to enable a tight, ligand-concentration 
dependent regulation that cannot otherwise be achieved with a single protein. The cooperative allosteric 
regulation of a DnaG-induced conformational switch in E. coli DnaB appears to be capable of functioning 
as a temporal switch, selected by evolution to support timely engagement of new Pol III*s into the DNA 
synthesis process. For example, simultaneous binding of primase to the exposed site in constricted DnaB 
and to DNA (i.e., during primer synthesis) enables titration under physiological conditions of the weak 
(first) DnaG binding site. Subsequently, the helicase undergoes a cooperative allosteric transition to a 
dilated state and increases its affinity of the remaining two sites for the primase. This in turn greatly 
increases the affinity of the helicase for the CLC, resulting in rapid accumulation of Pol III*s at the 
replication fork. However, upon separation from the primer, the primase rapidly separates from the weak 
binding site, reversing the initial allosteric transition towards the constricted state and weakening the 
other two primase binding sites in the helicase. This switch would result in rapid dissociation of Pol III*s 
from the helicase and its further handoff to a primed site for OF synthesis (primase-to-polymerase switch).  
Further work is necessary to deduce whether the proposed primase-to-polymerase switch via 
the DnaG-induced conformational change in the helicase represents a mechanism that is regularly utilised 
in OF synthesis, or whether it serves as a backup mechanism to handle roadblocks and obstructions, i.e. 
when priming on the leading strand becomes necessary or when there are delays in the recycling of the 
lagging-strand polymerase. The first possibility would appear to be in strongest agreement with the recent 
paradigm shift in the field proposing a rather stochastic behaviour of Pol III* at the replication fork, with 
new Pol III*s dynamically exchanging in the replisome while DnaB remains stably associated at the fork 
(Beattie et al., 2017; Geertsema and van Oijen, 2013; Graham et al., 2017; Lewis et al., 2017; Monachino 
et al., 2017; van Oijen and Dixon, 2015; Q. Yuan et al., 2016). Interestingly, the T7-phage employs a similar 
strategy of accumulation of polymerases (gp5) on the helicase fused to the primase (gp4) for prompt 
primer handoff (Geertsema et al., 2014; Loparo et al., 2011). The observation of similar mechanisms in 
systems of such different complexity suggests that the accumulation of polymerases at the replication 
fork for a primer handoff could be a conserved mechanism in nature. 
 
 
6.4 Materials and Methods 
 
6.4.1 Reagents 
Chemicals: (±)-6-hydroxy-2,5,7,8-tetramethylchromane-2-carboxylic acid (Trolox; Sigma-
Aldrich), glacial acetic acid (Ajax Finechem), ADP (Sigma-Aldrich), agarose (Bioline), ATP (Sigma-Aldrich), 
biotin-PEG-SVA (Laysan Bio, Inc.), catalase (Sigma-Aldrich), dNTPs (dATP, dCTP, dGTP, dTTP) (Bioline), 
dithiothreitol (Astral Scientific), EDTA (Ajax Finechem), glucose monohydrate (Sigma-Aldrich), glucose 
oxidase (Sigma-Aldrich), HCl (Ajax Finechem), potassium (K-)glutamate (Sigma-Aldrich), MgCl2 (Ajax 
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Finechem), Mg(OAc)2 (Sigma-Aldrich), mPEG-SVA (Laysan Bio, Inc.), NaCl (Sigma-Aldrich), Na2EDTA (Ajax 
Finechem), NaOH (ChemSupply), surfactant P20 (GE Healthcare), PDMS (Ellsworth), rNTPs (ATP, CTP, GTP, 
UTP) (Bioline), SDS (Sigma-Aldrich), Tris (Astral Scientific and Sigma-Aldrich), Tween-20 (Sigma-Aldrich).  
Gel Electrophoresis: agarose gel loading dye (6x) alkaline (Boston BioProducts), 6x DNA Gel 
Loading Dye (ThermoFisher Scientific), 10,000x SybrGold (LifeTechnology), GeneRuler DNA Ladder mix 
(ThermoFisher Scientific), lambda DNA/HindIII Marker (ThermoFisher Scientific). 
 
6.4.2 Buffers 
ALEM buffer: 2x agarose gel loading dye (6x) alkaline, 200 mM EDTA; alkaline buffer: 50 mM 
NaOH, 1 mM EDTA; imaging buffer: 30 mM Tris.HCl, pH 7.6, 12 mM Mg(OAc)2, 50 mM K-glutamate, 0.5 
mM EDTA, 0.0025% (v/v) Tween-20, 0.5 mg/mL BSA, 1 mM freshly made UV-aged Trolox, 0.45 mg/mL 
glucose oxidase, 0.024 mg/mL catalase, 0.8% (w/v) glucose monohydrate, 10 mM dithiothreitol, 1.25 mM 
ATP, 0.25 mM each UTP, CTP, and GTP, 50 M each dATP, dTTP, dCTP, and dGTP; LES buffer: 2x DNA Gel 
Loading Dye, 200 mM EDTA, 2% SDS; neutralization buffer: 1 M Tris.HCl, pH 7.6, 1.5 M NaCl; replication 
buffer A: 30 mM Tris.HCl, pH 7.6, 12 mM Mg(OAc)2, 50 mM K-glutamate, 0.5 mM EDTA, 0.0025% (v/v) 
Tween-20; replication buffer B: 30 mM Tris.HCl, pH 7.6, 12 mM Mg(OAc)2, 50 mM K-glutamate, 0.5 mM 
EDTA, 0.0025% (v/v) Tween-20, 0.5 mg/mL BSA; SPR1 buffer: 50 mM Tris.HCl, pH 7.6, 200 mM NaCl, 10 
mM MgCl2, 0.25 mM dithiothreitol, 0.005% (v/v) P20; SPR2 buffer: 25 mM Tris.HCl, pH 7.6, 50 mM NaCl, 
5 mM MgCl2, 0.25 mM dithiothreitol, 0.005% (v/v) P20; Tris-acetate-EDTA (TAE) buffer:  40 mM Tris, 20 
mM acetic acid, 1 mM EDTA (final pH 8.3). 
 
6.4.3 Proteins 
E. coli replication proteins and protein complexes were purified according to previously published 
protocols: 21’, 3’, 3’ (Tanner et al., 2008), DnaB and DnaC (San Martin et al., 1995), 3’ and 
DnaBC (Jergic et al., 2013),  and SNAP649- (Lewis et al., 2017), 2 (Oakley et al., 2003), DnaBconstr 
and DnaBdilated (Strycharska et al., 2013), DnaG (Stamford et al., 1992), DnaGC (Loscha et al., 2004), 
DnaBF102C and DnaBGC  (Lo et al., unpublished), and SSB (Mason et al., 2013). Detailed procedures for 
production of bio- and bio- are described in 6.5 Supplementary Material. Isolation of bio-3’ and 
bio-12’ (Figure 6.S3A) followed methods for production of non-biotinylated CLCs (Tanner et al., 
2008). 
 
6.4.4 Bulk DNA replication assays  
Ensemble-averaging (bulk) DNA replication experiments aimed at comparing activities of 
DnaBdilated and DnaBconstr in the context of both leading-strand synthesis and simultaneous leading- and 
lagging-strand synthesis were commenced by mixing on ice in replication buffer A in 10 L reaction 
volume: 3.8 nM biotinylated flap-primed 2-kb circular DNA template (Monachino et al., 2018), 1.25 mM 
ATP, 250 M each UTP, CTP, and GTP, 200 M each dATP, dTTP, dCTP, and dGTP, 30 nM 3’, 90 nM 
Pol III, 200 nM 2, 60 nM DnaBwt, DnaBconstr or DnaBdilated, and 360 nM DnaC. When specified, 300 nM DnaG 
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was used for RNA priming on the lagging strand, allowing lagging-strand synthesis to proceed. Since 
DnaBconstr does not load efficiently in the presence of SSB (not shown), the reactions were initiated in a 
water bath at 37°C for 1 min in absence of SSB to preload helicases. Following the addition of 50 nM SSB, 
reactions were incubated at 37°C for a further 14 min. In this way, differences in efficiencies of DNA 
synthesis among the reactions containing different DnaB versions are mainly due to the elongation phase 
and not to the loading efficiency. Reactions were quenched by mixing equal volumes of replication 
solution with ALEM buffer, followed by heating in a water bath at 70°C for 5 min and prompt cooling on 
ice for at least 3 min. Reaction products were then resolved by alkaline agarose gel electrophoresis in 
0.5% (w/v) agarose gel; 4 L GeneRuler DNA Ladder mix in 1x agarose gel loading dye (6x) alkaline (final 
volume: 12 L) were loaded as markers. The alkaline agarose gels were soaked for at least 1 h in alkaline 
buffer before the reaction products and the markers were loaded. Gels were run at 15 V for 15 h in a 
Mini-Sub Cell GT System (Bio-Rad). Then, gels were neutralized in neutralization buffer for 2 h, and 
stained with 1x SybrGold in 2x TAE buffer for 7 h. The SybrGold-stained DNA molecules were detected 
with a Bio-Rad Gel Doc XR (302 nm trans-UV light; Figure 6.2F). 
Bulk leading-strand replication reactions in the absence of 2 clamps were assembled by mixing 
on ice in replication buffer A in 10 L final reaction volume: 3.8 nM biotinylated flap-primed 2-kb circular 
DNA template (Monachino et al., 2018), 1 mM ATP, 400 M each dATP, dTTP, dCTP, and dGTP, 30 nM 
3’, 90 nM Pol III, 30 nM DnaBwt, DnaBF102C or DnaBGC, and, unless otherwise stated, 10 mM 
dithiothreitol (Figures 6.4B and 6.4C). DnaGC concentration is declared in each experiment. 
Dithiothreitol was omitted in the reactions that compare the activities of DnaBGC with DnaBF102C to avoid 
reduction of the disulphide crosslink in DnaBGC (Figure 6.5B). Unless differently declared, reactions were 
incubated in a water bath at 30°C for 80 min, then quenched by mixing equal volumes of replication 
solution and LES buffer. Reaction products were separated by gel electrophoresis in 0.66% (w/v) agarose 
gels; 0.1 L lambda DNA/HindIII Marker in 1x DNA Gel Loading Dye (final volume: 4 L) were loaded as 
marker. Lambda DNA/HindIII Marker was previously treated according to manufacturer 
recommendations (it was heated in a water bath at 65°C for 5 min, followed by incubation in ice for at 
least 3 min).  Gels were run in 2x TAE buffer for 100 min at 75 V in a Mini-Sub Cell GT System (Bio-Rad), 
followed by staining with 1x SybrGold (LifeTechnology) in 2x TAE buffer for 2 h. The SybrGold-stained DNA 
molecules were detected with a Bio-Rad Gel Doc XR (302 nm trans-UV light). 
Time course bulk leading-strand synthesis reactions with DnaBF102C and DnaBGC in the presence 
of 2 were assembled as follows: a 60 L-master-mix containing 3.8 nM biotinylated flap-primed 2-kb 
circular DNA template (Monachino et al., 2018), 1 mM ATP, 400 M each dATP, dTTP, dCTP, and dGTP, 30 
nM 3', 90 nM Pol III, 200 nM 2, and 30 nM DnaBF102C or DnaBGC was prepared by mixing components 
in replication buffer A on ice; 10 L were removed for each condition and mixed with 10 L of LES buffer 
to provide the 0 time-point. The remaining volumes were transferred in a water bath at 37°C. At indicated 
time-points, 10 L were removed for each condition and mixed with 10 L of LES buffer to quench 
reactions. Reaction products were separated by gel electrophoresis in 0.66% (w/v) agarose gels; 1.5 L 
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GeneRuler DNA Ladder mixes in 1x DNA Gel Loading Dye (final volume: 12 L) were loaded as markers. 
Gels were run in 2x TAE buffer for 150 min at 60 V in a Wide Mini-Sub Cell GT System (Bio-Rad), followed 
by staining with 1x SybrGold (LifeTechnology) in 2x TAE buffer for 2 h. The SybrGold-stained DNA 
molecules were detected with a Bio-Rad Gel Doc XR (302 nm trans-UV light; Figure 6.S5B). 
 
6.4.5 Identification and quantification of DNA bands in gels  
Quantification of DNA bands in gels was performed using GE Healthcare Life Sciences “Image 
Quant TL” (v. 8.1). Lanes were manually identified. The “rubber band” background subtraction algorithm 
was used. The bands corresponding to the 2-kb DNA template were manually detected and their intensity 
was calculated by the software (Figures 6.4B, 6.4C, 6.5B, and 6.S5B). 
 
6.4.6 Surface plasmon resonance (SPR) experiments 
SPR experiments were carried out on a BIAcore T100/T200 (GE Healthcare) or on a 6 x 6 multiplex 
BioRad ProteOn XPR-36 system at 20°C, unless stated. On the BIAcore, a SA (streptavidin-coated) sensor 
chip (GE Healthcare) was activated with three sequential injections of 1 M NaCl, 50 mM NaOH (40 s each 
at 5 L/min). Likewise, all 36 interaction spots on a ProteOn NLC (neutravidin-coated) sensor chip were 
conditioned with three sequential injections of 1 M NaCl, 50 mM NaOH across six vertical (ligand) flow 
paths (40 s each at 40 L/min) and six horizontal (analyte) flow paths (40 s each at 100 L/min). 
The stability tests of CLC on the surface of BIAcore T100 SA-coated sensor chip were performed 
at 5 L/min flow using buffer SPR1. Measurements were initiated by immobilising 700 RU of bio- (133 
s injection at 325 s, step 1 in Figures 6.S1A and 6.S1B), followed by association of 3’ at 100 nM (1,500 
s injection at 789 s, step 2 in Figures 6.S1A and 6.S1C). Dissociation, monitored over the period of more 
than 5,000 s, was interspersed by injections of: (a) SPR1 buffer + 1 mM ADP (120 s injection at 3,110 s, 
Figure 6.S1C), (b) 1 M MgCl2 (60 s injection at 3,554 s, step 3 in Figures 6.S1A and 6.S1D), (c) solution of 
 (550 nM) and ’ (900 nM) in buffer SPR1 (75 s injection at 4,010 s, step 4 in Figures 6.S1A and 6.S1E), 
(d) 1 M MgCl2 (60 s injection at 4,554 s, step 5 in Figure 6.S1A), (e) solution of ’ (900 nM) in buffer SPR1 
(75 s injection at 4,733 s, step 6 in Figures 6.S1A and 6.S1F), and (f) the same solution as in (e). 
Considering that the bio- chip surface could not efficiently be regenerated, binding kinetics 
parameters for bio-21’ and bio-3’ interactions in the absence and presence of ATP (Figure 
6.S2) were determined using single-shot measurements of the reaction kinetics on a ProteOn NLC sensor 
chip, designed to provide detailed kinetic analysis in a single injection cycle without regeneration between 
samples. Following immobilisation of bio- in the ligand direction, the chip was rotated 90°, and 
solutions of serially-diluted 21’/3’ samples in each case (0.62510 nM, including zero) in buffer 
SPR1 (or SPR1 supplemented with 1 mM ATP) were made to flow simultaneously through all six horizontal 
(analyte) channels at 30 L/min for 700 s. Dissociation of bound molecules was monitored in the same 
buffer over 6,000 s. For each round of measurements, bio- was re-immobilised on a new ligand flow 
path. The final sensorgrams were unmodified ligand flow path- and zero-subtracted using ProteOn 
Manager Software (v. 3.1.0.6). Equilibrium (dissociation constant KD) and kinetic parameters (rate 
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constants, ka and kd) were determined by simultaneous fitting of the five sensorgrams per measured 
interaction from the optimised concentration range using a 1:1 (Langmuir) binding model incorporated in 
BIAevaluation software (v. 4.0.1). 
 All other interactions that enabled determination of dissociation constants (KD) for CLCDnaBwt 
and mutant DnaB versions, in the absence and presence of DnaGC, as well as CLC.DnaBwtDnaGC were 
characterized using a BIAcore T200 instrument. First, bio-12’ and bio-3’ were immobilised on 
two flow cells of a SA sensor chip to 1,400 and 1,450 RU, respectively, in running buffer SPR2 
supplemented with 0.2 mM ATP for stabilisation of CLCs on the sensor chip surface. Binding studies were 
initiated by sequential injections of solutions of serially-diluted DnaBwt samples from the optimised 
concentration range (0.06258 M, including zero) in buffer SPR2 + 0.2 mM ADP at 30 L/min for 30 s. 
While ADP stabilises the DnaB hexamer and does not influence measured values of binding at equilibrium 
(Req) compared to ATP, it was found to reduce unspecific interactions at high [DnaB] and formation of 
species that were slow to dissociate, which becomes a critical contribution because CLCs on the chip 
surface cannot be regenerated. Sensorgrams were zero-subtracted and Req values, generated by 
averaging response values in the grey highlighted region from the appropriate DnaB concentration range, 
were fitted against [DnaB] using a 1:1 SSA model incorporated in the BIAevaluation software (v. 4.0.1) 
(Figures 6.2B, 6.2C and 6.S3C):  
 
 𝑅eq = 𝑅max (
[𝐴]
[𝐴]+𝐾D
) (Equation 6.1) 
 
where Rmax corresponds to the response when all the immobilized ligands on the surface are saturated 
with the analyte A, and [A] is the concentration of analyte in solution. 
The 3CLCDnaBconstr interaction was measured under similar conditions, including the utilised 
analyte concentration range, except that the temperature was 25°C (Figure 6.2C). The 3CLC.DnaBDnaGC 
interaction was also studied under similar conditions by sequential injections of solutions containing fixed 
(100 nM) DnaB and serially-diluted DnaGC samples from the optimised concentration range (0.06254 
M, including zero; Figure 6.S4C) at 30 L/min for 30 s. Analyses of the data were performed using the 
SSA model as described above. In contrast, preliminary analysis showed that DnaBdilated binds much more 
strongly to 3CLC, with very different kinetics parameters, so for illustrative purposes 250 nM DnaB6dilated 
was injected for 400 s under the same conditions used in case of DnaBconstr, and the slow dissociation was 
recorded for over 2,500 s (Figure 6.2D). 
For measurement of the KD(bio-3’DnaBwt.DnaGC) and KD(bio-12’DnaBwt.DnaGC) 
interactions, a range of solutions of serially-diluted DnaBwt samples (0.564 nM, including zero) in the 
presence of 5 M DnaGC were injected at 30 L/min for 150 s over immobilised bio-3’ (1,800 RU) 
and bio-12’ (1,630 RU), in SPR2 buffer containing 0.2 mM ATP and 0.2 mM EDTA, followed by flow 
of the same running buffer. Given that we varied [DnaB], whereas the DnaB.DnaGC complex and not DnaB 
titrates the immobilised ligand in the low-nM range of utilised DnaB, and that CLC does not affect DnaB–
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DnaGC interaction, the concentration of DnaB.DnaGC in solution was obtained by solving the quadratic 





= 𝐾D(DnaB– DnaGC) (Equation 6.2) 
 
where x is solution [DnaB.DnaGC], [DnaB]0 and [DnaGC]0 are the initial concentrations of DnaB and DnaGC 
(a constant value, equal to 5 M), respectively, whereas the KD(DnaB–DnaGC) is the dissociation constant 
for the interaction of DnaB with DnaGC (1.74  0.09 M, Figure 6.S4C). This equation is derived based on 
1:1 interaction between the DnaB and the first weakly bound molecule of DnaGC, a property previously 
also observed by Oakley et al. (2005), in the background of positive cooperative interaction with the 
second and third DnaGC that each bind >10-fold more strongly compared to the first one (three DnaGCs 
allosterically bind to DnaB). Given the appropriate range of 0.532 nM of serially-diluted [DnaB]0 made to 
flow over 3CLC (or 0.564 nM in case of 1CLC), Equation 6.2 was used to calculate the concentration of 
solutions of DnaB.DnaGC samples that were injected over immobilised ligand:  0, 0.4, 0.7, 1.5, 3.0, 5.9, 
11.8 and 23.7 nM in case of 3CLC (Figure 6.3A), and an extra 47.1 nM injection in case of 1CLC (Figure 
6.S4D). 
To study how the presence of DnaGC affects dissociation of DnaB from CLC, 32 nM DnaBwt with 
5 M DnaGC were injected over immobilised 3CLC in buffer SPR2 containing 0.2 mM ATP and 0.2 mM 
EDTA at 5 L/min for 60 s, and then the solution of 5 M DnaGC in the same buffer was coinjected for 
1,000 s immediately following the protein association phase to monitor the dissociation of DnaB. Finally, 
the remaining proteins were washed with the SPR2 running buffer (Figure 6.3B). In addition, similar 
conditions were used to test binding of DnaBF102C or disulphide-bond cross-linked DnaBGC with 
immobilised 3CLC, except that the proteins (0.5 M each) were subsequently injected at 30 L/min for 
30 s, and the dissociation of DnaBGC monitored for 1,720 s, followed by injection for 250 s of the buffer 
in use that was additionally supplemented with 1 mM dithiothreitol to uncouple DnaBF102C from 
DnaGCR568C/C49L, stimulating the dissociation of DnaBF102C (Figure 6.5A). 
 
6.4.7 In vitro single-molecule fluorescence recovery after photobleaching (FRAP) 
experiments  
In vitro single-molecule FRAP experiments were performed similarly to a previously published 
investigation (Lewis et al., 2017). Briefly, a microfluidic flow cell was obtained by positioning a PDMS flow 
chamber on top of a PEG-biotin-functionalized microscope coverslip. To reduce non-specific interactions 
of proteins and DNA molecules with the surface, the chamber was blocked with replication buffer B. The 
flow-cell was placed on an inverted microscope (Nikon Eclipse Ti-E, Japan) with a CFI Ap TIRF 100x oil-
immersion TIRF objective (1.49 NA, Nikon, Japan) and connected to a syringe pump (New Era Pump 
Systems Inc., Adelab Scientific, Australia) for flow of buffer. Flow-cell temperature was maintained at 31°C 
by an electrically heated chamber (Okolab, Burlingame, CA). 
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Leading- and lagging-strand replication experiments were performed under continuous presence 
of all proteins except DnaBC and as a function of [DnaG] in the 30300 nM range. Briefly, 40 nM DnaBC 
was incubated with 340 pM biotinylated flap-primed 2-kb circular DNA template (Monachino et al., 2018), 
10 mM dithiothreitol and 1 mM ATP in replication buffer B for 3 min in a water bath at 37°C. This mixture 
was then diluted 10 times to a final volume of 220 L, and loaded into the flow cell first at 40 L/min for 
2.5 min, then at 10 L/min for 7.5 min, and finally in absence of flow for few minutes (Figure 6.6A, top 
panel). During the loading process, the imaging buffer was made. SNAP-Pol III* was assembled in situ by 
incubating 280 nM 3CLC with 850 nM SNAP649-Pol III in imaging buffer for 90 s in a water bath at 37°C. 
Finally, the replication solution, which contained 1 mM freshly made UV-aged Trolox, 0.45 mg/mL glucose 
oxidase, 0.024 mg/mL catalase, 0.8% (w/v) glucose monohydrate, 10 mM dithiothreitol, 1.25 mM ATP, 
0.25 mM each UTP, CTP, and GTP, 50 M each dATP, dTTP, dCTP, and dGTP, 3 nM SNAP-Pol III*, 40 nM 
2, 250 nM SSB, and 30, 70, 150, or 300 nM DnaG in replication buffer B, was loaded into the flow cell first 
at 20 L/min for 3.5 min, then at 10 L/min until end of the experiment (Figure 6.6A, bottom panel). 
The fluorescently-labelled Pol III* was visualized by excitation with a 647 nm laser (Coherent, 
Obis 647–100 CW) at 1.3 W/cm2 (photo-bleaching lifetime was 40 s). Every 20 s, every Pol III* in the field 
of view was photo-bleached with a 2-s pulse at 130 W/cm2 (photo-bleaching lifetime was 0.7 s) (Figure 
6.6B, top panel). Imaging was done with an EMCCD (Photometrics, Tucson, AZ; 512 Delta). The camera 
allowed a resolution of 160 nm/px. Because of the high efficiency of E. coli DNA replication, only one field 
of view per experiment was recorded for 5 min. Each experimental condition was examined at least twice.  
The analysis was done with Fiji, using in-house built plugins and macros. Briefly, using Fiji, every 
field of view was corrected to account for background and beam profile. Individual replicating DNA 
molecules were manually located. Then, the position of the fluorescently-labelled Pol III* at the tip was 
semi-manually tracked (Figure 6.6B, top panel) and its integrated intensity calculated in a 5-px-by-5-px 
square, applying a local background subtraction (Figure 6.6B, bottom panel). By calibrating the intensity 
of a single SNAP649-Pol III, we could convert intensities into number of Pol III*s. At a fixed DnaG 
concentration, only those recovery intervals where replication occurred were averaged together and fit 
with the following FRAP recovery function (Equation 6.3): 
 
 𝑃𝑜𝑙 𝐼𝐼𝐼∗ = 𝑦0 + 𝑃𝑜𝑙 𝐼𝐼𝐼
∗
max (1 − 𝑒
−
𝑡
𝑇) (Equation 6.3) 
 
where Pol III*max is the maximum number of exchanged Pol III*, T is the characteristic exchange time, and 
y0 accounts for incomplete background removal and was further subtracted from recovery intervals 
(Figures 6.6C, 6.6D, and 6.S6A–C). We averaged recovery intervals from at least 21 individual DNA 
molecules. Error bars to the averaged values are standard error of the mean (normalized to the number 
of recovery intervals). The resulting Pol III*max and T, plotted against DnaG concentration, were fit with a 




 𝑦 = 𝑦max (
[𝐷𝑛𝑎𝐺]
[𝐷𝑛𝑎𝐺]+𝐾M
) (Equation 6.4) 
 
where ymax represents the maximum value reached by y (either Pol III*max or T) when the concentration of 
DnaG approaches infinity, while KM is an apparent dissociation constant of DnaG (Figure 6.6E). 
 
 
6.5 Supplementary Material 
 
6.5.1 Plasmid construction 
pSJ1376 (bio-): The plasmid pET- (Xiao et al., 1993) that directs overproduction of full-length  
was a kind gift of Dr. Mike O’Donnell. It was used as a template for PCR amplification of the holC gene 
(encoding ) using primer 108 (5’-AAA AAA AAC ATA TGA AAA ACG CGA CGT TCT ACC TTC TGG), designed 
to incorporate a Met1 start codon as part of the NdeI site just before the Lys2 codon of holC, and primer 
109 (5’-TTG AAT TCT TAT TTC CAG GTT GCC GTA TTC AGG), that incorporates an EcoRI restriction site just 
following the TAA stop codon. The PCR product was isolated after digestion with NdeI and EcoRI and 
inserted between the same set of restriction sites in plasmid pKO1274 (Jergic et al., 2007). Vector 
pKO1274, a derivative of pETMSCI (Neylon et al., 2000), allows fusion of the gene in-frame behind a 
sequence encoding an N-terminal biotinylation tag [sequence MAGLNDIFEAQKIEWHEH (Beckett et al., 
1999)] using an NdeI restriction site. The resulting plasmid pSJ1376 places the bio- gene under the 
transcriptional control of the bacteriophage T7 10 promoter, which in E. coli BL21(DE3) strains enables 
bio- protein overproduction by addition of isopropyl--D-thiogalactoside (IPTG). 
 
6.5.2 Overproduction and purification of bio- 
E. coli strain BL21(DE3)/pLysS/pSJ1367 was grown at 37°C in LB medium supplemented with 
thymine (25 mg/L), ampicillin (100 mg/L), chloramphenicol (30 mg/L) and 25 M (D)-biotin, to A600 = 0.8. 
To induce overproduction of bio-, 0.75 mM IPTG was added to the shaking culture. Cultures were grown 
for a further 3 h, and then chilled in ice. Cells were harvested by centrifugation (11,000 x g; 6 min), frozen 
in liquid N2 and stored at –80°C. 
After thawing, cells (4.27 g, from 2 L of culture) were resuspended in 65 mL lysis buffer [50 mM 
Tris.HCl, pH 7.6, 2 mM dithiothreitol, 1 mM EDTA, 20 mM spermidine]. The cells were lysed by being 
passed twice through a French press (12,000 psi). Cell debris were removed from the lysate by 
centrifugation (30,000 x g; 30 min) to yield the soluble Fraction I. Proteins in Fraction I that were then 
precipitated by addition of solid ammonium sulphate (0.45 g/mL) and stirring for 60 min, were collected 
by centrifugation (35,000 x g; 30 min) and dissolved in 30 mL buffer A [30 mM Tris.HCl, pH 7.6, 1 mM 
dithiothreitol, 1 mM EDTA] containing 150 mL NaCl. The solution was dialysed against two changes of 2 L 
of the same buffer, to yield Fraction II. 
Fraction II was applied at 1 mL/min onto a column (2.5 x 15 cm) of Toyopearl DEAE-650M resin 
that had been equilibrated with buffer A + 150 mM NaCl. Fractions containing bio- that did not bind to 
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the resin were pooled and dialysed against two changes of 2 L of buffer A + 30 mM NaCl to yield Fraction 
III (note that we previously observed instability of  when the buffer NaCl was < 20 mM). 
The dialysate (Fraction III, 50 mL) was loaded at 1 mL/min onto the same DEAE column that had 
been equilibrated with buffer A + 30 mM NaCl. The column was washed with the same buffer and bio- 
eluted between one- and three-column-volumes in a broad peak. Fractions containing bio- were pooled 
and dialysed against two changes of 2 L of buffer A + 30 mM NaCl to give Fraction IV. 
The dialysate (Fraction IV, 120 mL) was loaded at 1 mL/min onto a column (2.5 x 10 cm) of 
Toyopearl SuperQ that had been equilibrated with buffer A + 30 mM NaCl. After washing the column with 
60 mL of buffer A + 30 mM NaCl, bio- was eluted in a linear gradient (300 mL) of 30160 mM NaCl in 
buffer A, in a single peak at 70 mM NaCl. Fractions containing bio- were pooled and dialysed against 
two changes of 2 L of buffer A + 30 mM to give Fraction V. 
Fraction V (35 mL) was loaded at 1 mL/min onto a column (2.5 x 15 cm) of heparin-Sepharose 4B 
[prepared as described (Wijffels et al., 2004)] that had been equilibrated with buffer A+30 mM NaCl. The 
column was washed with the same buffer and bio- eluted between one- and three-column-volumes in a 
broad peak. This purification step did not contribute to improvement in the purity of the protein. Fractions 
containing bio- were pooled to give Fraction VI. 
Proteins in Fraction VI (80 mL) were then precipitated by addition of solid ammonium sulphate 
(0.45 g/mL) and stirring for 60 min. Precipitated proteins were collected by centrifugation (35,000 x g; 30 
min), then dissolved in 5 mL buffer A +100 mM NaCl and finally dialysed against the 2 L of the same buffer 
to yield Fraction VII (6 mL, containing 8 mg of the pure protein).   
The molecular weight (MW) of purified bio- determined by nanoESI-MS in 1% formic acid 
solution containing 1 mM -mercaptoethanol (18,650.8  0.2 Da and 18,779.1  0.1 Da) indicated that the 
N-terminal methionine had been partially removed (from 80 % of the protein) and that biotinylation had 
not taken place, so the protein was biotinylated in vitro. 
For in vitro biotinylation, one part of biomix buffer [50 mM Tris.HCl, 250 mM bicine, pH 8.3, 50 
mM ATP, 50 mM magnesium acetate, 250 mM D-biotin] was mixed with three parts of substrate solution 
(Fraction VII, 70 M bio-) in buffer A + 100 mM NaCl and one part of MilliQ water, and E. coli biotin ligase 
added to 0.8 M in final volume of 6.8 mL biotinylation mix. The biotinylation mix was treated at 30°C for 
3 h and then dialysed in 2 L of buffer buffer A + 100 mM NaCl at 6°C for storage, yielding Fraction VIII (7.5 
mL, containing 6 mg of the bio- in the presence of some biotin-ligase). Aliquots were first tested for 
stability upon freezing in liquid N2 and, once the stability on freezing/thawing was confirmed, the protein 
was stored at –80°C.  
The MW of in vitro biotinylated bio- determined by nanoESI-MS in 1% formic acid and 1 mM -
mercaptoethanol (18,877.1  0.1 Da and 19,005.6 Da) compares well to the calculated value of 18,878 Da 




6.5.3 Preparation of bio- complex 
Refolding of  in the presence of bio- was carried out based on methods described in Tanner et 
al. (2008), with some modifications. 
About 6 mL of bio- (4.8 mg) in buffer A + 100 mM NaCl was added to 9 mL refolding buffer B 
[20 mM Tris.HCl, pH 7.6, 100 mM NaCl, 2 mM dithiothreitol, 0.5 mM EDTA] while stirring, followed by 
drop-wise addition of 1 mL of  in 6 M urea (10 mg/mL). Consequently, the final concentration of urea 
in solution was 0.4 M, a condition that allows  to fold and interact with . The solution was continued 
to stir for 4 h at 4°C and then dialysed overnight in 2 L of buffer C [25 mM Tris.HCl, pH 7.6, 90 mM NaCl, 2 
mM dithiothreitol, 0.5 mM EDTA, 10% (v/v) glycerol]. 
Following dialysis, the solution was clarified by centrifugation (35,000  g; 30 min) and the soluble 
fraction loaded at 1 mL/min onto a column (2.5 x 7 cm) of Toyopearl DEAE-650M resin that had been 
equilibrated in buffer C. After SDS-PAGE analysis on a 420% gel, fractions containing bio-that did not 






6.6 Supplementary Figures 
 
 
Figure 6.S1: Characterization of the stability of bio-3’ on an SPR chip surface 
Related to Table 6.1. (A)–(F) Interrogation of bio-3’ stability was performed by 
monitoring association and dissociation phases as various proteins (in SPR1 buffer, 
containing 200 mM NaCl) and 1 M MgCl2 were injected. (A) Steps in the 3CLC assembly and 
its characterisation process. (B) First, bio- was immobilized on the surface. Immobilised 
bio- proteins are stably bound and dissociation was very slow. (C) To assemble the entire 
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CLC on the chip surface, 100 nM 3’ in SPR1 buffer was injected for 1,500 s, and 
uninterrupted dissociation, monitored over 900 s, allowed estimation of the dissociation 
half-life t1/2 (50 min). Injection of 1 mM ADP did not affect the dissociation rate. (D) 
Injection of 1 M MgCl2 stripped only part of the mass from the surface and accelerated the 
dissociation rate 5-fold (t1/2 10 min).  (E) While 75 s injection of saturating ’ assembled 
in situ from 550 nM  and 900 nM ’ allowed restoration of the slow dissociation rate (t1/2 
45 min), the injection of 900 nM ’ (F), shown to interact with 3 (Park et al., 2010), could 
not restore slow dissociation rate following re-treatment with 1 M MgCl2. Our 
measurements are thus consistent with the dissociation of a wholesale 3’ complex from 
immobilised bio- in SPR1 buffer and, surprisingly, with the removal of ’ from bio-
3’ and dissociation of 3 from bio- following the treatment with 1 M MgCl2. 
 
 
Figure 6.S2: ProteOn sensorgrams showing association and dissociation phases of bio-–
3’ and bio-–21’ interactions, in the presence or absence of ATP 
Related to Table 6.1. Solutions (0.62510 nM, including zero) of 3’ (A) and 21’ (B), 
with or without ATP, were injected over immobilised bio- for 700 s, and dissociation was 
monitored over 6,000 s. Each group of five sensorgrams (shown in colours) were 
simultaneously (globally) fit (black curves) using a 1:1 (Langmuir) binding model to 





Figure 6.S3: Isolation of bio-CLCs and their use in SPR studies 
Related to Figure 6.2. (A) Isolation of bio-12’, bio-21’ and bio-3’ clamp 
loader complexes on a 1 mL MonoS 5/50 GL column (GE Healthcare). Samples from peaks 
(left panel) were analysed by 420% SDS-PAGE (right panel). (B) Bio-3’ was 
immobilized on a SA chip surface and its improved stability, manifested in slow dissociation 
in SPR2 buffer that contained reduced NaCl concentration (50 mM instead of 200 mM) and 
1 mM ATP for stabilisation of the complex, was monitored for over an hour. Control 
injections of DnaB samples in the presence of DnaGC, which were followed by prompt and 
complete dissociation, confirmed the practical utility of our experimental strategy. (C) SPR 
sensorgrams show association and dissociation phases of bio-12’–DnaBwt interaction 
at the optimized 0.25–8 M range of serially diluted DnaBwt sample, including zero. The 
responses at equilibrium, determined by averaging values in the grey bar region of the 
sensorgrams, were fit (inset, red curve) with an SSA model to obtain a KD value of 4.1  0.3 





Figure 6.S4: Supplemental SPR studies of interactions between bio-CLC and DnaB variants 
in presence of DnaGC 
Related to Figure 6.3. (A) Preliminary SPR sensorgram obtained by consecutive injections of 
0.5 M DnaBwt with 5 M DnaGC, then of 5 M DnaGC and finally of 0.5 M DnaBwt in SPR2 
buffer with 1 mM ATP shows that while DnaGC stimulates binding of DnaB to immobilised 
bio-3’, it does not specifically or non-specifically bind to the ligand at utilised 5 M 
concentration. (B) Under similar experimental conditions, there was no critical difference in 
SPR responses if 125 nM DnaBwt and 4 M DnaGC were injected with either 1 mM ADP or 1 
mM ATP. (C) Sensorgrams showing association and dissociation of bio-3’.DnaB–
DnaGC interaction at an optimized 0.5–8 M range of serially diluted DnaGC samples, 
including zero, and constant 100 nM DnaBwt. The responses at equilibrium, determined by 
averaging values in the grey bar region, were fit (inset, red curve) with an SSA model to 
obtain a KD value of 1.74  0.09 M and an Rmax value of 660  10 RU. Errors are standard 
errors of the fit. (D) Sensorgrams showing association and dissociation of bio-12’–
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DnaB.DnaGC interaction at the optimized 0.5–64 nM range of serially diluted DnaBwt 
samples, including zero, and 5 M DnaGC. The responses at equilibrium, determined by 
averaging values in the grey bar region, were fit (inset, red curve) against the calculated 
DnaBwt.DnaGC concentrations (0–47.1 nM; see 6.4 Materials and Methods) with an SSA 
model to obtain a KD value of 10  1.0 nM and an Rmax value of 163  7 RU. Errors are 
standard errors of the fit. (E) Comparison of SPR sensorgrams when 100 nM DnaBwt (blue 






Figure 6.S5: DnaB6.DnaGC3 complex and its effect on leading-strand replication 
Related to Figure 6.5. (A) Cocrystal structure of DnaB6.DnaGC3 complex from Geobacillus 
stearothermophilus (Bailey et al., 2007) shows that three DnaGC molecules bind the DnaB 
hexamer (only the N-terminal domains of DnaB are displayed). (B) Top panel: cartoon 
presentation of the replisome components required to duplicate the leading strand 
(leading-strand synthesis). Unlike the replisomes used in leading-strand DNA synthesis 
assays shown in Figures 6.4 and 6.5, the 2 clamp is present in the current assay. Bottom 
panel: agarose gel shows DNA products obtained from leading-strand replication as a 
function of time (0, 2, 4, 8, and 16 min) with either DnaBF102C (lanes 1–5) or cross-linked 




Figure 6.S6: Recoveries of fluorescence intensities following photobleaching at different 
DnaG concentrations 
Related to Figure 6.6. The indicated N number of intensities (red circles) obtained from the 
recovery intervals of a number of replisomes (displayed in brackets) at 30 (A), 70 (B) and 150 
nM DnaG (C) are converted into the number of exchanged Pol III* and displayed, together 
with their average values (black squares). Fitting the evolution of average recovery 
intensities in time with FRAP recovery function (Equation 6.3) provided the characteristic 
(exchange) time (T) and the maximum number of exchanged Pol III* (Pol III*max), following 
the subtraction of fit background intensity y0 that was previously converted into the number 
of Pol III*: (A) T = 3.1  0.2 s, Pol III*max = 1.03  0.03, y0 = 0.42  0.03; (B) T = 5.9  0.3 s, Pol 















A novel interaction between the E. coli Pol III holoenzyme  subunit and a 






To support efficient DNA synthesis in Escherichia coli genome replication, the DNA polymerase 
III holoenzyme (Pol III HE) is coupled to the DnaB helicase by the  subunit of the clamp-loader 
complex (CLC). Of the five domains in , domain IV contains a highly basic 66-amino acid 
residue region, termed domain IVa, that binds weakly to DnaB. Binding of DnaG primase to 
DnaB increases the affinity of the helicase for the CLC of Pol III HE by more than two orders of 
magnitude. Here, we show that this increased affinity is caused by an interaction between a 
cryptic binding site in DnaB, whose accessibility is controlled by DnaG, and a region in the  
subunit of the CLC that previously was not thought to be involved in protein–protein 
interactions. This additional site of  interacting with DnaB extends beyond domain IVa, into 
the  region of the  subunit. 
 
Slobodan Jergic*, Enrico Monachino*, Jacob S. Lewis, Allen T.Y. Lo, Zhi-Qiang Xu, Celine Kelso, 
Jennifer L. Beck, Nicholas E. Dixon, Antoine M. van Oijen 
Manuscript to be submitted 
 
*these authors contributed equally. E. Monachino contributed to the experimental design and to 







The DNA-replication machinery of Escherichia coli has served for decades as a model system for 
DNA replication and to facilitate our understanding of the operating principles of multi-protein cellular 
machines. A fully functional E. coli replisome can be reconstituted in vitro by a minimal set of purified 
proteins and subassemblies: the DnaB helicase, the DnaG primase, the single-stranded DNA-binding 
protein (SSB), and the Pol III HE subassemblies: DNA polymerase III core (Pol III), 2 processivity clamp, 
and the clamp-loader complex (CLC) (Figure 7.1A). An in-depth review of the roles of each component 
can be found in Lewis et al. (2016). 
Pol III (McHenry and Crow, 1979) consists of the replicative subunit  (Maki and Kornberg, 1985), 
the proofreading exonuclease  (Scheuermann and Echols, 1984), and , which is suggested to stabilise  
(Studwell-Vaughan and O’Donnell, 1993; Taft-Benz and Schaaper, 2004). Binding to 2 increases Pol III 
stability on primer–template DNA, effectively enhancing replication rate and processivity (Jergic et al., 
2013; Stukenberg et al., 1991). 
The CLC plays a central organisational and functional role in the E. coli replisome (Lewis et al., 
2016). It consists of seven subunits with composition n3-n’, where n for complexes in the cell is 
thought to be a mixture of two and three (Lewis et al., 2016; Reyes-Lamothe et al., 2010). It is possible, 
however, to assemble in vitro complexes with n being either one or zero (Pritchard et al., 2000; Simonetta 
et al., 2009; Tanner et al., 2008; Q. Yuan et al., 2016). The n3-n’ CLC core forms a horseshoe-shaped 
pentameric complex that hydrolyses ATP to load 2 onto the DNA and facilitate an interaction between 
the clamp and Pol III (Simonetta et al., 2009). The CLC accessory subunits  and  form a strong  
subcomplex that associates with the CLC core through  but is not critical for clamp loading. Instead,  
binds to SSB (Glover and McHenry, 1998) through its  subunit (Kelman et al., 1998), an interaction that 
is suggested to mediate the handover of the primer from primase to Pol III (Yuzhakov et al., 1999). 
Out of six CLC subunits, the role of  subunit is the most diversified: besides taking part in the clamp-
loading reaction, it is the only component that physically couples the CLC to the DnaB helicase (Dallmann 
et al., 2000; Gao and McHenry, 2001a; Kim et al., 1996) and to the Pol III  subunit (Gao and McHenry, 
2001b; Jergic et al., 2007), ensuring the integrity of the entire replisome at the replication fork. The  
subunit (72 kDa) consists of 643 amino acids residues and is the full-length product of the dnaX gene. The 
 subunit (47 kDa) is, instead, obtained through prematurely terminated translation of the same dnaX 
mRNA, as a result of a programmed ribosomal frameshift (Blinkowa and Walker, 1990; Flower and 
McHenry, 1990; Tsuchihashi and Kornberg, 1990). It shares with  the N-terminal regions up to residue 
430 (Gao and McHenry, 2001b; Lewis et al., 2016). Partial proteolysis of  allowed identification of its five 
domains (Figure 7.1B) (Gao and McHenry, 2001b). Domains I and II bear the AAA+ ATPase motor motifs 
(Lewis et al., 2016). Domain III comprises the oligomerization domain (domain IIIolig), which allows / to 
oligomerize, exist as a tetramer in solution (Dallmann and McHenry, 1995; Park et al., 2010), and act as a 
scaffold for assembly of the pentameric n3-n’ CLC core (Simonetta et al., 2009). Domain IIIolig is followed 
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in both  and  by a proline-rich sequence (P-linker) that is expected to be relatively unstructured 
(Jeruzalmi et al., 2001; Leu et al., 2003). Domain IV was identified to weakly bind to DnaB through its 66-
residue long C-terminal region (domain IVa), which is unique to  (Gao and McHenry, 2001a). Surface-
plasmon resonance (SPR) measurements using a 24-kDa N-terminally truncated version of  that 
comprises domains IVa–V (residues 430–643; denoted C24) estimated the KD for the C24DnaB interaction 
to be on the order of 100 μM (Dallmann et al., 2000; Gao and McHenry, 2001a). The N-terminal 17 
residues of domain IV, that complement (sub)domain IVa and overlap with the C terminus of , do not 
contribute to binding. Finally, domain V binds very tightly to Pol III  subunit (Gao and McHenry, 2001b; 
Jergic et al., 2007). 
DnaB is a hexameric NTP-dependent replicative helicase involved in double-stranded (ds) DNA 
unwinding (Jezewska et al., 1996). Structurally, it has a two-tiered arrangement, consisting of a hexameric 
ring of C-terminal DnaB domains with a collar consisting of the six N-terminal regions (Strycharska et al., 
2013). Assembly of the DnaB hexamer at the replication fork involves the association of six DnaC helicase-
loader molecules with the DnaB C-terminal domains, one per monomer, and opening of the DnaB ring to 
allow it to load onto ssDNA  (Arias-Palomo et al., 2013; Galletto et al., 2003). The C-terminal domain of 
DnaB hosts the NTPase motor (Biswas and Biswas, 1999; Nakayama et al., 1984) and in Bacillus subtilis it 
is responsible for binding to the CLC  subunit (Haroniti et al., 2004). The N-terminal collar, on the other 
hand, can bind up to three DnaG molecules for the priming of lagging-strand synthesis (Corn et al., 2005; 
Mitkova et al., 2003). Further, this N-terminal structure was proposed to play a regulatory role by its ability 
to switch between two conformations, termed dilated and constricted (Strycharska et al., 2013). In the 
constricted conformation, DnaB was suggested to exhibit a higher affinity for DnaC. In contrast, the dilated 
state supports interaction with DnaG and enables DnaG priming activity. We recently reported an 
unexpected ability of the DnaB N-terminal collar conformation to control the strength of the CLC–DnaB 
interaction (Chapter 6). In the DnaB ground state (which we demonstrated to correspond to the 
constricted state), the KD of the 3’–DnaB complex was measured to be 1.3 ± 0.2 M. However, in its 
dilated state, which was induced by association with the C-terminal DnaB-binding domain of the DnaG 
primase (DnaGC), the KD is reduced by 500 fold (to 2.6 ± 0.3 nM). Interestingly, tighter CLC binding could 
not lock DnaB in its dilated state so its binding to DnaG remained unaffected. These experimental 
outcomes could only be rationalized by a mechanism by which a weak interaction of an initial DnaGC with 
DnaB causes allosteric conformational transitions by subunits of hexameric DnaB that are followed by 
prompt association of a second (and third) DnaGC molecule. Moreover, this cooperative conformational 
switch was found to play a prominent functional role during replication. For example, the weak interaction 
confers flexibility to the replisome by facilitating polymerase exchange at the fork (Lewis et al., 2017). The 
strong interaction upon DnaG binding, instead, promotes polymerase recruitment at the fork during 
priming for a possible downstream involvement in the primase-to-polymerase switch during primer 
handoff (Yuzhakov et al., 1999) (Chapter 6). Furthermore, use of a CLC containing a single  subunit (bio-
12’) resulted in similar KD values, arguing for involvement of just a single  subunit in the interaction 





Figure 7.1: Domain organisation of the E. coli  subunit 
(A) Schematic representation of the E. coli DNA-replication machinery. A large multiprotein 
complex, called the replisome and made up of 12 different proteins, is responsible for the 
unwinding and replication of double-stranded DNA. (B) The full-length  subunit, a product 
of the dnaX gene, consists of 643 residues classified into five domains (green rounded 
rectangles). The  subunit is the product of the same gene but is C-terminally truncated due 
to a ribosomal frameshift (in grey). The  subunit contains three domains (the same as 
present in ) involved in loading of the 2 clamp onto DNA: domains I and II are responsible 
for ATP binding and hydrolysis, whereas the structured portion of domain III (domain IIIolig) 
is involved in oligomerisation. Domain IIIolig extends at the C terminus into a proline-rich 
segment, termed P-linker, which is predicted to be unstructured. Domain IV spans residues 
413496 and overlaps at its N terminus with 17 C-terminal residues of . However, only the 
residues 430496 unique to  (domain IVa) are thought to be involved in binding the DnaB 
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helicase. Finally, domain V, also exclusively present in , binds strongly to the  subunit of 
Pol III. C24 is the 24-kDa C-terminal portion of  comprising domains IVa and V, unique to  
(in orange). In contrast, C32 is a 32-kDa C-terminal  fragment that contains the C-terminal 
region of  beyond the oligomerisation domain IIIolig (in blue). Domain boundaries are 
indicated by residue numbers in full-length . Flexible residues are presented as green lines. 
 
From a structural point of view, we hypothesized that the strengthening of the CLC–DnaB 
interaction is caused by the binding of DnaG exposing a cryptic pocket in DnaB that is able to establish an 
additional contact with , thus increasing the overall –DnaB affinity. The original SPR experiments that 
assigned the weak contact between DnaB and  to domain IVa were performed in the absence of primase 
(Gao and McHenry, 2001a), thus when the DnaB was in its constricted state (Chapter 6). Here, we set out 
to determine if a new region in , beyond domain IVa, may be involved in the binding with a cryptic pocket 
in dilated DnaB. For this purpose, we used two different N-terminally truncated  fragments: C24 and C32; 
C32 is a 32-kDa monomeric extended version of C24 protein, comprised of the P-linker and entire domains 
IV and V of  ( residues 358–643) (Figure 7.1B). Using biophysical and biochemical studies, we show that 
the new DnaG-induced contact of  with DnaB involves residues located in the  portion of the  subunit 





7.2.1 Bio-C24–DnaB interaction is not affected by DnaGC 
In previously reported SPR experiments that identified domain IVa as a site of weak interaction 
with DnaB, N-terminally biotinylated C24 (bio-C24) was immobilised on the surface of a streptavidin-
coated (SA) chip, with DnaB injected at different concentrations (Figure 7.2A). This geometry favoured 
the observation of binding between DnaB and multiple bio-C24 proteins that were immobilised at high 
surface density, resulting in a strong binding (KD = 8.0 ± 0.6 nM) and a slow dissociation (Gao and McHenry, 
2001a). However, we recently showed that DnaGC-induced conversion of DnaB from its constricted into 
its dilated state increases the strength of the interaction between biotinylated CLC (bio-CLC) and DnaB 
from low M to low nM range (Chapter 6). Hypothesising that the altered –DnaB interaction could be 
responsible for this stronger interaction, we here employ SPR to probe the strength of the interaction 
between the biotinylated C24 fragment and DnaB, in both its constricted and dilated states. Using this 
approach, we expect to obtain a minimal binding response when the bio-C24–DnaB interaction is 
measured in absence of DnaGC. However, we anticipate a stronger response in presence of DnaGC if 






Figure 7.2: The binding of DnaB to bio-C32, but not to bio-C24, is strengthened by DnaGC 
(A, B) Cartoon representations describing the SPR experiments performed to study the 
interaction of DnaB analyte with the bio-C24/C32 ligand that is immobilized on a chip 
surface, either in the absence (A) or presence of DnaGC (B). During the association phase, 
injected DnaB (A) or DnaB.DnaGC (B) molecules interact with immobilised ligand leading to 
an increase in SPR signal, followed by the dissociation phase in which unbinding of analyte 
occurs and signal returns to the baseline. (C) SPR responses during association and 
dissociation of DnaB (dashed lines) and DnaB.DnaGC (continuous lines) on bio-C24 at 0.8 
and 1.6 M DnaB. Spikes in the signal corresponding to imperfect signal subtraction from 
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the control flow cell during solution changes are made more transparent to highlight the 
relevant portions in the sensorgrams. (D) SPR responses during association and dissociation 
of DnaB (dashed lines) and DnaB.DnaGC (continuous lines) on bio-C32 at 0.8 and 1.6 M 
DnaB. (E) SPR sensorgrams (in shades of blue) showing association and dissociation phases 
of bio-C32DnaB.DnaGC interactions obtained at 6.25400 nM DnaB (4.6–281.9 nM 
calculated DnaB.DnaGC, see 7.4 Materials and Methods) in SPR buffer containing 5 M 
DnaGC, including zero. Responses at equilibrium, determined by averaging values in the 
grey bar region, were fit (inset, red curve) against the calculated concentrations of 
DnaB.DnaGC using a 1:1 steady-state affinity (SSA) model to obtain a KD(bio-C32–
DnaB.DnaGC) of 70  10 nM and Rmax of 150  8 RU. Errors are standard errors of the fit. 
 
We first purified bio-C24 (Figures 7.S1A and 7.S1C) and immobilized it on an SA chip surface 
(Figure 7.S2; orange sensorgram). We then injected 0.8 M DnaB in presence of 200 M ADP at 40 L/min 
for 40 s (Figures 7.2A and 7.2C; dashed light orange sensorgram). The SPR response was very low (5 RU 
at equilibrium) and suggestive of fast-on/fast-off kinetics. Injection of 1.6 M of DnaB in presence of 200 
M ADP yielded only 6.7 RU (Figures 7.2A and 7.2C; dashed dark orange sensorgram). Consistent with 
the previous observations (Gao and McHenry, 2001a) (Chapter 6), these low response values at high 
concentrations of the high-molecular weight DnaB and the associated fast kinetics suggest that the 
interaction between bio-C24 and DnaB is weak (KD > 10 M). 
We then repeated the same measurements but in the presence of 5 M DnaGC, the DnaB-
interacting C-terminal domain of DnaG primase (Figure 7.2B). Interestingly, responses at equilibrium were 
still low, 4.6 RU for 0.8 M DnaB and 5.7 RU for 1.6 M DnaB, and characterized by fast-on/fast-off kinetics 
(Figure 7.2C; light and dark orange sensorgrams). We anticipated three possible explanations for this 
outcome: (1)  does bind to the cryptic pocket in DnaB but not (only) through its domains IVa and V; (2) 
biotin tagging and surface coupling of the N terminus of C24 prevents access of the large DnaB hexamer 
to residues in this region of C24 that are critically important; and/or (3) a second contact contributing to 
strong CLCDnaB interaction involves residues in subunits of the CLC other than /. 
 
7.2.2 Bio-C32–DnaB interaction is greatly stimulated by DnaGC 
To start interrogating different scenarios preventing strong binding of C24 to DnaB, we first 
investigated whether binding might be strengthened by using the longest N-terminally truncated  
fragment that is still expected to be monomeric, bio-C32 (Figures 7.1 and 7.S1A). We confirmed using 
nanoelectrospray ionization-mass spectrometry (nanoESI-MS) that the protein is indeed a monomer in 
solution (Figure 7.S1E). We next aimed to have equivalent amounts of bio-C24 and bio-C32 immobilised 
on the surfaces of different SPR flow cells so that simple comparison of responses upon DnaB binding on 
the two flow cells would directly report on difference between affinities of the two constructs (Figure 
7.S2; blue sensorgram). Injection of 0.8 M DnaB in presence of 200 M ADP (no DnaGC) at 40 L/min for 
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40 s on a flow cell containing bio-C32 resulted in a low signal response (10 RU at equilibrium), with fast-
on/fast-off kinetics (Figure 7.2D; dashed light blue sensorgram). A similar result was obtained from 
injection of 1.6 M DnaB in presence of 200 M ADP (14.9 RU; Figure 7.2D; dashed dark blue sensorgram). 
However, we measured a much stronger response when DnaB was injected with 5 M DnaGC in presence 
of 200 M ADP (Figure 7.2D; blue sensorgrams). While sensorgrams still revealed fast-on/fast-off kinetics, 
measured responses at equilibrium were 150 RU with 0.8 M DnaB (Figure 7.2D; light blue curve) and 
160 RU with 1.6 M (Figure 7.2D; dark blue curve). Control injections excluded the possibility that the 
measured responses are due to DnaGC interacting with either the surface or with bio-C32 (not shown). 
Furthermore, the similarity of the two response values at the two DnaB concentrations (0.8 and 1.6 M) 
indicates almost complete saturation of bio-C32 on the surface, suggesting that the strength of the 
interaction between bio-C32 and DnaB must be in the sub-M range. 
We next set out to determine the bio-C32–DnaB KD more precisely by injecting DnaB at varying 
concentrations between 6.25 and 400 nM (including zero) (Figure 7.2E). The responses at equilibrium 
were fit against the calculated solution concentration of DnaB.DnaGC (Equation 7.1) using the 1:1 steady-
state affinity (SSA) model, resulting in a KD of 70 ± 10 nM (Table 7.1). Moreover, the fit value of 150 ± 8 
RU for the maximum signal response Rmax, corresponding to a saturation of all bio-C32 binding sites by 
DnaB.DnaGC, allowed us to estimate the weak affinities between bio-C24/bio-C32 and DnaB in absence of 
DnaGC, and between bio-C24 and DnaB in presence of DnaGC using Equations 7.2–4, as explained in 7.4 
Materials and Methods (Table 7.S1). By using this approach, we determined the following affinities: 
KD(bio-C24–DnaB) 25 M, KD(bio-C24–DnaB.DnaGC) 40 M, and KD(bio-C32–DnaB) 10 M (Table 7.1). 
These values show that binding to bio-C24 remains unaffected by the presence of DnaGC, suggesting that 
the cryptic binding site in DnaB remains inaccessible to residues in bio-C24. Moreover, the similarity of 
affinities between bio-C24 and bio-C32 for binding to DnaB in the absence of DnaG, both two orders of 
magnitude weaker than the affinity of bio-C32DnaB in the presence of DnaGC (Table 7.1), suggests that 
the residues in C32 common to  might be interacting with a cryptic region in DnaB. 
 
 
Table 7.1: Equilibrium dissociation constants for binding of bio- fragments to either DnaB 
or DnaB.DnaGC  
The KD value of bio-C32–DnaB.DnaGC was determined by fitting the SPR data to the SSA 
model, whereas the other KD values were estimated as explained in 7.4 Materials and 




7.2.3 Residues in the  region of  interact with a cryptic pocket in DnaB 
To further eliminate the possibility that the residues in domain IVa of bio-C24, i.e. those that are 
close to the chip surface and sterically inaccessible to DnaB, are solely responsible for additional contacts 
with a cryptic site in dilated DnaB, we used a competitive binding assay where 100 nM DnaB was mixed 
with various concentrations of unbiotinylated competitor C32 or C24 in the presence of 200 M ADP and 
5 M DnaGC, and then passed over the bio-C32 immobilised on the chip surface (Figure 7.3A). We chose 
a DnaB concentration that is similar to the KD value of bio-C32–DnaB.DnaGC interaction (70 ± 10 nM) to 
optimize experimental sensitivity. The  fragment in solution is expected to compete with the immobilized 
bio-C32 for binding to the DnaB.DnaGC complex, thus progressively reducing the response as the 
concentration of C24 or C32 increases. In the case of only domain IVa residues interacting with the cryptic 
pocket in DnaB, we would expect the decrease in response to be independent on which of the two  
fragments we use. 
We first measured the binding of DnaB.DnaGC to bio-C32 in the absence of -fragment 
competitor (30 L/min for 40 s; Figure 7.S3, green sensorgram) and obtained 80 RU of response at 
equilibrium. Then we tested binding of DnaB.DnaGC to bio-C32 in the presence of 1 M C24 competitor, 
but observed no decrease in response (Figure 7.S3, orange sensorgram). We then repeated the previous 
assay, but with 1 M C32 as competitor (Figure 7.S3, blue sensorgram). The response at equilibrium 
decreased to 21 RU, thus confirming that C32 binds more strongly to DnaB.DnaGC than C24. 
For a more quantitative assessment of competition by the two  fragments, the decreases in SPR 
response were measured as a function of the optimised range of competitor concentration. Solutions of 
100 nM DnaB, 5 M DnaGC, 200 M ADP, and 0.05–3.2 M C32 (including zero) were injected at 40 L/min 
for 40 s (Figure 7.3B). The responses at equilibrium, fit to an exponential decay (Equation 7.5), showed 
that 630 ± 40 nM C32 was sufficient to reduce the binding of DnaB.DnaGC to bio-C32 by 50% ([C32]1/2; 
Figure 7.3D; blue circles). Any further characterisation of this inhibition would be too complex in the 
background of multimeric (C32)nDnaB binding, where n is expected to adopt values from 0 to 6 (Chapter 
6). We then repeated the same competition experiment with C24, but with competitor concentrations of 
1.8–25.6 M (including zero) (Figure 7.3C). We find that 18.2 ± 0.9 M C24 was required to reduce the 
response due to the binding of DnaB.DnaGC to bio-C32 by 50% ([C24]1/2; Figure 7.3D; orange triangles). 
This value is 30-fold higher than in the case of C32. We thus conclude that the residues located in the C-
terminus of the  subunit region within  indeed are responsible for the interaction with the cryptic binding 




Figure 7.3: A competition SPR assay: C32 is a more potent inhibitor of bio-
C32DnaB.DnaGC interactions than C24 
(A) Cartoon representations comparing direct and competitive SPR assays: whereas 
DnaB.DnaGC binds only to the immobilised bio-C32 ligand in the direct assay, in the 
competitive assay, solution-based C24 or C32 competes with immobilised bio-C32 for 
binding to DnaB.DnaGC, reducing their interaction. (B) Solutions of 100 nM DnaB and 5 M 
DnaGC in SPR buffer were mixed with increasing concentrations (0.053.2 M) of serially-
diluted C32 samples, including zero, then tested for interaction with immobilised bio-C32. 
(C) Solutions of 100 nM DnaB and 5 M DnaGC in SPR buffer were mixed with increasing 
concentrations (1.8–25.6 M) of serially-diluted C24 samples, including zero, then tested 
for interaction with immobilised bio-C32. (D) Responses at equilibrium, determined by 
averaging values in the region indicated by the grey bar in (B) and in (C), were plotted 
against competitor C32 or C24 concentration, respectively, and the data were separately fit 
to exponential decay functions (Equation 7.5), yielding the competitor concentrations 
[C24]1/2 and [C32]1/2 required to reduce binding of DnaB.DnaGC to bio-C32 by 50%. Errors 




7.2.4 The strong C32DnaB interaction stimulates the activity of destabilised replisomes 
Previously, we reported that the DnaGC-induced strengthening of the CLC–DnaB interaction 
improves the efficiency in a leading-strand synthesis reaction in the absence of the processivity factor, 2 
clamp, a condition that is known to greatly stabilise Pol III on its DNA template (2– replication assay; 
Chapter 6). Without its processivity factor, Pol III is prone to dissociation between successive nucleotide 
incorporation steps, resulting in distributive DNA synthesis. We further modified the assay by replacing 
the CLC core (Chapter 6) with either C24 or C32 to highlight their role in the physical coupling between Pol 
III and DnaB (Figure 7.4A). We hypothesised that replication would be stimulated by DnaGC only if the  
fragment could establish a stable interaction with DnaB by binding to the cryptic pocket. Therefore, we 
tested the effect of either C24 or C32, with or without 2 M DnaGC, in this destabilised replication system. 
Out of four possible combinations, only the presence of C32 and DnaGC resulted in detectable replication 
products produced by Pol III and DnaB (Figure 7.4B, lane 4 cf. lanes 1–3). These results thus confirm that 
residues in the  region of  are required for the strong interaction with DnaB and that this new –DnaB 
contact is of functional relevance in DNA replication. 
 
 
Figure 7.4: The strong C32DnaB interaction stimulates the DNA-synthesis activity of 
destabilised replisomes 
(A) Model of the leading-strand replisome, destabilised by the absences of both the 
processivity factor 2 and the full CLC. Instead, it contains only Pol III, DnaB, and either C24 
or C32, in the presence or absence of DnaGC. (B) Leading-strand DNA synthesis by 
destabilised replisomes as shown in (A) (see 7.4 Materials and methods) is detectable only 
in the presence of both C32 and DnaGC (lane 4). In contrast, C24 (lane 1) or C32 (lane 3) in 
the absence of DnaGC, as well as C24 in the presence of DnaGC in the replication reaction 
(lane 2) did not yield observable DNA synthesis, consistent with weak interactions between 





Beyond facilitating clamp loading, the  subunit of the CLC has a central linking role in the E. coli 
replisome as it physically couples DnaB to Pol III to synchronise simultaneous unwinding of dsDNA with 
the synthesis of new DNA. This coordination results in fast and efficient replication of the bacterial 
chromosomal DNA (Kim et al., 1996). The interaction between Pol III and domain V of  is strong and has 
been extensively investigated through several structural and biochemical assays (Fernandez-Leiro et al., 
2015; Jergic et al., 2007). In contrast, interaction between DnaB and  is weak and has been believed to 
occur only through domain IVa of  (Gao and McHenry, 2001a). 
We recently reported that the affinity between CLC and DnaB depends on the conformation of 
the N-terminal domains of DnaB (Chapter 6). In the constricted state, DnaB interacts weakly with CLC. 
However, the DnaGC-induced conformational transition to the dilated state reveals a cryptic binding 
pocket in the helicase that strengthens the DnaBCLC interaction by more than two orders of magnitude 
(Chapter 6). Presuming that the weak DnaBCLC interaction is supported as previously reported by 
domain IVa of  and hypothesising that the  subunit is exclusively responsible for the strong interaction 
with the cryptic binding site in DnaB during priming, we set out to re-analyse the molecular basis for the 
–DnaB interaction in E. coli. For this purpose, we utilised the two previously developed tools that enabled 
biophysical and functional discrimination between strong and weak CLC–DnaB interaction: SPR to probe 
the interaction directly and a biochemical activity assay of DNA synthesis by destabilised replisomes to 
assess its functional relevance (Chapter 6). In this study, we adapted these approaches by replacing the 
full CLC with either of two N-terminally truncated fragments of : C24 or C32. While C24 consists of 
domains IVa and V that are uniquely present in  but not in the shorter  polypeptide, C32 extends into 
the C-terminal region in .  
SPR measurements with bio-C24 suggested that only weak interaction with DnaB was possible, 
irrespective of the presence of DnaGC to force the DnaB hexamer into a dilated conformation (KD  30 
M; Figure 7.2C, Tables 7.1 and 7.S1). We observed the interaction between bio-C32 and DnaB in the 
absence of DnaGC to be similarly weak (KD  10 M; Figure 7.2D, Tables 7.1 and 7.S1). However, a much 
stronger interaction was observed between bio-C32 and DnaB in the presence of DnaGC (KD = 70  10 nM; 
Figure 7.2E, Table 7.1). Our measurements thus show that DnaGC increased the strength of the C32DnaB 
interaction by more than two orders of magnitude (140-fold). Similarly, a DnaGC-induced strengthening 
of the interaction was observed when using a CLC containing only a single  subunit (bio-1CLCDnaB), 
with a KD reduced from 4.1 ± 0.3 M to 10 ± 1 nM (Chapter 6). Thus, we identified the region in the CLC 
responsible for the interaction with the cryptic binding site in DnaB as a region in the  subunit. Somewhat 
stronger affinities of 1CLC for DnaB compared to C32, both in the absence and in presence of DnaG 
(2.57 fold), may suggest a relatively minor contribution of other contacts in full-length  or elsewhere 
in 1CLC to the interaction. Alternatively, this small difference could be a consequence of different steric 
accessibilities by the large DnaB hexamer close to the chip surface. Suggesting the latter scenario, we 
141 
 
measured an Rmax of only 150 RU for the bio-C32–DnaB.DnaGC complex (Figure 7.2E), compared to the 
135 RU from immobilized bio-C32 (Figure 7.S2). The 10-fold larger molecular weight of DnaB.DnaGC (364 
kDa) compared to bio-C32 (34kDa) would suggest a much higher Rmax. 
To exclude the possibility that steric hindrance qualitatively affects the outcomes and to confirm 
that the region in C32 common to the C terminus of  is indeed involved in previously unidentified contacts 
with dilated DnaB, we directly investigated the possibility that the residues in bio-C24 close to the N-
terminus (and chip surface) might be responsible for the interaction with the cryptic -binding site in 
dilated DnaB. To do so, we used a competition assay in which C24 or C32 competes with immobilised bio-
C32 for binding to DnaB (Figure 7.3). We measured that 0.63 ± 0.04 M C32 or 18.2 ± 0.9 M C24 in 
solution were required to reduce binding of dilated DnaB to bio-C32 by 50%. The 30-fold difference 
between the abilities of the two different  fragments to inhibit the bio-C32DnaB.DnaGC interaction 
confirms that the residues in the C-terminal region in  are indeed involved in the interaction with the 
cryptic -binding site in DnaB. The SPR measurements resulted in a 140-fold stimulation of DnaB binding 
to bio-C32 when DnaGC was added, and no such stimulation could be detected with bio-C24. The 
somewhat lower stimulation (30-fold) measured for the two  fragments in the competition experiments 
could indicate a relatively minor contribution of residues in the C24 segment. However, the titration of 
the DnaB sites by 0.05–3.2 M of solution C32 is sub-stoichiometric in the lower range because the 
concentration of DnaB throughout competition experiments (100 nM) is similar to the affinity of 
monomeric bio-C32 for DnaB.DnaGC (70 ± 10 nM) and several  subunits can bind to DnaB simultaneously 
(Chapter 6). This finds quantitative support in the measured [C32]1/2 of 0.63 ± 0.04 M, which is only in 
six-fold molar excess compared to the concentration of DnaB. This led us to conclude that the derived 
[C32]1/2 is apparent whereas the real one is significantly smaller, thereby suggesting that the proximity of 
the surface was not significantly affecting the binding of DnaB.DnaGC to bio-C24. The residues in the C-
terminus of the  region within  are thus likely to be exclusively involved in the interaction with the cryptic 
-binding site in DnaB. 
Finally, in contrast to C24, we find that C32 was able to stimulate the activity of a destabilised 
replisome, which demonstrates the significance of the –DnaB interaction during coupled helicase-
polymerase DNA replication (Figure 7.4, Chapter 6). This result is consistent with the SPR experiments: 
while C32 stimulates replication in presence of DnaGC, domain IVa within C24 does not. A strong τC32‒
DnaB interaction is likely to increase the local concentration of Pol III cores, thus yielding a faster utilization 
of the primer template and, eventually, resulting in a more efficient DNA synthesis. On the contrary, the 
shorter  fragment is unable to create a sufficiently stable link between DnaB and Pol III for replication to 
occur, not even when DnaB is locked in its dilated state by association with DnaGC. In addition, we did 
observe that the replication reaction appeared much less efficient compared to the one in which C32 was 
substituted with 3CLC (Chapter 6). This difference could be due to lower (25-fold) weaker affinity of C32 
to DnaB.DnaGC compared to 3CLC, but also due to additional interactions that subunits of the CLC could 




In contrast to the long-standing view of one polymerase holoenzyme stably associated with the 
replisome and operating on both leading and lagging strands over periods sufficiently long to synthesise 
hundreds of kbp of DNA, recent findings suggest frequent exchange of polymerases from solution with 
those in the replisome (Beattie et al., 2017; Geertsema and van Oijen, 2013; Graham et al., 2017; Lewis 
et al., 2017; Monachino et al., 2017; van Oijen and Dixon, 2015; Q. Yuan et al., 2016). We recently reported 
a primase-induced conformational change in the E. coli helicase that strengthened the DnaBCLC 
interaction by more than two orders of magnitude, suggesting that this conformational switch plays a key 
role in processes leading to polymerase exchange at the replication fork (Chapter 6). Our finding that the 
primasehelicase interaction exposes a cryptic -binding site in the helicase that supports an exclusive 
interaction with the C-terminal residues in the  region of  redefines the previously established DnaB–
interaction domain boundaries in . Further, it also represents an important step in our molecular 
understanding of the interactions controlling replication that will guide future work towards a full 
functional and structural understanding of polymerase exchange mechanisms. 
 
 
7.4 Materials and Methods  
 
7.4.1 Replication proteins 
E. coli replication proteins and protein complexes were purified according to previously published 
protocols: Pol III   core (Lewis et al., 2017), DnaB (Tanner et al., 2008), helicase interaction domain of 
DnaG primase, DnaGC (Loscha et al., 2004), C24 (Jergic et al., 2007) (Figures 7.S1A and 7.S1B). Detailed 
descriptions of the production processes for bio-C24, C32 and bio-C32 are described in 7.5 Supplementary 
Material. 
 
7.4.2 Surface plasmon resonance (SPR) experiments 
All SPR experiments were carried out on a BIAcore T200 (GE Healthcare) at 20°C in SPR buffer (25 
mM Tris.HCl, pH 7.6, 50 mM NaCl, 5 mM MgCl2, 0.5 mM dithiothreitol, 0.2 mM EDTA, 0.005% surfactant 
P20), which was additionally supplemented with 0.2 mM ADP needed for DnaB stabilisation during the 
protein-sample injection (association phase). We opted for ADP in the buffer throughout the experiments 
as the results were not different if ATP is used instead (not shown). A streptavidin-coated (SA) sensor chip 
(GE Healthcare) was activated with three sequential injections of 1 M NaCl, 50 mM NaOH (40 s each at 5 
L/min). For immobilisation, a solution of 3 nM bio-C24 in SPR buffer was injected into one flow cell at 10 
L/min for 212 s to immobilise an amount of protein equivalent to 100 response units (RU). A solution of 
3 nM bio-C32 in SPR buffer was injected into another flow cell at 10 L/min for 147 s to immobilize 135 
RU of protein (Figure 7.S2). The third flow cell was left unmodified and served as a control. Unless stated 
otherwise, binding studies were carried out at a flow rate of 30 L/min for 40 s. 
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For measurement of the KD value for bio-C32–DnaB.DnaGC interaction using the direct assay, a 
range of solutions of serially-diluted DnaB samples (0, 6.25, 12.5, 25, 50, 100, 200 and 400 nM) in the 
presence of 5 M DnaGC were injected over the immobilised bio-C32 in SPR buffer containing 0.2 mM 
ADP. Considering that we varied [DnaB], whereas the DnaB.DnaGC complex actually titrates bio-C32 ligand 
immobilised on the chip surface given the utilised sub-M [DnaB] range (note that KD value for bio-C32–
DnaB is 10 M), the concentration of DnaB.DnaGC in solution was obtained by solving the quadratic 





= 𝐾D(DnaB– DnaGC) (Equation 7.1) 
 
where x is solution [DnaB.DnaGC], [DnaB]0 and [DnaGC]0 are the initial concentrations of DnaB and DnaGC 
(a constant value, equal to 5 M), respectively, whereas the KD(DnaB–DnaGC) is the dissociation constant 
for the interaction of DnaB with DnaGC, previously measured to be 1.74  0.09 M under similar 
experimental conditions (Chapter 6). This equation is derived based on 1:1 interaction between the DnaB 
and the first weakly bound molecule of DnaGC, a property previously also observed by Oakley et al. (2005), 
in the background of positive cooperative interaction with the second and third DnaGC that each bind 
>10-fold more strongly compared to the first one (three DnaGCs allosterically bind to DnaB). Given the 
targetted range of serially-diluted [DnaB]0, Equation 7.1 was used to calculate the range of solutions of 
DnaB.DnaGC samples (0, 4.6, 9.3, 18.5, 36.9, 73.3, 144.8 and 281.9 nM) that were injected over 
immobilised ligand. 
Following the 40 s association phase, SPR buffer without ADP was made to flow over the surface 
for prompt dissociation of bound DnaB and DnaGC. Between successive binding studies, the flow cell was 
regenerated by 40 s injection of 1 M MgCl2 at 10 L/min.  
To analyse the data, the sections of the sensorgrams that are highlighted by the grey bars were 
averaged first to determine the responses at equilibrium (Figure 7.2E). These averaged responses at 
different calculated [DnaB.DnaGC] were used to generate binding isotherms to determine values of 
KD(bio-C32–DnaB.DnaGC) and Rmax (the response when the immobilised ligand molecules on the surface 
have been saturated with analyte DnaB.DnaGC) using the steady-state affinity (SSA) model incorporated 
in BIAevaluation software (v. 4.0.1; GE Healthcare), 
Estimated KDs for bio-C24–DnaB and bio-C32–DnaB interactions were calculated using Equation 
7.2: 
 
 𝐾D = (
𝑅max
𝑅eq
− 1) ∙ [DnaB] (Equation 7.2) 
 









which normalises the Rmax signal corresponding to saturation by DnaB.DnaGC by accounting for the 
differences between molecular weights of DnaB [MW(DnaB) = 314 kDa] and DnaB.DnaGC 
[MW(DnaB.DnaGC) = 364 kDa]. Req was, instead, the response at equilibrium measured at different [DnaB] 
(Table 7.S1). For the estimation of KDs, Req at two different [DnaB] per interaction were measured and we 
report the averaged KD value. 
For the approximation of KD(bio-C24–DnaB.DnaGC), we took into consideration that the 
measured Req was caused by binding of both DnaB and DnaB.DnaGC to bio-C24, as if binding to DnaGC 
does not stimulate binding of DnaB at all (considering no detectable stimulation of interaction). Solution 
[DnaB] = [DnaB]0  x, and [DnaB.DnaGC] = x were calculated using Equation 7.1. The estimation of the 
KD(bio-C24–DnaB) was used to determine the response at equilibrium due to DnaB interacting with bio-
C24 and, ultimately, to calculate the response at equilibrium due to DnaB.DnaGC interacting with bio-C24 
(Table 7.S1). Finally, this latter value was used in Equation 7.4 to estimate the KD of bio-C24–DnaB.DnaGC. 
 
 𝐾D = (
𝑅max
𝑅eq
− 1) ∙ [DnaB. DnaGC] (Equation 7.4) 
 
where Rmax is Rmax(bio-C32–DnaB.DnaGC).  
In the case of the competition SPR experiments, responses at equilibrium (Req) were first 
determined by averaging the grey highlighted regions of the sensorgrams (Figures 7.3B and 7.3C). The Req 
values, plotted against the range of solution C24 or C32 concentrations were then fit using an exponential 
decay Equation 7.5: 
 
 𝑅eq = 𝐴 exp(−
[τC]

 ) (Equation 7.5) 
 
where A determines the response at equilibrium in absence of solution C24/C32  and  represents the 
mean lifetime, standing in this case for the average concentration of solution C24/C32 needed to inhibit 
bio-C32–DnaB.DnaG interaction. The half-lifes (or more properly termed half-concentrations) [C24]1/2 and 
[C32]1/2 were determined by multiplying fit  values by ln 2. 
 
7.4.3 2– replication assay 
The activity of replisomes destabilised by the absence of processivity factor 2 (2– replication 
assay) was measured as described in a recent report (Chapter 6), except for the fact that the entire clamp-
loader complex was replaced with  fragments. Briefly, we mixed on ice in 10 L: 3.8 nM biotinylated flap-
primed 2-kb circular DNA template (Monachino et al., 2018), 1 mM ATP, 400 M each dATP, dTTP, dCTP, 
and dGTP, 90 nM C24 or C32, 90 nM , 30 nM DnaB, and if present, 2 M DnaGC in replication buffer 
(30 mM Tris.HCl, pH 7.6, 12 mM Mg(OAc)2, 50 mM K-glutamate, 10 mM dithiothreitol, 0.5 mM EDTA, 
0.0025% (v/v) Tween-20). The solutions were incubated in a water bath at 30°C for 80 min, followed by 
145 
 
addition of an equal volume of LES buffer (3.3 mM Tris.HCl, pH 7.6, 0.01% bromophenol blue, 0.01% xylene 
cyanol FF, 20% glycerol, 220 mM EDTA, 2% SDS) to terminate any replication and denature proteins. DNA 
products were then separated by gel electrophoresis in 0.66% (w/v) agarose gels that were run in 2x Tris 
Acetate EDTA buffer (2x TAE buffer: 80 mM Tris, 40 mM Acetic Acid, 2 mM EDTA, pH 8.3) for 100 min at 
75 V in a Mini-Sub Cell GT System (Bio-Rad). The gels were stained after electrophoresis with 1x SybrGold 
(LifeTechnology) in 2x TAE buffer for 2 h. The SybrGold-stained DNA molecules were visualised with a Bio-
Rad Gel Doc XR (302 nm trans-UV light). 
 
7.4.4 Assessment of oligomeric states of  fragments using nanoESI-MS 
Protein sample preparation for nanoelectrospray ionization-mass spectrometry (nanoESI-MS) 
analysis was carried out as follows. Proteins were dialysed against five changes of 150 mM ammonium 
acetate, pH 7.6, 1 mM -mercaptoethanol. Positive ion nanoESI mass spectra were acquired using a 
Waters Synapt HDMS™ (Wythenshawe, UK) mass spectrometer equipped with a Z-spray nanoESI source. 
Mass spectra were obtained using the following parameters: the capillary voltage was set to 1.5 kV, the 
sampling cone and the extraction cone were set to 50 V and 4 V, respectively. The source temperature 
was 50°C, trap collision energy and gas flow were 6 V and 1.5 mL/min, respectively, while the transfer 
collision energy was set at 4.0 V. The detector voltage was set to 1,850 V and a backing pressure of 5.3–
5.5 mbar was applied to give the best signal intensities. Prior to measurements, the instrument was 
externally calibrated using a 10 mg/mL CsI solution in water. Protein spectra were acquired over an m/z 
range of 500–5,000 and analysed using MassLynx™ software. Typically, 20–50 acquisitions scans were 
combined to obtain a representative spectrum which was then baseline subtracted and smoothed. For 




7.5 Supplementary Material   
 
7.5.1 Plasmid construction 
pJSL1697 (bio-C24): The plasmid pSJ1330 (Jergic et al., 2007) that directs overproduction of C24  
was digested with the NdeI and EcoRI pair of restriction enzymes, and the shorter fragment containing 
the C24 gene inserted between the same set of sites in pKO1274 (Jergic et al., 2007). Vector pKO1274, a 
derivative of pETMSCI (Neylon et al., 2000), allows fusion of the gene in-frame behind a codon for an N-
terminal biotinylation tag [sequence: MAGLNDIFEAQKIEWHEH (Beckett et al., 1999)] using an NdeI 
restriction site at the start codon. The resulting plasmid pJSL1697 places the bio-C24 gene under the 
transcriptional control of the bacteriophage T7 10 promoter (Studier et al., 1990), which in a derivative 




pSJ2254 (C32E638D): The plasmid pJC491 that directs overproduction of full-length  (Jergic et 
al., 2007; Ozawa et al., 2005) was used as a template for PCR amplification of the C32E638D gene using 
primer 859 (5’-TTT TTT TTC ATA TGG CGT TCC ATC CGC GTA TGC CG), designed to incorporate a start 
codon as part of the NdeI site before the  Ala358 codon of dnaX, and primer 854 (5’-TTG AAT TCT TAA ATG 
GGG CGG ATA CTG TCT TCA), that incorporates the mutant  Asp638 (instead of Glu638) codon in C32E638D 
gene and an EcoRI restriction site just following the non-native TAA (instead of TGA) stop codon in dnaX. 
The PCR product was isolated after digestion with NdeI and EcoRI and inserted between the same sites in 
pND706 (Love et al., 1996). This plasmid contains the C32E638D gene (amino acid sequence numbering is 
based on the full-length  subunit) under the transcriptional control of the tandem bacteriophage  pR 
and pL promoters, which enables induction of C32E638D protein overproduction by temperature shift 
from 30 to 42°C. 
pEM2255 (C32): To eliminate the E638D mutation in in C32E638D, pJC491 was digested with the 
EagI and EcoRI restriction enzymes, and the shorter EagIEcoRI fragment incorporated between the same 
set of restriction sites in plasmid pSJ2254. This generates plasmid pEM2255 that places the wild-type  C32 
gene under the transcriptional control of tandem bacteriophage  pR and pL promoters, as in pSJ2254. 
pSJ2256 (bio-C32): The plasmid pEM2255 was digested with the NdeI and EcoRI pair of restriction 
enzymes, and the shorter NdeIEcoRI fragment incorporated between the same set of restriction sites in 
plasmid pKO1274. The resulting plasmid pSJ2256 places the bio-C32 gene under the transcriptional control 
of the arabinose-inducible araBAD promoter. 
 
7.5.2 Overproduction and purification of bio-C24 
E. coli strain BL21(DE3)recA/pJSL1697 was grown at 37°C in LB medium (Luria and Burrous, 
1957), supplemented with thymine (25 mg/L), ampicillin (100 mg/L) and 100 M (D)-biotin, to A600 = 0.6. 
1 mM IPTG was added to the shaking culture to induce overproduction of bio-C24. Cultures were grown 
for a further 3 h, and then chilled in ice. Cells were harvested by centrifugation (11,000 x g; 6 min), frozen 
in liquid N2 and stored at –80°C. 
After thawing, cells (4 g, from 2 L of culture) were resuspended in 60 mL lysis buffer I [50 mM 
Tris.HCl, pH 7.6, 1 mM dithiothreitol, 1 mM EDTA, 20 mM spermidine] supplied with two “Complete” 
protease inhibitor cocktail tablets (Roche) and 0.7 mM phenylmethylsulfonyl fluoride to inhibit 
proteolysis. The cells were lysed by being passed twice through a French press (12,000 psi). Cell debris 
were then removed from the lysate by centrifugation (35,000 x g; 20 min) to yield the soluble Fraction I. 
Proteins in Fraction I that were then precipitated by addition of solid ammonium sulphate (0.4 g/mL) and 
stirring for 60 min, were collected by centrifugation (35,000 x g; 30 min) and dissolved in 30 mL buffer AI 
[25 mM Tris.HCl, pH 7.6, 2 mM dithiothreitol, 1 mM EDTA, 5% (v/v) glycerol] containing 130 mL NaCl. The 
solution was dialysed against two changes of 2 L of the same buffer, to yield Fraction II. 
Fraction II was applied at 2.5 mL/min onto a column (2.5 x 10 cm) of DEAE-650M resin that had 
been equilibrated against buffer AI + 150 mM NaCl. Fractions containing bio-C24 that did not bind to the 
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resin were pooled and dialysed against two changes of 2 L of buffer AI to yield Fraction III. 
The dialysate (Fraction III, 50 mL) was loaded at 2.5 ml/min onto the same DEAE column that had 
been equilibrated with buffer AI. The column was washed with buffer AI and bio-C24 eluted between 1 
and 1.5 column volumes in a sharp peak. Fractions containing  bio-C24 were pooled and dialysed against 
three changes of 2 L of buffer BI [15 mM sodium phosphate, pH 6.5, 2 mM dithiothreitol, 1 mM EDTA, 5% 
(v/v) glycerol], to give Fraction IV. 
Fraction IV (40 mL) was loaded at 0.6 mL/min onto a column (2.5 x 14 cm) of phosphocellulose 
resin (Whatman P11) that had been equilibrated in the same buffer. After the column had been washed 
with 75 mL of buffer BI, proteins were eluted using a linear gradient (300 mL) of 0–550 mM NaCl in buffer 
BI. Bio-C24 eluted in a single peak at about 210 mM NaCl. Fractions containing highly purified bio-C24 were 
pooled and dialysed against two changes of 2 L of storage buffer I [50 mM Tris.HCl, pH 7.6, 3 mM 
dithiothreitol, 1 mM EDTA, 100 mM NaCl, 20% (v/v) glycerol], to give Fraction V (12 mL, containing 8 mg 
of the protein). Aliquots were frozen in liquid N2 and stored at –80°C.  
The molecular weight of purified bio-C24 determined by nanoESI-MS in 1% formic acid and 1 mM 
-mercaptoethanol indicated that biotinylation had not taken place, so in vitro biotinylation of bio-C24 
was carried out. One part of biomix buffer [50 mM Tris.HCl, 250 mM bicine, pH 8.3, 50 mM ATP, 50 mM 
magnesium acetate, 250 mM D-biotin] was mixed with one part of substrate solution (170 M bio-C24) in 
buffer DI [20 mM Tris.HCl, pH 7.6, 0.5 mM EDTA, 1 mM dithiothreitol, 150 mM NaCl], three parts of MilliQ 
water, and biotin ligase adjusted to 1.8 M in a final volume of 1.5 mL of biotinylation mix. The 
biotinylation mix was treated at 25°C for 3 h and then dialysed in 2 L of buffer EI [20 mM Tris.HCl, pH 7.6, 
2 mM dithiothreitol, 1 mM EDTA, 5% (v/v) glycerol] at 6°C to yield Fraction VI.  
 Fraction VI (10 mL) was applied at 1.5 mL/min onto a 2 mL column (1 x 2 cm) of SuperQ-650M 
resin that had been equilibrated in the same buffer EI. After the column had been washed with 50 mL of 
buffer EI, bio-C24 was eluted as a single peak at 60 mM NaCl using a linear gradient (85 mL) of 0–800 
mM NaCl in buffer EI. Fractions containing purified bio-C24 were pooled and dialysed against two changes 
of 2 L of storage buffer I, to give Fraction VII (1.8 mL; containing 1.3 mg of protein). Assessment of protein 
purity used 420% SDS-PAGE (Figure 7.S1A). 
The measured molecular weight of 26,250  10 Da for bio-C24, determined by nanoESI-MS under 
“native” conditions in 150 mM ammonium-acetate, pH 7.6 (Figure 7.S1C), compares well with the 
calculated value of 26,245.7 Da (assuming that biotin had been attached). The absence of other species 
from the spectrum indicates that the protein has been completely biotinylated and that bio-C24 is a 
monomer in solution (at 5 M). 
 
7.5.3 Overproduction and purification of C32 
BL21(DE3)recA/pEM2255 was grown at 30°C in LB medium supplemented with thymine (25 
mg/L) and ampicillin (200 mg/L), to A600  0.60.7. To induce overproduction of C32, the temperature was 
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rapidly increased to 42°C and the 1-L cultures were shaken for a further 3 h at the same temperature. 
Cells were chilled, harvested by centrifugation (11,000 x g; 6 min), frozen in liquid N2, and stored at –80°C. 
After thawing, cells (9.7 g from 6 L of culture) were resuspended in 100 mL of lysis buffer II [50 
mM Tris.HCl, pH 7.6, 2 mM dithiothreitol, 1 mM EDTA, 20 mM spermidine] supplied with three tablets of 
“Complete” protease inhibitor cocktail (Roche) and 1 mM phenylmethylsulfonyl fluoride (PMSF) to inhibit 
proteolysis. The cells were lysed by being passed twice through a French press (12,000 psi). The lysate was 
clarified by centrifugation (35,000 x g; 30 min) to yield the soluble Fraction I (100 mL). Proteins that were 
then precipitated by addition of solid ammonium sulphate (0.4 g/mL) and stirring for additional 30 min, 
were collected by centrifugation (38,000 x g; 30 min) and dissolved in 30 mL buffer AII [30 mM Tris.HCl, 
pH 7.6, NaCl, 2 mM dithiothreitol, 1 mM EDTA, 10% (v/v) glycerol] containing 170 mM NaCl. The solution 
was dialysed against 2 L of the same buffer for the next 2.5 h, to yield Fraction II (35 mL). 
Fraction II (35 mL) was applied at 0.6 mL/min onto a column (2.5 x 16 cm) of Toyopearl DEAE-
650M resin that had been equilibrated against the same buffer AII + 170 mM NaCl. Fractions containing 
proteins that passed unretarded through the column were pooled and dialysed against two changes of 2 
L of buffer AII + 20 mM NaCl to yield Fraction III. 
Fraction III (60 mL) was loaded at 1.4 mL/min onto a column (2.5 x 15 cm) of SP Sepharose Fast 
Flow (GE Healthcare) that had been equilibrated against buffer AII + 20 mM NaCl. After washing the 
column with 30 mL of buffer AII + 50 mM NaCl, the C32 eluted in a linear gradient (700 mL) of 50500 mM 
NaCl in buffer AII, in a single peak at 150 mM NaCl. Fractions containing C32 were pooled (24 mL) and 
dialysed against 2 L of buffer BII [20 mM Tris.HCl, pH 7.6, 2 mM dithiothreitol, 1 mM EDTA, 10% (v/v) 
glycerol] to yield Fraction IV. 
Fraction IV (24 mL) was loaded at 3 mL/min onto an 8 mL MonoQTM 10/100 GL column that had 
been equilibrated in buffer AII; C32 was eluted using a linear gradient (100 mL) of 0–80 mM NaCl in buffer 
AII. It eluted in a single peak at about 20 mM NaCl. Fractions containing highly purified C32 were pooled 
and dialysed against 2 L of storage buffer CII [50 mM Tris.HCl, pH 7.6, 100 mM NaCl, 3 mM dithiothreitol, 
1 mM EDTA, 30% (v/v) glycerol], to give Fraction V (10 mL, containing 37 mg of the protein). Aliquots were 
frozen in liquid N2 and stored at –80°C. Assessment of protein purity used 420% SDS-PAGE (Figure 7.S1A).  
The measured molecular weight of 31,580.1  0.4 Da for C32, determined by nanoESI-MS under 
“native” conditions in 150 mM ammonium-acetate, pH 7.6 (Figure 7.S1D), compares well to the calculated 
value of 31,580.1 Da (assuming that the N-terminal methionine had been removed), while the absence of 
other oligomeric species from the MS spectrum indicate that bio-C32 is a monomer in solution (at 5 M). 
 
7.5.4 Overproduction and purification of bio-C32 
E. coli strain BL21-AI (Invitrogen)/pSJ2256 was grown at 37°C in LB medium, supplemented with 
thymine (25 mg/L), ampicillin (100 mg/L) and 70 M (D)-biotin, to A600 = 0.6. To induce overproduction of 
bio-C32, arabinose was added to the shaking culture (0.2% final concentration) and the 1-L cultures were 
shaken for further 3 h at the same temperature. Cells were harvested by centrifugation (11,000 x g; 6 
min), frozen in liquid N2 and stored at –80°C. 
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After thawing, cells (6.9 g, from 3 L of culture) were resuspended in 100 mL lysis buffer III [50 mM 
Tris.HCl, pH 7.6, 2 mM dithiothreitol, 1 mM EDTA, 20 mM spermidine, 10% (v/v) glycerol] supplied with 
“Complete C” protease inhibitor cocktail pills containing EDTA (Roche) as per manufacturer’s prescription. 
Just before lysis, performed by passing the cells twice through a French press (12,000 psi), the serine 
protease inhibitor PMSF was added dropwise (100 mM stock in 100% ethanol) to 0.5 mM. Following lysis, 
another lot of PMSF was added dropwise to a final concentration of 1 mM and the lysate further continued 
to stir for 5 min at 4°C. The lysate was clarified by centrifugation (35,000 x g; 30 min) to yield the soluble 
Fraction I (100 mL). Proteins that were then precipitated by addition of solid ammonium sulphate (0.39 
g/mL) and stirring for 60 min, were collected by centrifugation (35,000 x g; 30 min) and dissolved in 30 mL 
buffer AIII [20 mM Tris.HCl, pH 7.6, 2 mM dithiothreitol, 1 mM EDTA, 5% (v/v) glycerol] containing 170 mL 
NaCl. The solution was dialysed against 2 L of the same buffer for the next 3 h, to yield Fraction II. 
Fraction II (35 mL) was applied at 1 mL/min onto a column (2.5 x 16 cm) of DEAE-650M resin that 
had been equilibrated against the same buffer AIII + 170 mM NaCl. Fractions containing proteins that did 
not bind to the resin were pooled and dialysed against two changes of 2 L of buffer AIII to yield Fraction 
III.  
Fraction III (55 mL) was loaded at 1 mL/min onto the same DEAE column that had been 
equilibrated against buffer AIII. After washing the column with 150 mL of buffer AIII, the bio-C32 eluted in 
a linear gradient (600 mL) of 0160 mM NaCl in buffer AIII, in a single peak at 30 mM NaCl. Fractions 
containing bio-C32 were pooled (50 mL) and diluted to 100 mL using buffer BIII [5 mM Tris.HCl, pH 7.6, 2 
mM dithiothreitol, 0.5 mM EDTA] (Fraction IV), so that ionic strength in the buffer was reduced (without 
dialysis) to a level suitable for direct loading onto the next column.  
Fraction IV (100 mL) was loaded at 4 mL/min onto an 8-mL MonoQTM 10/100 GL column 
equilibrated with buffer AIII. After washing the column with two column volumes of buffer AIII, bio-C32 
was eluted using a linear gradient (100 mL) of 080 mM NaCl, in a broad peak at 30 mM NaCl. Fractions 
containing bio-C32, whose purity was not significantly improved by this purification step, were pooled to 
yield Fraction V. 
Fraction V (15 mL) was loaded at 4 mL/min onto an 8-mL MonoSTM 10/100 GL column equilibrated 
with buffer AIII. After washing the column with two column volumes of buffer AIII, bio-C32 was eluted 
using a linear gradient (450 mL) of 0250 mM NaCl, in a single peak at 100 mM NaCl. Fractions containing 
bio-C32 were pooled to yield Fraction VI (16 mL containing 15 mg of proteins).  
The molecular weight of purified bio-C32 determined by nanoESI-MS in 1% formic acid and 1 mM 
-mercaptoethanol (33,744.1  0.37 Da) indicated that the N-terminal methionine had been removed and 
that biotinylation had not taken place. 
Next, in vitro biotinylation of bio-C32 was carried out: one part (2.3 mL) of bio-mix buffer [50 mM 
Tris.HCl, 250 mM bicine, pH 8.3, 50 mM ATP, 50 mM magnesium acetate, 250 M D-biotin] was mixed 
with 3 parts (7 mL) of proteins in buffer AIII + 100 mM NaCl (Fraction VI) and biotin ligase adjusted to 1 
M. The biotinylation mix was treated at room temperature for 10 min, and then at 4°C for another 5 h. 
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The solution was then dialysed against two changes of 2 L of buffer CIII [15 mM Tris.HCl, pH 7.6, 2 mM 
dithiothreitol, 1 mM EDTA; 3% (v/v) glycerol], to yield Fraction VII.  
Fraction VII (10 mL) was applied at 1 mL/min onto a 5 mL column (1 x 6 cm) of SuperQ-5PW 
(Tosoh Corporation) equilibrated with buffer AIII. After washing the column with one column volume of 
buffer AIII, bio-C32 was eluted using a linear gradient (50 mL) of 0120 mM NaCl, in a peak at 30 mM 
NaCl. Previous analysis of protein purity using SDS-PAGE enabled isolation of fractions containing minimal 
presence of proteolytic products. This fraction (1.5 mL) was dialysed against the storage buffer DIII [30 
mM Tris.HCl, pH 7.6, 100 mM NaCl, 3 mM dithiothreitol, 1 mM EDTA, 20% (v/v) glycerol] to yield 30 M 
bio-C32 (1.0 mg/mL). Assessment of protein purity was performed using 420% SDS-PAGE (Figure 7.S1A). 
The measured molecular weight of 33,957  2 Da for bio-C32, determined by nanoESI-MS under 
“native” conditions in 150 mM ammonium acetate, pH 7.6 (Figure 7.S1E), compares well with the 
calculated value of 33,956.32 Da (assuming that biotin had been attached and that the N-terminal 
methionine had been removed), while the absence of other species from the spectrum indicates that bio-





7.6 Supplementary Figures 
 
 
Figure 7.S1: Assessment of the purity and oligomerisation state of C24, bio-C24, C32 and 
bio-C32 
(A) Purified C-terminal fragments of  used in this study were analysed by 4–20% SDS-PAGE. 
(B–D) NanoESI-MS performed under “native” conditions in 150 mM NH4OAc buffer, pH 7.6, 
1 mM -mercaptoethanol (7.4 Materials and Methods). Measured molecular weights (MW) 
displayed in the spectra compare well to the theoretical MW of: (A) 23,999.4 Da for C24, (B) 
26,245.7 Da for bio-C24, (C) 31,580.1 Da for C32, and (D) 33,956.32 Da for bio-C32, 
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confirming the quality of products and suggesting that biotin has been quantitatively 
incorporated into bio-C24/C32 (7.5 Supplementary Materials). Absence of m/z envelopes for 
oligomeric species implies that all four -fragments are monomers in solution at measured 
concentrations (510 M, 7.4 Materials and Methods). 
 
 
Figure 7.S2: SPR: equimolar immobilisation of bio-C24 and bio-C32 in SA-coated flow cells 
3 nM bio-C24 in SPR buffer (7.4 Materials and Methods) was injected on one flow cell at 10 
L/min for 212 s, resulting in immobilisation of 100 RU of protein (orange sensorgram). 
Likewise, 3 nM bio-C32 in SPR buffer was injected on another flow cell at 10 L/min for 147 
s to immobilize 135 RU of protein (blue sensorgram). Given that the ratio of molecular 
weights for bio-C32/bio-C24 (33,956.3 Da / 26,245.7 Da = 1.29) closely matches the ratio of 
their immobilisation levels (135 RUs / 100 RUs = 1.35), the immobilisation of two ligands on 
the respective flow cells can be considered equimolar. 
 
 
Figure 7.S3: Competition SPR assay between the solution-based  fragments and 
immobilised bio-C32 for binding to DnaB.DnaGC 
While injection of 100 nM DnaB, 5 M DnaGC, and 1 M C24 over immobilised bio-C32 did 
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not affect the response at equilibrium (orange versus green sensorgrams), similar injection 
of DnaB and DnaGC but together with 1 M C32 resulted in a significant reduction of the 
response at equilibrium (blue sensorgram), indicating that C32 binds much more strongly to 
DnaB.DnaG than does C24. Spikes in the signal corresponding to imperfect signal 
subtraction from the control flow cell during solution changes are made more transparent 
to highlight the relevant portions in the sensorgrams. 
 
 
7.7 Supplementary Table 
 
 
Table 7.S1: KD values for weak interactions of  fragments, determined as described in 7.4 





















Life on Earth is based on the use of DNA to store its cellular blueprints. Therefore, the reliable 
transmission of these instructions from parental cells to their progeny is crucial. Evolution resulted in a 
very specific multi-protein machinery fully dedicated to this vital task: the replisome. Over the decades, 
many breakthroughs have been made that have allowed the research community to understand in great 
detail its main components in several model organisms and appreciate its complexity and elegance. The 
introduction of single-molecule methods provided an additional tool to visualise the replication process 
and reveal its molecular mechanisms. Even more, these methods have led to a paradigm shift of sorts: the 
molecular steps in the replication reaction are characterised by highly stochastic events that result from 
the dynamic equilibria reached among its many components and with the local environment. These 
dynamic equilibria depend on the many strong and weak interactions that hold the complex together and 
that lead to flexibility and the ability to adapt (Chapter 1). Furthermore, the continuing development of 
high-throughput single-molecule tools is aiding in sampling rare molecular events and visualising 
subpopulations that have so far remained hidden (Chapter 2). The transition of single-molecule 
techniques from its teenage years into maturity, and its entering into long-lasting relationships with 
complicated molecular problems, is resulting in profound new insight and several breakthroughs! 
 
Efforts in this thesis were aligned along two paths: contributing to improve single-molecule tools 
(Chapters 3 and 4) and applying state-of-the-art technologies to the Escherichia coli replisome (Chapters 
5–7). This thesis employs single-molecule approaches because of their intrinsic kinetic resolution and 
ability to tackle the complexity of multiprotein systems. However, a major role was also played in this 
thesis by well-established biochemistry methods, which were used to set course and point to where to 
look with our single-molecule microscopes. 
 
Single-molecule fluorescence imaging techniques have proved powerful at visualizing the 
interactions of proteins with long, mechanically stretched DNA molecules. However, in most of these 
techniques, the DNA molecules need to be bound to a planar surface, thus causing two main design 
challenges. First, nonspecific interactions of the DNA molecule – and the proteins bound to it – with the 
surface still remains an issue, despite the development of several methods to passivate the surface. 
Second, the laminar, Poiseuille flow approaches zero near the surface, making it challenging to stretch the 
DNA molecule in its entirety. We solved both issues by anchoring DNA molecules to a gold nanowire 
bisecting a microfluidic flow cell (Chapter 3). The DNA molecules were stretched at the centre of the flow 
cell, therefore far from any wall of the flow cell and, at the same time, at the position of the highest flow. 
Our experimental design carried a further advantage: a high density of DNA molecules bound to the 
suspended nanowire results in a pattern known as a “DNA curtain”, a property that proved to be very 
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useful for increasing the data throughput of the experiments (Chapter 2). Moreover, the nanoskiving 
process simplifies the fabrication and manipulation of the nanowires compared to standard lithography 
techniques, thus making the preparation of the flow cell not prohibitively challenging (Chapter 3). 
However, a drawback is that it is no longer possible to work under TIRF conditions and therefore exploit 
the evanescent field to exclude contributions from fluorophores in solution and to reduce background. 
 
Rolling-circle DNA templates are another tool that have proved very useful in investigating the 
DNA-replication process. Their success relies on their circular, covalently-closed template strand that can 
be replicated endlessly. In this way, replication can be observed for a long time reliably and not affected 
by temporal detection limits. A challenge here lies in the initiation of replication, especially when entire 
replisomes need to be assembled. A suitable fork topology is therefore a critical requirement. 
Unfortunately, conventional templates offer poor control over the fork topology, thus affecting 
replication initiation. We presented a new and straightforward method that allowed to customize the 
rolling-circle DNA template (Chapter 4). Our replication experiments greatly benefitted from the adoption 
of this new DNA substrate because of a much higher replication efficiency. In particular, data throughput 
in single-molecule experiments was significantly boosted, allowing us to reliably characterise replication 
products (or their absence) in challenging assays (Chapters 5–7). 
 
Using these and other single-molecule techniques, we studied the dynamics at the replication 
fork in E. coli. In particular, we focussed on the replicative DnaB helicase, the polymerase Pol III 
holoenzyme, and the interactions between these complexes. Previous experiments assessed the stability 
of the DnaB–Pol III holoenzyme complex but under conditions of high dilution, in the absence of 
competing proteins in solution. A replisome from a different organism (bacteriophage T7), was shown 
before to replace its lagging-strand polymerase every few Okazaki fragments. In order to shed light on the 
dynamic behaviour of the polymerase holoenzyme in the E. coli replisome and its potential exchange 
during replication, we fluorescently labelled Pol III and observed it in our in vitro single-molecule 
fluorescent microscope (Chapter 5). As expected, under conditions of high dilution the replisome was very 
stable. However, in the presence of Pol III* in solution, we observed a fast turnover during DNA synthesis. 
Remarkably, no effect on the overall processivity was measured: at the end of the experiment, we 
obtained similar distributions of DNA product lengths. Finally, we showed that the characteristic exchange 
time T increased when the pool of solution Pol III* was reduced, thus bridging the conditions of Pol III* 
freely available in solution with the conditions of high dilution. The observation of Pol III* exchange was 
further corroborated in living cells by in vivo single-molecule measurements. We conclude that the E. coli 
replisome is an extraordinarily flexible machine, able to quickly adapt to the availability of components in 
the environment. 
 
Our observation of Pol III* turnover, however, presented inconsistencies with previous reports. 
Even though the monomeric –DnaB interaction was found to be very weak and to be limited to  domain 
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IVa, the clamp-loader complex (CLC) was expected to bind strongly to DnaB through the summed effect 
of multiple –DnaB contacts. Such a strong binding would oppose a model in which Pol III* exchanges 
quickly. Therefore, we further investigated the Pol III* exchange mechanism by characterizing the 
interaction between DnaB and the CLC as a whole (Chapter 6). Surprisingly, our biochemical assays 
showed that the strength of the interaction depended on the conformation of the DnaB N-terminal 
domain. In its constricted state, the interaction was very weak. However, in its dilated state, the 
interaction strength increased 500 fold. The same result was observed independently of the number of  
subunits in the CLC, arguing for only one  per CLC interacting with DnaB. Furthermore, our data argue 
that DnaB in solution is mainly in its constricted state. Surprisingly, CLC was not able to lock DnaB in its 
dilated state and the affinity of the helicase for the primase was unaffected, a situation that only an 
allosteric binding of two or three primases to the helicase can explain without violating basic 
thermodynamic principles. Our measurements and previous investigations of the helicase–primase 
interaction seem to support such conclusions. 
The weak contact in the CLC–DnaB interaction was consistent with the interaction being 
mediated by domain IVa in . The strong interaction, instead, was less obvious to identify. The 
requirement of the helicase to transition to its dilated state suggested that a cryptic CLC-binding pocket 
in DnaB becomes accessible only upon entering this state. Affinity and functional studies showed that 
there is indeed a cryptic -binding site in DnaB. In particular, we proved that residues in the  part of  
bind to this site and that there is no overlap with the residues in domain IVa that are involved in the first 
contact (Chapter 7). As a result, the addition of this second contact increased the overall strength of the 
interaction. 
 
The existence of a weak contact between CLC and DnaB seems to create the right conditions for 
Pol III* turnover. As we showed (Chapter 6), there is no obvious effect of the strength of the CLC–DnaB 
interaction on the synthesis of the leading strand, unless the sliding clamp is removed from the reaction. 
This latter condition is quite challenging for the replisome, with the stability of the polymerase on the 
primed template greatly compromised. Under this condition, DNA synthesis was stimulated only by the 
strong interaction of the polymerase with the helicase through  (Chapter 7). However, as revealed by 
single-molecule in vitro FRAP experiments (Chapter 6), the DnaB N-terminal domain conformation plays 
an important functional role in synthesis on the lagging strand during leading- and lagging-strand 
replication. By changing the primase concentration above and below the physiological range, we were 
able to modulate Pol III* exchange dynamics. In particular, by increasing DnaG concentration, Pol III* 
turnover was slowed down. This outcome can be rationalized by considering that changing the primase 
concentration shifts the dynamic equilibrium between the DnaB N-terminal domain conformations: more 
primase induces DnaB spending more time in its dilated state, thus resulting in a strong interaction with 
Pol III*. Conversely, at lower DnaG concentrations, Pol III* turnover was faster, suggested that also on 
DNA, acting within the replisome, DnaB appears to be mainly in its constricted state. At the same time, a 
further consequence became evident: the shift in the binding equilibrium at higher DnaG concentrations 
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results in a recruitment of several Pol III*s at the replication fork. Furthermore, consistently with previous 
measurements, we also observed that the apparent KM (functional KD) of the DnaB–DnaG interaction 
during replication is in the same range as the physiologically relevant concentration of DnaG and at least 
10-fold lower than the KD of the isolated DnaB–DnaG interaction. This discrepancy suggests the presence 
of further contacts of DnaG within the replisome, and it may act in preventing free DnaB from 
sequestering Pol III*s outside the context of the replication fork. 
 
 
Figure 8.1: A primase-induced conformational switch in DnaB and its effects on the CLC–
DnaB interaction 
Cartoon describing the consequence of the primase-induced conformational switch in DnaB 
on the CLC–DnaB interaction. When its N-terminal domain is in the constricted state, DnaB 
interacts weakly with the CLC. However, upon association with the primase, the DnaB N-
terminal collar transitions to the dilated state and the interaction with the CLC is 
strengthened by more than two orders of magnitude. 
 
The transition of DnaB to its dilated state upon DnaG binding highlights the key role of the 
primase in the balance between these two states (Figure 8.1), especially during replication when the 
affinity of the primase for the replisome becomes significantly stronger. Ultimately, by controlling the 
kinetics of CLC–DnaB interaction, the primase represents a molecular switch of sorts. Moreover, its 
peculiar allosteric binding with DnaB allows a prompt release of the Pol III*s, thus suggesting a role in the 
primer handover. The recruitment of multiple Pol III*s during priming ensures that the new primer can be 
rapidly taken over by a Pol III* for extension. Exchange does occur when a newly bound Pol III* successfully 
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competes out the original polymerase on the lagging strand in binding a new primer. The resulting model 
conveys a deliberately stochastic nature to the replisome but guarantees also robustness because this 
molecular switch provides access to several pathways that yield the same result: a newly synthesized 
primer is utilized and DNA is replicated.  
 
Our results are generally consistent with previous observations. In particular, taken together 
with the three-point switch model that describes how the clamp loader  subunit and SSB remove DnaG 
from the primer, they illustrate the handover of the primer from the primase to the polymerase, and 
naturally accounts for polymerase exchange. Our model also provides a mechanistic explanation for the 
recently observed lack of coordination between the leading- and the lagging-strand polymerases: the 
two core polymerases do not necessarily need to be part of the same Pol III*. Remarkably, there is also a 
certain degree of similarity with the phage T7 system, despite the different level of complexity of their 
respective replisomes. In both systems, the polymerase is recruited by the helicase–primase complex 
(the T7 helicase and primase are part of the same protein) for prompt primer handoff. Such conserved 
mechanisms in nature are remarkable and it is possible that other replication systems employ a similar 




8.2 Future perspectives 
 
Research is a never-ending process. Once an answer is found, more questions follow. Related to 
the topics discussed in this thesis, we still have many questions that we would like to address in the future. 
The most immediate would be a validation of our proposed model in living cells. If the picture of DnaB 
acting as a molecular switch modulated by DnaG turns out to be a physiologically relevant one, then an 
important question is what controls the number of  subunits per CLC and why should it be more than 
one. A recent investigation reported that leading- and lagging-strand replication is unaffected by the 
number of  subunits per CLC, as long as there is at least one (Q. Yuan et al., 2016). Our model already 
provides a mechanistic description of why this happens and therefore would suggest that there would be 
no need to regulate the number of  subunits, except guaranteeing the presence of at least one. Further 
support to the presence of CLCs with only one  subunit might come from the observations of four  
subcomplexes in a living cell when only three each of , , and  were detected (Reyes-Lamothe et al., 
2010). This line of reasoning, together with our evidences of its involvement in the interaction with DnaB, 
would add weight to the stream of research that considers γ more important in the economy of the cell 
than what its usual description as a truncated version of τ would otherwise suggest. For instance, it was 
proved that cells with γ in their clamp loader complexes are more fit in response to dsDNA breaks and 
damage induced by UV light (Dohrmann et al., 2016). Next few years might shed some light on this topic 




There are still unresolved questions regarding the exchange mechanism. For example, it is 
unclear if there is a mechanism that regulates the competition between free polymerases for the same 
primer and which conditions allow the recycling of the previous lagging-strand polymerase. A mechanistic 
explanation for exchange of the leading-strand polymerase is also still lacking. In particular, there is a need 
to understand how its exchange is regulated and if its timescale differs from the turnover of the lagging-
strand polymerase. It would also be interesting, even if less physiologically relevant, to address exchange 
in absence of DnaG (so considering only leading-strand synthesis). In this case, DnaB should be almost 
continuously in its constricted state. The main questions are if Pol III* exchange in leading-strand synthesis 
happens and how. The weak interaction of Pol III* with DnaB should favour turnover. On the other hand, 
without the transition to the strong mode, no further Pol III* would be easily recruited to the replication 
fork, thus leaving as the only option for turnover a direct exchange from solution. Also, the role and fate 
of 2 should be addressed. Every Pol III* can load or unload 2 via its CLC. However, is 2 recycled when a 
new polymerase associates? If not, what happens to it?  
 
The interaction between  and DnaB still leaves some questions from a structural point of view. 
We still do not know, for instance, which residues are involved in the interaction. The discovery that only 
one  per CLC binds with DnaB was a surprising one that raises a number of questions. Further studies 
should elucidate which structural or mechanistic aspects prevent multimeric binding. 
 
In terms of the general mechanism of replication in E. coli, the priming process remains quite 
obscure. Quite a number of mechanistic parts of the puzzle are known, but not enough to arrive at a full 
mechanistic description of the process. It is known that DnaB can bind up to three DnaG molecules and 
there are evidences for at least two being required for priming. Our studies have contributed here by 
bringing to the surface the allosteric nature of the interaction between DnaB and DnaG. A better 
characterization of this binding is, however, still lacking, especially in the context of the replisome, where 
additional contacts with DNA and SSB might play a role. In particular, to our knowledge, there has been 
so far no single-molecule visualization of the priming process. Such studies would help enormously in 
clarifying aspects such as how many primases are associated with DnaB during priming and for how long. 
The existence of priming and/or replication loops is also a debated topic that needs to be settled. There 
is evidence in other systems for their existence (Duderstadt et al., 2016; Manosas et al., 2009; Pandey et 
al., 2009), however priming loops are yet to be observed in the E. coli system.  
 
The replisome is a fascinating and marvellous machinery, for the role it plays in life and for the 
challenges its understanding presents. Despite all the breakthroughs, results and successes (and the last 
few years have been quite remarkable in this field), we have not yet revealed all its secrets and the system 
still does surprise us – sometimes by revealing something new, sometimes by broadening our perspective. 
So, keep an open mind and stay tuned for more exciting outcomes and discoveries! 
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